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Abstract
Filter-feeding bivalve molluscs bio-accumulate pathogens and are the principal vectors of human
seafood-related illness. Whilst the adoption of bacterial indicators for shellfish monitoring has
reduced the threat of bacterial infections associated with their consumption, enteric viral pathogens,
particularly Norovirus, continue to pose a significant threat to human health.
Approaches that may further help to reduce the incidence of human viral infections associated with
the consumption of bivalve molluscs include the adoption of viral indicators (bacteriophages),
direct pathogen detection and microbial source tracking (MST) in shellfish and their overlying
waters. Bacteriophages infecting the human-specific Bacteroides fragilis strain GB-124 have
recently been used successfully as a low-cost MST tool, and they may represent a potential
surrogate for the presence of human Norovirus in bivalve molluscan shellfisheries. However, little
is known about their presence in shellfish overlying waters and shellfish matrices, or how their
presence correlates with the presence of human Norovirus.
A two-year field-based research study was therefore undertaken to assess the occurrence of
bacterial (E. coli, faecal coliforms and intestinal enterococci) and viral indicators (somatic
coliphages, F-RNA and GB-124 phages) in mussel (Mytilus edulis) sample matrices (overlying
waters, flesh and intravalvular liquid and digestive gland) in a river estuary in Southeast England.
Furthermore, the occurrence of human Norovirus in mussel digestive gland was analysed using a
real-time quantitative PCR.
Based on the E. coli levels recorded in mussels, the site would be classified as a class ‘B’
harvesting area. There was a marked seasonality in the occurrence of all indicators and Norovirus.
Autumn and winter months accounted for the highest levels. Somatic coliphages were the most
abundant phage (and were always detected), followed by F-RNA and GB-124 phages, which were
undetected in 7.1% and 40% of samples respectively, mainly during the summer and spring
months. The mussel digestive gland was the most ‘sensitive’ matrix, recording the highest
percentage of positive samples for all indicators. All bacteriophages correlated better with the
occurrence of Norovirus in all mussel matrices than did E. coli. Somatic coliphages demonstrated
the highest Spearman’s correlation coefficients in mussel overlying waters (rho=0.859), and mussel
flesh and intravalvular liquid (rho=0.761), while F-RNA phages demonstrated the highest
coefficients in mussel digestive gland (rho=0.879). GB-124 phages were more consistently
detected during autumn and winter months, and demonstrated the highest correlation coefficient
with Norovirus (rho=0.840) in the mussel digestive gland matrix, when these seasons were
analysed separately. Importantly, the highest level of GB-124 phages recorded coincided with the
highest concentrations of Norovirus (even exceeding somatic coliphages concentrations),
indicating a strong human faecal contamination. Therefore, enumeration of bacteriophages may
offer a practical tool to indicate contamination of shellfish and their overlying waters by enteric
viral pathogens (either during routine monitoring or as part of a risk assessment of proposed
harvesting areas), potentially representing a highly valuable contribution to human health
protection.
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Chapter 1:
Introduction

1 Introduction
Although it includes molluscs, crustaceans and echinoderms, the term ‘shellfish’
commonly refers only to bivalve molluscs, such as oysters (Crassostrea virginica and
Ostrea edulis), mussels (Mytilus edulis and Mytilus galloprovincialis) and clams
(Mercenaria mercenaria). Illnesses associated with the consumption of shellfish bivalve
molluscs have been reported before medieval times and are generally related to the way in
which they are eaten (raw or lightly cooked), and how these organisms obtain their food,
i.e., by filter feeding. In this process, siphons and/or a ciliary activity in the animal’s body
generate a through-current that pumps water in the direction of the gills, where food
particles are captured and transferred to the digestive system. Food particles are mainly
zooplankton, phytoplankton and organic particulate matter, but bacteria, viruses and even
heavy metal particles may also be absorbed. Biotoxins produced by certain species of
phytoplankton, naturally occurring bacteria such as Vibrio species present in the marine
and estuarine environment, chemical contaminants and pathogenic bacteria and viruses,
originating from wastewater (of human and non-human origin) discharged to shellfish
growing waters are the main human health-related causes for concern associated with
shellfish consumption.
Table 1.1 Principal hazards to human health associated with the consumption of bivalve
shellfish
Class of
hazard

Agent

Contaminant

Salmonella spp., Shigella spp., Vibrio parahaemolyticus, Vibrio
vulnificus, Vibrio cholerae, Campylobacter spp., Listeria monocytogenes
Viruses
Norovirus, hepatitis A virus
Heavy metals: including mercury (Hg), cadmium (Cd), lead (Pb).
Chemicals Organics: dioxins, polychlorinated biphenyls (PCBs), polycyclic
aromatic hydrocarbons (PAHs), pesticides
Intoxication
These include those causing: paralytic shellfish poisoning (PSP),
Biotoxins diarrhoeic shellfish poisoning (DSP), amnesic shellfish poisoning (ASP),
neurotoxic shellfish poisoning (NSP)
(Adapted from Lee et al., 2008)
Infections

Bacteria

Historically, most shellfish-associated illnesses have been linked to biotoxins produced by
microalgae, and there is a popular belief in many parts of Europe that shellfish should only
be eaten when there is an ‘R’ in the month, i.e., from September to April (Vale and
Sampayo, 2003). Although the reasoning behind this is disputed, it is commonly thought to
be related to the fact that harmful algal blooms (HAB) occur mainly during the warmer,
sunnier months (Fleming et al., 2006). However, a rapidly rising world population and
rapid urbanization, are leading to ever increasing discharges of wastewater of human origin
and faecal material of animal origin into shellfish waters. These discharges, whether
2

treated or untreated, are considered to be the main cause of viral contamination of
shellfish. They generally have their greatest impact during the wetter, colder months of the
winter (i.e., those months that contain the letter ‘R’) and also coincide with the majority of
shellfish viral outbreaks associated with shellfish consumption (Le Guyader et al., 2000;
Miossec et al., 2000; Lowther et al., 2008; Iwamoto et al., 2010). The research described
in this study focuses only on the threat associated with wastewater contamination of
shellfish waters. For the purposes of this dissertation, all other causes of shellfish
contamination are considered beyond the scope of the research.
During the last century, advances in wastewater treatment, improvements to shellfish
safety regulations, implementation of methods for shellfish purification (depuration and
relaying), and the adoption of bacterial indicators for the monitoring of shellfish and
shellfish waters, all served to decrease the incidence of illnesses associated with faecal
contamination, particularly those caused by pathogenic bacteria (e.g., typhoid fever).
However, a failure of bacterial indicators to accurately identify the potential risk from viral
pathogens, which tend to be both more resistant to wastewater treatment processes and
more persistent during purification treatments than bacteria, explains why these organisms
continue to pose a major threat to the health of shellfish consumers. To address this
problem, several measures have been proposed, including direct viral pathogen detection
using molecular tools, adoption of viral indicators and implementation of microbial source
tracking (MST) assessments in waters used for shellfish harvesting.
In recent years, advances in molecular techniques, particularly polymerase chain reaction
(PCR), have made the detection of specific pathogens in shellfish matrices more feasible.
However, these techniques are still expensive to perform, are labour intensive and are not
as yet fully standardised. Moreover, they detect the presence of pathogen genomic material
but cannot demonstrate viral activity or infectivity. The adoption of viral indicators for
shellfish and their overlying waters has been proposed by various authors (Vaughn and
Metcalf, 1975; Chung et al., 1998; Dore et al., 2000; Formiga-Cruz et al., 2003; MuniainMujika et al., 2003), with the most promising candidates being certain groups of
bacteriophages (viruses which infect bacteria).
Despite the possibility of shellfish becoming contaminated by pathogens associated with
animal faeces, those pathogens originating from humans remain the main cause of concern
(Potasman et al., 2002). This is because organisms of human origin have evolved to more
readily infect human hosts. Microbial source tracking (MST) is a relatively new area of
research that focuses on determining the source of faecal pollution, as well as
3

distinguishing human from non-human sources. MST has been applied to surface and
coastal waters around the world, including shellfish waters (Love et al., 2008; Roslev et
al., 2009; Gourmelon et al., 2010; Cornelisen et al., 2011).
This PhD thesis addresses aspects of faecal pollution in shellfish and their overlying
waters, with an emphasis on the use of bacteriophages as novel viral indicators of faecal
contamination and a tool for microbial source tracking.
1.1 Faecal contamination of shellfish and their overlying waters
The most commonly used definition of faecal pollution sources categorises them as being
either point sources, or non-point sources (also known as diffuse pollution). However,
Jones (2009) suggests that adding other criteria, such as source species (human vs. nonhuman) to the categorisation of faecal sources would be very useful for directing
appropriate management actions in shellfish waters.
Molluscan shellfish, because of their filter-feeding activities, thrive in waters that contain
high loads of organic matter. The most important commercial species (oysters, mussels and
clams) are often cultured in shallow estuarine and coastal waters, as these waters provide
the best conditions for their rapid growth. In addition, recreational shellfish harvesting
(picking) occurs in the same areas. Because of increased urbanisation and livestock
farming, these shellfish growing areas are increasingly influenced by discharges of faecal
material from human and/or non-human sources (both point and non-point).
1.1.1 Point sources of faecal contamination
These sources are generally easier to identify and consist of: discharges of treated, and
partially treated wastewater; combined sewer overflows (CSO); livestock slaughterhouses
and effluent processing; overflow from manure lagoons; and discharges to short and longsea outfalls (Lee et al., 2010).
1.1.2 Non-point sources of faecal contamination
These are more difficult to quantify because of the diffuse mechanism of their delivery.
They include run-off from pasture or cropland, untreated wastewater, leakage from failing
septic systems, leachate from landfill sites and faecal material released from disturbed
sediments (Lee et al., 2010). There are also intermittent sources of faecal material, which
include waste from recreational and fishing boats, bilge water from large ships, seasonal
tourist influxes to coastal areas, and livestock or wildlife migration (Lee et al., 2008).
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1.2 Pathogenic microorganisms associated with faecal contamination of shellfish
1.2.1 Bacteria
Bacteria found in the gastrointestinal tract of a wide range of animals, including humans,
livestock and poultry, rodents, and birds, are termed faecal bacteria. Certain groups of
bacteria have been used as indicators of faecal contamination, with faecal coliforms,
intestinal enterococci and Escherichia coli being the most commonly employed.
Furthermore, some genera of enteric bacteria may include pathogenic species and strains
commonly associated with water-borne and food-borne (including shellfish) diseases.
Bacterial agents involved in shellfish-borne diseases include Klebsiella spp., Salmonella
spp., Shigella spp., Campylobacter spp., Plesiomonas spp., Aeromonas spp., and E. coli
(Rippey, 1994; Lee et al., 2008; Jones, 2009), all of which are inactivated to a greater or
lesser extent by chlorination during tertiary wastewater treatment (Johnson et al., 1997;
Rice et al., 1999; Tree et al., 2003).
Historically, typhoid fever has been the main faecal bacterial illness associated with
molluscan shellfish consumption (Clem, 1994). Caused by Salmonella typhi, outbreaks of
this disease have been infrequently reported since the 1950s, mainly as a result of advances
in wastewater treatment and improvements to shellfish sanitary regulations in Europe and
in the USA (Rippey, 1994). However, pathogenic Salmonella are still detected in shellfish,
especially in developing countries lacking sewage treatment and having relatively poor
shellfish sanitary regulations (Arumugaswamy et al., 1995; Rampersad et al., 1999; Ristori
et al., 2007). Moreover, in a study into the prevalence of Salmonella spp. in oysters in the
United States, Brands et al. (2005) found that 7.4% of all oyster samples were
contaminated with this pathogen. Moreover, outbreaks of salmonellosis linked to
consumption of raw and cooked shellfish, are still reported in Italy and the UK (Stroffolini
et al., 1992; Greenwood et al., 1998).
1.2.2 Viruses
Human pathogenic viruses are the leading cause of shellfish-borne disease in humans and
they may persist for relatively extended periods (4 to 37 days) in estuarine and marine
waters (Bosch, 1995; Callahan et al., 1995; Gantzer et al., 1998; Rzezutka and Cook,
2004) and in shellfish (Lees, 2000; Formiga-Cruz et al., 2002; Loisy et al., 2005).
Additionally, tertiary wastewater disinfection processes, such as chlorination, do not
completely remove or inactivate viruses from wastewater effluents (Tree et al., 2003).
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Levels of pathogenic viruses in shellfish waters vary seasonally, with the winter months
corresponding to the highest levels (Burkhardt and Calci, 2000; Dore et al., 2000; Le
Guyader et al., 2000).
The common taxa of human viruses associated with shellfish include the rotaviruses,
astroviruses, enteroviruses, adenoviruses, hepatitis viruses, and the caliciviruses.
‘Norwalk-like viruses’ or Norovirus are a subset of the caliciviruses and, alongside
hepatitis A viruses, are responsible for most outbreaks of viral infection associated with
shellfish consumption (Lees, 2000).
In a meta-analysis of data from Norovirus research in different parts of the world, Mounts
et al. (2000) identified cold weather seasonality of gastroenteritis associated with these
viruses with most outbreaks occurring during the winter, and furthermore, pointed out that
in Japan these outbreaks were correlated with oyster consumption during the winter. These
findings reflect those of Skraber et al. (2004) who showed that in French river waters,
Norovirus was more likely to be detected during the winter season.
1.2.3 Protozoa
Protozoan parasites, such as Giardia spp., Toxoplasma gondii, and Cryptosporidium spp.,
are important human and animal pathogens that are involved in waterborne disease
outbreaks throughout the world (Marshall et al., 1997; Robertson, 2007). Although they
have been detected in shellfish by various authors (Gómez-Couso et al., 2005; Graczyk et
al., 2005; MacRae et al., 2005; Giangaspero et al., 2009), protozoan parasites have not
been implicated in any major outbreak related to shellfish consumption (Potasman et al.,
2002). However, in a review of the potential for marine shellfish to act as transmission
vehicles for protozoan infection in humans, Robertson (2007) suggested that the shellfish
might inactivate the infectivity of Giardia cysts, but that Toxoplasma and Cryptosporidium
could remain infectious for long periods.
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Table 1.2 Some faecal borne microbial agents implicated in shellfish-associated illness
Incubation
period

Duration of
pathology

Bacteria
Salmonella typhi
Salmonella paratyphi

1-3 weeks
1-10 days

Up to 4 weeks
2-3 weeks

Other Salmonella

6-72 hours

4-7 days

Shigella spp.
Enterotoxigenic
E. coli
Campylobacter jejuni
Viruses
Noroviruses

24-72 hours

5-7 days

Human faeces / sewage
Human faeces / sewage
Human faeces / sewage or
animal / bird faeces / slurry
Human faeces / sewage

1-3 days

3-7 days

Animal faeces / slurry

2-7 days

2-10 days

Animal / bird faeces / slurry

1-3 days

Human faeces / sewage

Hepatitis A virus

10-50 days

Enteroviruses
Adenoviruses
Astrovirus
Protozoa
Cryptosporidium spp.
Giardia lamblia
Toxoplasma gondii

10-70 hours
10-70 hours
1-2 days

20-72 hours
2 weeks to 3
months
2-9 days
2-9 days
48-72 hours

2-28 days
1-4 weeks
6-10 days

Days to weeks
Weeks
Months

Animal / human faeces
Animal / human faeces
Animal (feline) faeces

Microorganism

Principal source of
contamination of shellfish

Human faeces / sewage
Human faeces / sewage
Human faeces / sewage
Human faeces / sewage

(Sources: Butt et al., 2004; Brands et al., 2005; Oliveira et al., 2011)

1.3 Shellfish-related disease burden
The majority of reported outbreaks of infectious disease resulting from the consumption of
molluscan bivalves derive from the United States, although there are also reports from
Europe, Asia and Australia. According to Butt et al. (2004) and Mead et al. (1999), food
borne diseases cause an estimated 76 million illnesses in the US each year (300,000
hospitalisations and 5,000 deaths), and seafood is associated with 10–19% of these
illnesses. This percentage can increase to 70% in countries where seafood is eaten raw, or
with greater seafood consumption, such as in Japan (Lees, 2000; Butt et al., 2004).
Furthermore, in an epidemiological study in the United States, Iwamoto et al. (2010) found
that molluscan bivalves were implicated in 45.2% of seafood-associated outbreaks of
infection, whereas in another study in New York, shellfish accounted for 64% of the
seafood-associated infectious outbreaks in which the aetiological agent was identified, with
Norwalk virus accounting for 42% of these (Wallace et al., 1999).
Rippey (1994) reviewed shellfish-associated disease outbreaks that occurred in the United
States between 1905 and 1990 that were related to sewage-associated pathogens, and found
that 21.5% had a viral aetiology, 3.8% had a bacterial aetiology and 75.7% were of
unknown aetiology (note: not including Salmonella typhi cases). Potasman et al. (2002)
summarised the epidemiological characteristics of 46 outbreaks of infection that occurred
throughout the world (1969 to 2000) that were associated with the ingestion of bivalves;
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and found that the majority of outbreaks had a viral aetiology, with Norwalk-like virus
(Norovirus) and hepatitis A (HAV) being the principal agents. With improvements to
electron microscopy and molecular techniques (e.g., PCR), used for detecting and
classifying etiological agents, it is becoming more evident that Norovirus, followed by
hepatitis A, are the main agents involved in shellfish-associated disease outbreaks
(Iwamoto et al., 2010).
Hepatitis A: this is a non-enveloped, spherical virus with a diameter of approximately 30
nm, containing a single-stranded linear positive RNA genome of 7.478 kb in size. It
belongs to the genus Hepatovirus within the family Picornaviridae. Its natural hosts are
human and vertebrates, and the main species are human hepatitis A virus (HHAV) and
simian hepatitis A virus (SHAV). It is globally distributed, and is transmitted via the
faecal-oral route or via blood, with the liver being the primary site of infection (Strauss and
Strauss, 2007; Anon., 2012b). Hepatitis A is the most serious viral infection associated
with shellfish consumption and is an illness linked with fever, malaise, jaundice, anorexia
and nausea. It can cause debilitating, chronic infections and even death, and its symptoms
may last from several weeks to several months.
Norovirus: formerly referred to as ‘Norwalk-like’ viruses, these belong to the genus
Norovirus, in the Caliciviridae family, and are non-enveloped, have a capsid of about 3840 nm in diameter and contain a single stranded linear positive RNA genome of 7.6 kb in
size. Norovirus is globally distributed, has humans and other mammals as its hosts, is
transmitted via the faecal-oral route from contaminated water and food, and is associated
with gastroenteritis (Strauss and Strauss, 2007; Anon., 2012c). Zheng et al. (2006),
proposed a standard method to classify Norovirus strains to the genus level, suggesting the
division of the genus according to the amino acid sequences of the major capsid protein,
into five genogroups (GI, GII, GIII, GIV, and GV), which can further be divided into
different genetic clusters or genotypes. Genogroup I includes eight genotypes (GI.1–GI.8),
genogroup II has 17 (GII.1–GII.17) – extended to 19 by Wang et al. (2007), genogroup III
has two genotypes (GIII.1 and GIII.2), whilst genogroups IV and V each have one
genotype. Genogroups I, II and IV infect humans, whereas genogroup III infects bovine
species, and genogroup V infects murine species. Genogroup II is the most prevalent in
humans, although two of its 19 genotypes infect porcine species (Wang et al., 2007;
Scipioni et al., 2008). Norovirus infections are characterised by a relatively ‘mild’
gastroenteritis, with vomiting, diarrhoea, nausea and abdominal cramps. It has a typical
onset time of 24 to 48 hours, lasts approximately two days and there is rarely a need to see
a medical practitioner or to be hospitalised (Rippey, 1994; Iwamoto et al., 2010). The
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number of viruses required to cause infection is very low, and is possibly fewer than 100
(Berg et al., 2000).
It is believed that only a small proportion of the shellfish-vector diseases are reported in
the medical literature, and one of the main reasons for this under-reporting seems to be the
fact that Norovirus gastroenteritis is relatively mild in its effects, rarely requiring medical
intervention (Rippey, 1994; Wallace et al., 1999).
Infectious diseases related to the consumption of bivalve molluscs were first reported in
the scientific literature at the end of the 19th century (Thresh and Walter, 1899). In recent
years, while outbreaks resulting from bacterial infections have become less common,
various outbreaks of hepatitis A and Norovirus infection associated with the consumption
of molluscan bivalve shellfish have been reported in various parts of the world. A major
outbreak was associated with the consumption of clams in Shanghai (CN) in 1988, in
which 292,301 cases of hepatitis A were registered (Halliday et al., 1991); but caliciviruses
(notably Norovirus) have been the cause of the greatest number of reported outbreaks
(Potasman et al., 2002; Iwamoto et al., 2010). In the USA, between 1991 and 1998, 78%
of 1,266 cases of shellfish-related illness from Norwalk-like viruses were associated with
the consumption of oysters harvested between the months of November and January
(Burkhardt and Calci, 2000). Whereas, in the UK between 1992 and 1999, infectious
outbreaks linked to molluscs corresponded to 36% of seafood-related infectious outbreaks,
and were associated with the consumption of oysters contaminated with viral pathogens,
particularly during the month of February (Gillespie et al., 2001). In a review by Baert et
al. (2009) it was estimated that, between 2000 and 2007, bivalve molluscs accounted for
17.5% of internationally reported food borne outbreaks caused by Norovirus. Westrell et
al. (2010) linked the consumption of oysters to various Norovirus outbreaks that occurred
in different countries of Europe (Norway, France, the United Kingdom, Sweden and
Denmark). The majority of shellfish-related disease outbreaks are associated with the
consumption of oysters, probably because they are customarily eaten uncooked, but
outbreaks can occur as a result of the consumption of other bivalve molluscs, such as
mussels, cockles and clams (Morse et al., 1986; Stroffolini et al., 1990; Furuta et al.,
2003). Furthermore, outbreaks can also occur following the consumption of cooked oysters
(McDonnell et al., 1997) or other cooked bivalve molluscs (Rutala et al., 1982; Brett et al.,
1998; Greenwood et al., 1998). Conventional and molecular techniques have been applied
to identify and confirm the causative agents of these outbreaks. Information on some
recent outbreaks is summarised in Table 1.3, based on data presented in the scientific
literature.
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Table 1.3 Infectious disease outbreaks associated with bivalve shellfish consumption
Agent
Plesiomona
shigelloides
Listeria
monocytogenes
Salmonella
enteriditis
Hepatitis A +
Unknown Virus a

N° of patients

Location

Type of bivalve

Reference

Rutala et al.
(1982)
Brett et al.
4
Auckland (NZ)
Smoked mussels
(1998)
Greenwood et al.
8
UK
Cooked Cockles
(1998)
4 + 33
Dismukes et al.
New Jersey (US)
Clams
(37)
(1969)
Stroffolini et al.
Hepatitis A
47
Italy
Mussels
(1990)
Halliday et al.
Hepatitis A
292,301
Shanghai (CN)
Clams
(1991)
Desenclos et al.
Hepatitis A
61
Florida (US)
Oysters
(1991)
New South
Conaty et al.
Hepatitis A
467
Oysters
Wales (AUS)
(2000)
Bialek et al.
Hepatitis A
53
Alabama (US)
Oysters
(2007)
Cotes d’armor
Guillois et al.
Hepatitis A
111
Oysters
(FR)
(2009)
Gunn et al.
b
NLVs
5
Florida (US)
Oysters
(1982)
Clams and
Morse et al.
c
NLVs
1017
New York (US)
Oysters
(1986)
Kohn et al.
NLVs
70
Louisiana (US)
Oysters
(1995)
McDonnell et al.
NLVs
129
Florida (US)
Cooked Oysters
(1997)
Various states
Berg et al.
NLVs
418
Oysters
(US)
(2000)
Shieh et al.
NLVs
171
California (US)
Oysters
(2000)
Norovirus +
22 + 4
Hamamatsu
Furuta et al.
Clams
Hepatitis A
(26)
(JPN)
(2003)
Ng et al.
Norovirus
305
Singapore
Oysters
(2005)
Gallimore et al.
Norovirus
15
Lancashire (UK)
Oysters
(2005)
Le Guyader et
Norovirus
329
France/Italy
Oysters
al. (2006)
New South
Huppatz et al.
Norovirus
16
Oysters
Wales (AUS)
(2008)
Le
Guyader
et
Norovirus d
205
France
Oysters
al. (2008)
Nenomen et al.
Norovirus
30
Strömstad (SE)
Oysters
(2009)
Baker et al.
Norovirus
11
UK
Oysters
(2011)
(a) Symptoms from infections of the unknown virus were similar to those of Norovirus.
(b) Norwalk-like virus (Norovirus).
(c) 1,017 patients in 103 outbreaks.
(d) Also including Aichi virus, Astrovirus, Enterovirus and Rotavirus.
54

US/Canada
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Roasted oysters

1.4 Current EU and US legislation relating to the quality of shellfish
At the beginning of the 20th century, outbreaks of typhoid fever associated with shellfish
consumption led the US, the UK and other European countries to adopt public health
regulations to control the harvesting (or to stipulate treatment) of shellfish from areas
affected by sewage pollution.
1.4.1 EU legislation relating to the quality of shellfisheries
During the early 1990s the previous public health shellfish regulations of individual
European Member States were superseded by EU Council Directive 91/492/EEC, which
stipulated health-related conditions for the production and marketing of live bivalve
molluscs. This Directive was later replaced by EU regulation 853/2004, which set out
specific rules on the hygiene control of foodstuffs, and by EU regulation 854/2004, which
laid down rules for the organisation of official controls on products of animal origin
intended for human consumption.
The Directives and regulations mentioned above were mainly concerned with public health
controls, as well as with promoting the shellfish trade, and set classification criteria, based
on microbiological status, for shellfish harvesting areas. Other regulations related to this
classification are: 2073/2005 on microbiological criteria for foodstuffs; 1021/2008 which
amends 854/2004; and regulation 2076/2005 which deals with live bivalve molluscs,
certain fisheries products and staff assisting with official controls in slaughterhouses.
Before the 1991 Shellfish Hygiene Directive, there had been a previous Directive on the
Quality of Shellfish Growing Waters (79/923/EEC), which was later updated in the
codified Shellfish Waters Directive 2006/113/EC. These Directives were more concerned
with protecting shellfish populations and shellfish waters from harmful pollutant
discharges, and most of their requirements relate to physical and chemical parameters that
may negatively affect the life cycle of shellfish populations. However, Directive
(2006/113/EC) set a microbiological guideline of 300 faecal coliforms (FC) per 100g of
shellfish flesh and intravalvular liquid in at least four samples per year. This guideline is
close to, but less stringent than, the class ‘A’ requirements laid down by the Shellfish
Hygiene Directive (see section 1.5.2), which stipulates that shellfish flesh and intravalvular
liquid should have less than 230 E. coli/100g based on twelve samples per year. However,
from 22nd December 2013 the Water Framework Directive (WFD) (EC, 2000) will
supersede the Shellfish Waters Directive. According to Annex IV of the WFD, shellfish
waters will from this date be classified as “protected areas” and as “areas designated for
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the protection of economically significant aquatic species”. Though these waters will have
to demonstrate a ‘good ecological status’, a great cause of concern is that microbiological
measures are not included on the list (WFD annex V) of quality standards that will be used
to determine this status. Furthermore, removing controls on microbiological pollution of
shellfish waters might lead to a loss of protection of these waters.
1.4.1.1 US legislation relating to the quality of shellfisheries
In the United States, shellfish safety is regulated by the FDA (Food and Drug
Administration) and regulations are derived mostly from the Federal Food, Drug and
Cosmetic Act (US FDA, 1989). Within the FDA there is the National Shellfish Sanitation
Program (NSSP), which is a federal programme that works cooperatively with the states,
the Interstate Shellfish Sanitation Conference, and industry to assure the safety of
molluscan shellfish. The FDA continually reviews state shellfish control programmes for
their effectiveness. Most of the issues regarding shellfish safety, including microbiological
standards and the classification criteria of their harvesting waters, are in the NSSP Guide
for the Control of Molluscan Shellfish (US FDA, 2008). Furthermore, the Federal Water
Pollution Act requires that water quality should be maintained, with the intention of
protecting and propagating shellfish populations, and the USA Environmental Protection
Agency (USEPA) undertakes this task. This protection results in standards for wastewater
discharges to shellfish waters, as well as measures for diffuse pollution affecting these
same waters.
1.5 Classification criteria of shellfish harvest areas
Classification of shellfish harvest areas is undertaken to identify likely levels of pathogen
pollution affecting these locations, and therefore to determine, if needed, what levels of
treatment are required for these shellfish before they can be placed on the market. Both the
US and the EU use bacterial faecal indicators to assess the microbiological quality of
shellfish harvest areas. These, alongside obligatory sanitary surveys, are the foundation of
their classification criteria.
1.5.1 US classification of shellfish harvesting areas
In the US, the National Shellfish Sanitation Program (NSSP) is responsible for monitoring
and classifying shellfish production areas (US FDA, 2008). The faecal indicator
parameters prescribed under the NSSP are total coliforms and faecal coliforms. Sanitary
surveys incorporating data on bacteriological water quality are also used, and include
meteorological conditions, and hydrodynamic and geographical characteristics of the
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harvest area. The general principles of the USA NSSP classification are summarised below
in Table 1.4.
Table 1.4 US criteria for the classification of shellfish harvesting areas
Classification

Total coliforms per 100ml
water
Geometric
90%
mean
compliance
≤70

Approved areas

≤700

Restricted areas
Prohibited
areas

Faecal coliforms per 100ml
water
Geometric
90%
mean
compliance

≤230

<14

≤2300

Treatment
required

<43

≤88

≤260

No sanitary survey or the conditions required for approved or
restricted areas were not met

None
Purification
or relaying in
an approved
area
Harvesting
not permitted

(Source: NSSP, 2007)

1.5.2 EU classification of shellfish harvesting areas
In the EU, the microbiological classification of shellfish harvesting areas is carried out in
accordance with Regulation (EC) No 854/2004, and is based on Escherichia coli
concentrations in the shellfish flesh and their intravalvular fluid. Sanitary surveys include:
inventories of potential pollution sources (animal and human) likely to affect the
harvesting area; seasonal organic pollution loads from human and animal sources with
respect to variations in rainfall; assessments of wastewater treatment efficiency;
characteristics of pollutant circulation resulting from current patterns; bathymetry; and
measurements of tidal influences in the harvest area. The general principles of the EU
classification are summarised below in Table 1.5.
Table 1.5 EU criteria for the classification of shellfish harvesting areas
Post-harvest treatment
Class
Microbiological standard
required

A

Live bivalve molluscs from these areas must not exceed
230 MPNa E. coli per 100g of flesh and intravalvular
liquid.

None

B

Live bivalve molluscs from these areas must not exceed, in
90% of the samples, 4600 E. coli per 100g of flesh and
intravalvular liquid. In the remaining 10% of samples, live
bivalve molluscs must not exceed 46000 E. coli per 100g
of flesh and intravalvular liquid.

Purification, relaying, or
cooking by an approved
method

C

Live bivalve molluscs from these areas must not exceed
46000 MPN E. coli per 100g of flesh and intravalvular
liquid.

Purification, relaying for
longer periods, or cooking by
an approved method

(Sources: EU regulations 853/2004; 854/2004; 2073/2005; and 1021/2008)
(a) MPN= Most Probable Number
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1.6 Detection and enumeration of faecal indicator organisms from shellfish matrices
Both EU and USA legislation refer to specific bacterial groups as indicators of faecal
pollution so as to establish the microbial quality of shellfish matrices. The principal
difference between the two approaches is that USA legislation relies on the analysis of
total and faecal coliforms in the shellfish harvest waters (NSSP), whereas EU legislation is
based on the detection of Escherichia coli in the shellfish flesh and intravalvular liquid
(91/492/EEC). However, following a statistical study carried out on E. coli results from
paired shellfish flesh and shellfish overlying waters samples from various sites in various
countries, a European work group concluded that US and EU requirements for ‘approved’
and class ‘A’ areas, and ‘restricted’ and class ‘B’ areas, respectively, may be considered to
be equivalent (EC, 1996). Furthermore, in the EU a most probable number (MPN) method
is employed (ISO/TS16649-3, 2005) whilst in the USA, various MPN methods and a
membrane filtration (m-TEC) method can be used.
The complexity and relatively long period required to obtain results (1 to 3 days) have led
scientists (Hackney et al., 1979; Grabow et al., 1991; Dupont et al., 1996) to search for
more simple and rapid methods upon which to base the classification of shellfish
harvesting areas. However, with the exception of some minor amendments to the MPN
method for shellfish tissues in the EU, the methods have remained largely unchanged.
Interestingly, in France, conductivity assays (impedance) are currently being used as a
more rapid alternative to the enumeration of traditional faecal indicators (Dupont et al.,
1996).
1.6.1 EU Most Probable Number (MPN) method
According to EU Directive 91/492/EEC, the standard method for detecting and
enumerating Escherichia coli in shellfish matrices in Europe is the five tubes, three
dilutions, most probable number (MPN) method. This is based on the probability of
finding bacterial growth after a series of successive dilutions of the shellfish homogenate,
suspended within a liquid medium. This method was adopted in 1992, and involves the
inoculation of tubes containing minerals modified glutamate broth (MMGB) with dilutions
from shellfish homogenate. The tubes are then incubated at 37°C for 48 hours and those
showing evidence of acid and gas production are examined for the presence of E. coli by
sub-culturing in brilliant green bile broth (BGBB) and tryptone water. These media are
then incubated at 44°C for 24 hours and examined for signs of gas and indole production,
respectively. Positive results for both denote the presence of E. coli (ISO 7251, 1993). In
1998, a collaborative trial conducted by five UK-based research centres (Donovan et al.,
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1998), suggested some amendments to the existing procedure, because this method was
labour intensive, required a substantial quantity of glassware and media, and took three
days to produce results. The new amended methodology omitted the gas formation stage,
eliminating the need for Durham tubes to detect gas production, thereby shortening the
process by 24 hours. In addition, a chromogenic agar capable of detecting E. coli was used
to replace the previous confirmatory tests. The agar evaluated was the Bromo Chloro Indol
Glucuronide (BCIG) agar, which contained 5-bromo-4-chloro-3-indolyl-ß-glucuronide
(also referred to as X-Gluc or TBX agar). Statistically these two modifications gave
equivalent results to the standard method, with the advantage that they were less complex,
more rapid and less dependent on the use of glassware and media. This amended technique
has been incorporated into the EU reference method for enumeration of E. coli in shellfish
(ISO/TS16649-3: 2005), which is the basis of the UK standard approach (HPA, 2004).
1.6.2 US Membrane Filtration (MF) and Most Probable Number (MPN) methods
As mentioned previously, shellfish harvesting areas in the US are classified according to
the microbiological quality of their waters, and faecal and total coliforms are used as
indicators. They are determined by multiple–tube fermentation (MPN) tests (APHA,
1985), or by a membrane filtration method (APHA, 1992). However, when assessing the
efficiency of shellfish purification techniques and the quality of stored, marketed and
imported shellfish, it is the shellfish meat that is tested, following MPN and Standard Plate
Count techniques (APHA, 1970).
The media used in the MPN method are the same for both water and shellfish flesh
analyses, lactose or lauryl sulphate tryptose broth for the presumptive test, followed by EC
broth and brilliant green bile broth (BGBB). The total analysis time is 72 hours for faecal
coliforms and 96 hours for total coliforms (Kator and Rhodes, 1993). The membrane
filtration method for the overlying water uses a modified membrane-thermotolerant
Escherichia coli agar (m-TEC; Difco 214884 or 214880) and takes approximately 22 to 24
hours.
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Table 1.6 US shellfish microbiological methods
Application
Growing area
survey
&
classification
Controlled
relaying

Sample
type

Seawater

Total
coliforms

Faecal coliforms

MPN

MPN

Membrane
filtration
(mTEC)







Standard
plate count




Seawater

Shellfish


Seawater
Wet storage

Shellfish


UV effluent
Controlled
purification

Shellfish

Shell stock
Market
shellfish

Shucked
(Source: NSSP, 2009 Section IV Chapter 10 Approved National Shellfish Sanitation Tests)




1.7 Rationale for this study
As mentioned previously, bacterial indicators (e.g., E.coli and faecal coliforms) which are
traditionally used to assess health risks associated with the consumption of bivalve
molluscs inadequately indicate the potential risk to human health from human enteric
viruses, such as adenovirus and Norovirus. Bacteriophages (or ‘phages’) are viruses that
infect the prokaryote organisms Bacteria and Archaea (Weinbauer, 2004). Further, it has
been suggested that these microorganisms may offer a better indication of health risk from
enteric viruses in shellfish harvesting areas impacted by faecal contamination.
Until recently, correlations between levels of faecal indicators and enteric viral pathogens
of health significance in shellfish (e.g., Norovirus) were limited by the lack of quantitative
methods capable of assessing the level of such pathogens. Whilst methods such as realtime quantitative polymerase chain reaction (RT-PCR) now allow enumeration of certain
viral pathogens (e.g., Norovirus) in shellfish (Lees and Cen Wg, 2010), such molecular
methods do not provide information on the infectivity of the pathogen and consequently
the level of risk to those consuming the shellfish (Girones et al., 2010). Therefore
bacteriophages might not only offer a better indication of the likely presence and levels of
human enteric viruses in shellfisheries, but may also provide more information as to the
infectious state, and hence the potential level of risk to human health.
The detection and enumeration of bacteriophages (phages) infecting Bacteroides fragilis
strain GB-124 by phage lysis has shown promise, both for identifying faecal contamination
and for distinguishing human from non-human faecal sources in impacted surface waters
(Ebdon et al., 2007, 2012). Furthermore, a US Environmental Protection Agency expert
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scientific report on recreational water quality criteria has advised that the use of these
phages, along with coliphages, E. coli and enterococci when conducting health and
epidemiological studies should be made a priority so as to estimate the risk associated with
a range of pathogens, including Norovirus, adenoviruses, Enterovirus and polyoma viruses
(Ashbolt et al., 2007).
The presence and suitability of GB-124 phages as microbiological indicators of risk in
shellfish and their overlying waters has not as yet been systematically assessed. Therefore,
the study described here set out to investigate the uptake, persistence and release of GB124 phages within common mussels (Mytilus edulis) and their overlying waters, and to
determine whether these phages correlate with the presence of the human-specific enteric
viral pathogen Norovirus. The research incorporated a blend of quantitative environmental
monitoring and novel experimental exploration designed to meet the aim and objectives of
the study.
In order to determine the suitability of bacteriophages, especially GB-124 phages, as
indicators of human pathogenic viruses in shellfisheries, a piece of intensive field-based
research was undertaken in a UK river estuary over a period of approximately 26 months
(November 2009 to February 2012). This was complemented by a series of laboratorybased in vitro research experiments.
During the monitoring campaign, the occurrence of traditional indicators (E. coli, faecal
coliforms and intestinal enterococci) and novel indicators of faecal pollution (somatic
coliphages, F-RNA bacteriophages and phages infecting B. fragilis strain GB-124) in
various mussel (Mytilus edulis) matrices and their overlying waters was cross-correlated
with those of the principal enteric viral pathogen associated with shellfish infectious
outbreaks (Norovirus), as well as with meteorological, hydrographical and physicochemical data.
Laboratory-based experimental research involved the adoption and modification of
standard methods to optimise the detection of faecal indicators in mussel sample matrices,
as well as controlled laboratory-based aquarium experiments designed to assess the ability
of mussels to bioaccumulate bacteriophages capable of infecting B. fragilis strain GB-124.
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1.8 Aims and objectives of the research project
1.8.1 Aim
This study aimed to assess the feasibility of using bacteriophages, in particular those
capable of infecting B. fragilis strain GB-124, to indicate the potential health risks from
human enteric viruses associated with the contamination of shellfish and their overlying
waters. It was envisaged that this study would significantly improve understanding of the
behaviour of, and relationships between, faecal indicators (bacteria and bacteriophages)
and human Norovirus in shellfish matrices.
1.8.2 Research question
Are bacteriophages a suitable indicator of the levels of human enteric viruses in
shellfish and their ambient waters?

1.8.3 Main objectives
(1) To evaluate critically how levels of traditional bacterial indicators (E. coli, faecal
coliforms and intestinal enterococci) and viral indicators (somatic coliphages, F-RNA
bacteriophages and phages infecting Bacteroides fragilis strain GB-124) in the mussel
Mytilus edulis and its ambient waters respond to environmental and seasonal conditions in
a river estuary in the south of England;
(2) To assess levels of human Norovirus in the mussel Mytilus edulis harvested from
within the same river estuary;
(3) To elucidate the relationships between Norovirus, traditional faecal indicators
(bacteria) and the proposed faecal indicators (bacteriophages);
(4) To evaluate the potential use of bacteriophages as viral indicators of health risks
associated with bivalve molluscs; and
(5) To assess the feasibility of using bacteriophages infecting Bacteroides fragilis strain
GB-124 to distinguish human from non-human faecal contamination sources of pollution
within bivalve molluscs and their ambient waters.
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1.9 Structure of the thesis

The thesis is presented in 7 chapters. Chapter one introduces the main issue that the thesis
seeks to address, namely that of human infectious disease associated with the consumption
of faecally-polluted bivalve molluscs (shellfish). This chapter also presents an overview of
current EU and US legislation and methods related to the monitoring of shellfish safety.
Chapter two comprises an extensive critical review of the literature, which is intended to
give an overview of microbiological safety issues related to shellfish. It encompasses
descriptions of traditional and proposed faecal indicators, as well as examples of their
application within shellfisheries. It also describes purification processes associated with
shellfish harvesting and reviews some important microbial source tracking studies (MST)
involving shellfisheries as well as the development of direct pathogen detection within
shellfisheries.
In chapter three the materials and methods used during the laboratory and fieldwork are
described in detail, including various adjustments and developments of standard methods
that were considered necessary. Additionally, details of the approach to statistical analysis
used in the study are described. This chapter aims to demonstrate how robust experimental
design and practice supported the achievement of the aim and objectives of the study.
Chapter four reports results of laboratory-based research, including a comparison between
the enumeration methods developed, results from the isolation, recovery and propagation
of GB-124 phages and results of aquarium uptake experiments involving mussels and GB124 phages.
Chapter five reports the results of the field-based research studies, demonstrating recorded
levels of environmental parameters, faecal indicators and Norovirus and the relationships
between these. It also includes an analysis of an extreme tidal event.
Based on the results presented in chapter five, in chapter six levels of faecal indicators in
all mussel sample matrices are correlated with those of Norovirus in the mussel gland.
This chapter also explores which indicator best predicts levels of Norovirus in mussels.
In chapter seven the issues raised in previous chapters are discussed in depth. Finally, a
summary of the main conclusions and recommendations for future research are presented.

19

Chapter 2:
The microbiological safety of
shellfish
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2 The microbiological safety of shellfish
This chapter provides a comprehensive review of the literature, covering aspects of
shellfish microbiological safety, including a critical evaluation of traditional and novel
faecal indicators and their application in field surveys, purification techniques applied to
harvested shellfish and the role of indicators in such procedures, a summary of previous
microbial source tracking (MST) studies applied to shellfish and their overlying waters,
and a summary of molecular methods for the direct detection of enteric viruses of human
health significance associated with shellfish.
2.1 Indicator and index organisms associated with shellfish safety
The presence of enteric pathogens in bivalve mollusc shellfish and their overlying waters
poses great potential risks to human health. Therefore, it is important to determine whether
the molluscs are microbiologically safe for human consumption. Ideally, the best way of
doing this would be to check for the presence of pathogens, but there are numerous
pathogens that may cause shellfish-borne disease and methods for their detection are
generally expensive, complicated and labour intensive. Thus it would be impractical to
look for every pathogen that might potentially pose a risk to human health.
As when assessing the quality of drinking and bathing waters, appropriate microbial
indicators of faecal pollution are therefore used to assess the sanitary quality of shellfish
and shellfish growing waters, their presence suggesting the likely presence of bacterial,
viral and protozoan pathogens of faecal origin.
Faecal indicator organisms (FIO) are normally bacteria that are present in high numbers in
the faeces of humans, other mammals and birds, and their presence and abundance in
shellfish matrices indicates possible health risks that are associated with their consumption.
Enumeration of specific indicator bacteria of faecal origin is commonly used to assess the
sanitary quality of shellfish and their overlying waters. The suitability of indicator
organisms for these purposes is ranked according to a specific set of criteria, described in
Table 2.1.
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Table 2.1 Criteria for selecting an indicator of faecal contamination
- Easy, rapid and inexpensive to isolate, identify and enumerate
- Is a member of the intestinal microflora of human or other warm-blooded animals
- Does not multiply in the environment
- Absent in unpolluted water and present when pathogenic microorganisms are present
- Responds to natural environmental conditions and water treatment processes in the same way as
pathogens, surviving as long as, or longer than, pathogens
- Present in greater numbers than the pathogens
- Can be used as a surrogate for many different pathogens
- Should not be pathogenic and presents no risk for the analyst
(Adapted from Gerba (2000) and Yates (2007))

Furthermore, according to Ashbolt (2001), faecal indicator organisms may be subdivided
into three groups, as described in Table 2.2 below.
Table 2.2 Definitions for indicator and index microorganisms of public health concern
Group
Process indicator

Definition
Group of organisms that demonstrates the efficacy of a process, such as
total coliforms for chlorine disinfection.
Faecal indicator
Group of organisms that indicates the presence of faecal contamination,
such as faecal coliforms or E. coli. Hence, they only presume that
pathogens may be present.
Index or model
Group/or species indicative of pathogen presence and behaviour
organisms
respectively, such as F-RNA coliphages as models of human enteric
viruses.
(Adapted from Ashbolt et al. (2001))

Recorded incidents of the application of faecal indicators to assess the sanitary quality of
shellfish and shellfish waters date back to the 1930s, when Perry and Bayliss (1936) used
E. coli to assess the level of faecal contamination in oysters and their overlying waters. The
coliform group of bacteria is now commonly used to indicate faecal pollution in sanitary
surveys, classification criteria and legislation relating to the microbiological quality of
bivalve molluscan shellfish. Within the group known as ‘total coliforms’, are a sub-group
referred to as faecal or thermotolerant coliforms, many of which are members of the
species Escherichia coli. Intestinal enterococci (formerly faecal streptococci) have
traditionally been used to monitor the quality of marine bathing waters, and have been
proposed as an indicator of the sanitary quality of shellfish and shellfish overlying waters.
The majority of recent disease outbreaks associated with shellfish consumption have been
demonstrated to be caused by viral pathogens, and this observation has led many authors
(Humphrey and Martin, 1993; Regan et al., 1993; Lucena et al., 1994, 1995; Chung et al.,
1998; Pina et al., 1998; Dore et al., 2000; Muniain-Mujika et al., 2000; Miossec et al.,
2001; Formiga-Cruz et al., 2003; Muniain-Mujika et al., 2003; Loisy et al., 2005b;
Umesha et al., 2008) to search for viral indicators within shellfisheries, including various
groups of bacteriophages, namely somatic coliphages, F-RNA bacteriophages and
bacteriophages able to infect species of the genus Bacteroides. Other researchers suggest
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the adoption of other groups of indicator bacteria, such as Clostridium perfringens
(Burkhardt et al., 1992b; Chung et al. 1998) and Bacteroides spp. (Portoni et al., 1995), or
the adoption of chemical indicators (Sherwin et al., 1993).
2.1.1 Traditional indicators (bacteria)
2.1.1.1 Total coliforms
The coliform bacteria are aerobic and facultative anaerobic, Gram-negative, non-sporeforming, small rod-shaped bacteria that ferment lactose and possess ß-galactosidase,
producing acid and gas within 24-48 hours at 35-37°C. They belong to the family
Enterobacteriaceae and include the genera Escherichia, Citrobacter, Enterobacter and
Klebsiella (Payment et al., 2003). Members of this family are part of the normal flora of
the intestines of humans and other homoeothermic animals and are found in concentrations
ranging from 106 to 109 coliforms per gramme of faeces (Carrero-Colon et al., 2011).
However, they can also freely exist in environmental habitats such as nutrient-rich waters,
soil, sand, sediments and decaying plant material (Colford et al., 2007). Survival and
persistence rates of these organisms in the water environment are similar to those of some
bacterial pathogens (Vaughn et al., 1980), but significantly lower than those of many
viruses (Pirtle and Beran, 1991; Bosch, 1995). The ability of some coliforms to survive and
even to multiply (Fujioka et al., 1999) in natural waters, and the lack of a consistent
recorded correlation between their incidence and that of water-borne pathogens of humanhealth significance constitute serious shortcomings in their suitability as indicators of
faecal contamination of shellfish and shellfish waters (Colford et al., 2007). They are still
however widely used as indicators of the treatment efficiency of water treatment plants,
drinking water and groundwater (Bitton, 2011) and as faecal indicators in shellfish
matrices (NSSP, 2009).
2.1.1.2 Faecal coliforms
Better defined as thermotolerant coliforms, these organisms conform to all criteria used to
describe total coliforms. In addition, they are able to grow and ferment lactose at 44-45°C.
The major part of this group is formed of the genus Escherichia, but it also includes some
species of Citrobacter, Enterobacter and Klebsiella (Carrero-Colon et al., 2011). Of these
organisms, only Escherichia coli is considered to be specifically of faecal origin, although
Fujioka et al. (1999) found that the species may be able to grow and multiply in tropical
environments. Klebsiella is not present in high numbers in faeces but is found in high
concentrations in industrial wastes and is able to grow in nutrient rich water, whilst
Citrobacter and Enterobacter are also found on plant surfaces and in influents from
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agricultural and food industries; they therefore do not always originate from faeces
(Leclerc et al., 2001). Despite being less reliable indicators of faecal contamination than
the species E. coli, concentrations of faecal coliforms, particularly in temperate climates,
are directly correlated to those of E. coli (Payment et al., 2003). Importantly for
reproducibility and comparison of results, there are ISO methods for the detection and
enumeration of total coliforms, faecal coliforms and E. coli in water, using the membrane
filtration technique (ISO 9308-1:2000), the most probable number method (ISO 9308-2
2012) and the miniaturised most probable number method (ISO 9308-3 1999). Faecal
coliforms are used as faecal indicators in shellfish waters in the US (NSSP, 2009) and are
still used as faecal indicators for recreational waters in some US states (USEPA, 2012).
2.1.1.3 Escherichia coli (E. coli)
This bacterial species is enzymatically distinct from the other members of the family
Enterobacteriaceae due to its lack of urease and the presence of -glucoronidase,
characteristics that underlie the basic methods for their differential detection (Payment et
al., 2003). E. coli is abundant in the faeces of humans and those of other animals, and may
reach concentrations of 109 per gramme in fresh faeces. They are also found in sewage,
treated effluents, natural waters and soils that have been subject to recent faecal
contamination by humans, wild or domestic animals. Most E. coli strains are nonpathogenic, but a few strains, such as O157:H7, cause diverse intestinal and extra-intestinal
diseases by means of virulence factors that affect a wide range of cellular processes (Kaper
et al., 2004). Although Jimenez et al. (1989), Fujioka et al. (1999) and Lasalde et al.
(2003) have all suggested that E. coli may be found in, and even multiply in, tropical
pristine waters not subject to faecal pollution, it is widely preferred as a faecal indicator for
human health protection (Edberg et al., 2000). Like the total and faecal coliform bacteria,
E. coli have been shown to be more sensitive to wastewater disinfection treatments than
pathogenic viruses (Payment et al., 2003). They can be detected and enumerated in water
following the same ISO methods used to detect and enumerate faecal coliforms. Their
detection in shellfish flesh samples follows the most probable number technique, using 5bromo-4-chloro-3-indolyl-D-glucuronide (ISO 16649-3:2005). The European Union (EU)
shellfish regulations 853/2004, 854/2004, 2073/2005, and 1021/2008 use E. coli as a faecal
indicator of choice when classifying shellfish harvesting sites.
2.1.1.4 Intestinal enterococci
These bacteria were previously classified as group D Streptococcus, which described those
streptococci associated with the gastrointestinal tract and faecal material, but genomic
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DNA analysis indicated that many organisms formerly considered as being members of the
genus Streptococcus should be placed in the genera Enterococcus and Lactococcus
(Schleifer and Kilpperbalz, 1984). Furthermore, advanced taxonomic studies using 16S
rRNA sequence analysis demonstrated that the majority of species of faecal origin
belonged to the genus Enterococcus, with some exceptions such as Streptococcus bovis
and Streptococcus equinus (Hardie and Whiley, 1997).
Enterococcus spp. is generally present in the faeces of humans and animals, but can also be
found in soil, water, dairy products, meat and plants (Fisher and Phillips, 2009). They are
Gram-positive, catalase-negative, non-spore-forming, facultative anaerobic, chain forming
cocci that may occur individually, in pairs or in chains. Their concentration in the human
colon can reach 108 CFU per gramme of faeces, with Enterococcus faecalis and
Enterococcus faecium the main species reported (Tendolkar et al., 2003). Their optimal
growth temperature is around 35°C, although they can survive extreme temperatures (5 65°C) and a series of stresses and hostile environments, including low and high pH (4.5 10.0) and high NaCl concentration, enabling them to colonise and survive in a broad range
of niches (Fisher and Phillips, 2009).
‘Intestinal enterococci’ is a term normally used in the US and includes all species of the
genus Enterococcus that follow specific growth criteria. Furthermore the terms faecal
streptococci, enterococci, intestinal enterococci and Enterococcus group can be considered
to be broadly synonymous (WHO, 2004). These organisms are more resistant to
chlorination than E. coli and other coliform bacteria (Payment et al., 2003), and because of
their resistance to high concentrations of NaCl, they have been observed to be more
persistent in marine and estuarine environments. According to epidemiological research,
conducted by Cabelli et al. (1982) and Pruss (1998), enterococci appear to be the faecal
indicator microorganisms that better correlate with health hazards associated with bathing
in aquatic environments. Following the Beaches Environmental Assessment and Coastal
Health Act of 2000, enterococci took the place of faecal coliforms as the new USA federal
standard for water quality at public marine beaches in 2004. Furthermore, according to this
Act, water from designated bathing beaches should not demonstrate in excess of 35 CFU
enterococci per ml (geometric mean) during a recreational season (USEPA, 2012). In
2006, intestinal enterococci were introduced as faecal indicators in the new EU Bathing
Water Directive (2006/7/EC), which in 2014 will replace the original Bathing Water
Directive (76/160/EEC). Therefore, enterococci, alongside Escherichia coli, are already
being used to determine bathing water quality in coastal and transitional waters, as well as
in inland waters (Table 2.3). Detection and enumeration of intestinal enterococci in
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shellfish waters can be achieved using a membrane filtration method (ISO 7899-2:2000)
and a miniaturised most probable number method (ISO 7899-1:1999). Despite being
absent from any official EU or US regulation regarding the microbiological quality of
shellfish, enterococci have been used in several studies in this field (Dupont et al., 1992;
Kfir et al., 1993; Martinez-Manzanares et al., 1993; Chung et al., 1998; De Luca-Abbott et
al., 2000; Marino et al., 2005; Levesque et al., 2006; Roslev et al., 2009; Love et al.,
2010).
Martinez-Manzanares et al. (1993) suggest that when assessing shellfish overlying waters,
faecal streptococci better predict the presence of certain bacterial pathogens (Salmonella
spp. and Vibrio parahaemolyticus) than do faecal coliforms and E. coli. Furthermore,
following uptake and depuration experiments with mussels, E. coli, enterococci and the
pathogenic Vibrio cholerae, Marino et al. (2005) suggested that levels of enterococci better
indicate health risks associated with contamination by Vibrio spp. than do levels of E. coli;
suggesting that this may be because enterococci are relatively resistant to high salt
concentrations, and are therefore more persistent than other faecal indicator bacteria in the
marine and estuarine environments.
Table 2.3 EU bathing water classification (microbiological parameters)
Parameter
Intestinal enterococci
(cfu/100ml)
Escherichia coli
(cfu/100ml)
Parameter

Excellent
quality
200*
500*

For inland waters
Good quality

Sufficient quality

Poor quality

400*

330**

> 330**

1000*

900**

> 900**

For coastal waters and transitional waters
Excellent
Good quality
Sufficient quality
quality
100*
200*
185**

Intestinal enterococci
(cfu/100ml)
Escherichia coli
250*
500*
500**
(cfu/100ml)
Adapted from Annex II of the Bathing Water Directive (2006/7/EC)
(*) Based upon a 95-percentile evaluation. (**) Based upon a 90-percentile evaluation.

Poor quality
> 185**
> 500**

.

2.1.1.5 Occurrence of traditional faecal indicators and pathogens within shellfisheries
The majority of recent studies into the use of traditional faecal indicators for the sanitary
monitoring of shellfisheries suggest that they demonstrate poor correlations with the
presence of pathogens, especially viral pathogens. They are, however, still a useful aid to
reducing the risks to human health associated with consumption of bivalve molluscs, as
they do generally demonstrate the presence of faecal material in the shellfish and their
overlying waters. An overview of the major findings of such studies is presented in Table
2.4.
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Table 2.4 A summary of selected published studies involving shellfisheries and faecal indicators
Location

Shellfish species

Texas Gulf
coast (US)
Chesapeake
Bay (US)

Oysters

Villefranchesur-Mer (FR)

Mussels (Mytilus
edulis)

River estuary
Malaga (ESP)

Cockles,
(Cardium edule)
Clam (Chamelea
gallina)

Eight shellfish
farming areas
or natural
beds (FR)

Oysters
(Crassostrea
gigas), cockles
(Cerastoderma
edule) and
mussels (Mytilus
edulis and
galloprovincialis)
Oysters and
mussels

Marine Bays
(SA)
Brittany
(France)

Oysters

Oysters
(Crassostrea
gigas) mussels
(Mytilus edulis)
and cockles
(Cardium edule)

Faecal indicator
organisms (FIO)
Total and faecal
coliforms
Faecal coliforms
and faecal
streptococci
Faecal coliforms,
total coliforms and
faecal streptococci
Faecal coliforms,
Escherichia coli,
total coliforms and
faecal streptococci
Faecal coliforms
and faecal
streptococci

Intestinal
enterococci and
faecal coliforms
Faecal coliforms

Pathogenic
organisms
Enterovirus

Main findings

References

-No significant statistical relationship was demonstrated between
virus concentration in oysters and the traditional faecal indicators
- Sediments in shellfish harvesting areas could serve as a reservoir for
high densities of faecal indicator bacteria, and suspension of these
sediments by tidal fluxes could cause recontamination of shellfish
- No connection between the occurrence of the bacterial indicators
and viral contamination

Goyal et al.
(1979)
Erkenbrecher
(1981)

Salmonella spp.,
Vibrio
parahaemolyticus
and Staphylococcus
aureus
Salmonella spp.,

-No significant correlation between traditional faecal indicators and
pathogenic microorganisms

MartinezMazanares et
al. (1991)

-Faecal coliforms demonstrated a stronger correlation with
pathogenic Salmonella spp. than faecal streptococci

Jehlpietri et al.
(1991)

Salmonella spp.

-Very poor correlation between the presence of the pathogen and the
presence of traditional faecal indicators in shellfish and their
overlying waters
-Significant correlation between levels of faecal coliforms and the
bacterial pathogen Listeria spp. in shellfish

Kfir et al.
(1993)

Hepatitis A virus

Listeria spp.
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Jehlpietri et al.
(1990)

Monfort et al.
(1998)

Table 2.4 A summary of selected published studies involving shellfisheries and faecal indicators (continued)
Location

Shellfish species

Class ‘A’ and
prohibited
harvest areas,
(FR)
Greece,
Spain,
Sweden, and
the United
Kingdom

Oysters (C. gigas)
and mussels (M.
galloprovincialis)

Faecal indicator
organisms (FIO)
E. coli F-RNA
phages and
enterovirus

Oysters (C. gigas
and Ostrea edulis)
and mussels (M.
galloprovincialis
and M edulis)

E. coli, somatic
coliphages, F-RNA
phages and B.
fragilis RY2056
phages

River estuary,
Quebec
(CAN)

Clams (Mya
arenaria)

Spezia Gulf
(ITA)
Market survey
(US)

Mussels (Mytilus
galloprovincialis)
Oysters

Faecal coliforms,
somatic coliphages,
F (+) coliphages,
faecal streptococci,
C. perfringens, and
E. coli
E. coli

39 Harvesting
areas in the
UK

Oysters

Faecal coliforms,
Escherichia coli
and F-specific
bacteriophage
E. coli

Pathogenic
organisms
Hepatitis A,
Norwalk-like virus,
astrovirus, and
Rotavirus
Enterovirus
hepatitis A virus
Norwalk-like virus

Campylobacter sp.,
Cryptosporidium
parvum, Giardia
spp., and
Salmonella spp.
Norovirus and
hepatitis A
Vibrio spp.,
Salmonella spp.,
Norovirus and
hepatitis A virus
Norovirus

Main findings

References

-Inability of E. coli to predict the presence of pathogenic viruses in
shellfish
-The sensitivity of all indicators was better in the highly
contaminated areas
-In heavily polluted shellfish areas, levels of E. coli and
bacteriophages appeared to be correlated with the presence of human
viruses
- F-RNA phages, presented a very weak predictive value for hepatitis
A virus, human adenovirus, and enterovirus and a stronger one for
Norwalk-like virus
- Human enteric viruses were present in class ‘A’ harvesting areas,
even in the absence of E. coli and F-RNA phages
-Indicators alone did not predict with any degree of accuracy the
presence of pathogens
- When faecal coliforms or E. coli were associated with F-specific
coliphages, the presence of the investigated pathogens was predicted
with a high rate of accuracy (88%)

Miossec et al.
(2001)

-No direct correlation between the presence of human pathogenic
virus and levels of the bacterial indicator
-No relationship between levels of faecal indicators microorganisms
and the presence of enteric viruses
-Seasonal prevalence of Norovirus and HAV were generally greater
in oysters harvested from December to March
-Large number of samples returned low levels for norovirus and high
levels for E. coli, or vice versa
- Moderate correlation coefficient to ‘within-site’ overall levels for
Norovirus and E. coli (rho=0.453),)
- When results from only the winter months (October-March) were
considered, the strength of the relationship between Norovirus and E.
coli levels increased further (rho = 0.676)

Serraca et al.
(2010)
Depaola et al.
(2010)
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Formiga-Cruz
et al. (2003)

Levesque et
al. (2006)

Lowther et al.
(2012)

2.1.2 Proposed indicators (bacteriophages)
Bacteriophages (or ‘phages’) are viruses that infect the prokaryote organisms Bacteria and
Archaea (Weinbauer, 2004). They were discovered (twice) at the beginning of the 20th
century, first in London by Frederick William Twort, who in 1915 described the glassy
transformation of ‘Micrococcus’ colonies by an infectious agent, and then in Paris by Félix
Hubert d’Hérelle, who in 1917 observed and described the lysis of Shigella cultures in
broth (Duckworth, 1976). The term bacteriophage was proposed by d’Hérelle and comes
from the Greek ‘phagein’, which translates as ‘to devour, or to eat’, suggesting that these
infectious agents lysing bacteria were literally eaters of bacteria (Weinbauer, 2004).
When compared with other viruses, bacteriophages constitute the largest viral group in
nature and are extensively distributed in locations inhabited by their bacterial hosts,
occurring everywhere in the biosphere and colonising even such hostile habitats as
volcanic hot springs. However their main habitats are the oceans and top soil (Ackermann,
2003). They are believed to infect 70% of all marine bacteria, making them the most
abundant form of life on the planet, reaching numbers of approximately 1030 to 1032
(Suttle, 2005). At least 6,000 bacteriophages have been examined under the electron
microscope since the introduction of negative staining in 1959 and it is believed that over
100 phages are described every year (Ackerman, 2011). The number of phage species in
nature has been estimated at hundreds of thousands or even millions (Rohwer, 2003).
The structure and morphology of bacteriophages are highly diversified, but essentially
consist of a nucleic acid molecule (genome), which is enclosed by an outer protein coat
(capsid). They have binary, cubic or helical symmetry or are pleomorphic, and their
genetic material may be linear or circular, single-stranded or double-stranded DNA or
RNA (ssDNA, ssRNA, dsDNA, dsRNA) (Ackermann, 2009). The capsid is made up of
morphological subunits termed capsomeres, which are comprised of a number of protein
molecules named protomeres. Some phages also contain lipids and additional structures
such as tails and spikes (Grabow, 2001).
The International Committee on Taxonomy of Viruses (ICTV) is responsible for the
classification of bacteriophages. For practical taxonomic purposes the most important
characteristics are the nature of the nucleic acid and the morphology and physicochemical
properties of the virion (Ackermann, 2003). In 1971 ICTV issued a report that first
recognised six basic phage types: tailed phages, filamentous phages, and cubic phages,
each with either ssDNA or ssRNA, and this simple scheme is still the basis of current
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phage classification (Ackermann, 2009). This has one order and ten families. The order
Caudovirales, which encompasses the tailed phages, is composed of three families, each
characterised by contractile, long and non-contractile, or short tails, and named
respectively Myoviridae, Siphoviridae, and Podoviridae, they are thought to correspond to
more than 96% of all phages. The other seven families remain unplaced in orders. They are
polyhedral or ‘cubic’, filamentous, and pleomorphic phages that are distinguished by their
nucleic acid content and their structure (Ackerman, 2011). Table 2.5 summarises the
current classification of bacteriophage families and their respective characteristics.
Table 2.5 Overview of bacteriophage families
Shape
Tailed

Order (in bold)
or families
Caudovirales

Nucleic acid, details, size

Member

Number

Myoviridae

Linear dsDNA,
no envelope
Tail contractile

T4

1312

Siphoviridae

Tail long, no contractile



3262

Podoviridae

Tail short

T7

771

Microviridae

Circular ssDNA, 27 nm, 12
knoblike capsomeres
Circular dsDNA r, complex
capsid, lipids, 63 nm

X174

38

PM2

3

Tectiviridae

Linear dsDNA, inner lipid
vesicle, pseudo-tail, 60 nm

PRD1

19

Leviviridae

Linear ssRNA, 23 nm, like
poliovirus
Linear dsRNA, segmented,
lipidic envelope, 70–80 nm

MS2

38

6

3

fd

66

MVL2

5

Polyhedral

Corticoviridae

Cystoviridae
Filamentous
Inoviridae

Circular ssDNA, filaments or
rods, 85–1950 x 7 nm

Plasmaviridae

Circular dsDNA, lipidic
envelope, no capsid, 80 nm

Pleomorphic

(Adapted from Ackerman, 2011)

Bacteriophages can only replicate inside the bacterial host cell, using their ribosomes,
protein-synthesising factors, amino acids and energy generating systems, and multiplying
only after infecting a metabolizing host bacterium (Bruessow and Kutter, 2005). During
infection, phages attach to specific receptors on the surface of host bacteria, so they can
infect only certain bacteria that bear receptors to which they can bind, thereby determining
the host

range

of the phage.

These receptor sites

are protein

molecules,

lipopolysaccharides, teichoic acids and even flagella; some of which are located all around
the cell wall and are permanently present, allowing phage infection at any time. Phages
that recognise these receptors are called somatic phages. Other phages infect the host
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bacteria through receptor sites located on the fertility fimbriae (sex pili) of host bacteria.
These organelles are produced only when bacteria are in the logarithmic growth phase
under optimal growth conditions, and phages that recognise these receptors are called ‘F+’
or male-specific bacteriophages (Abedon, 2006; 2008).
There are many types of phage infection, replication and life cycles, but describing them in
detail is perhaps beyond the scope of this thesis. Several recent books and review papers
provide greater detail on phage biology (for example, Kutter and Sulakvelidize, 2005;
Abedon, 2008; Calendar, 2006; Weinbauer, 2004). In summary the two main life cycles of
phages are the lytic and the lysogenic cycles. In the lytic cycle, the lytic phage, also called
the virulent phage, redirects the host’s metabolisms towards the production of new phages,
which are released during the lysis of the host cell; while in the lysogenic cycle, the
genome of the lysogenic phage, also called the temperate phage, usually remains in the
host in a dormant state (prophage) and replicates alongside the host, until the lytic cycle is
induced (Weinbauer, 2004). During the lysogenic cycle phages may transport new
properties to the host bacterium, including those that code for the production of toxins.
Work by Waldor and Mekalanos (1996) demonstrated horizontal cholera toxin gene
transfer encoded by a filamentous bacteriophage, converting a harmless Vibrio cholerae
bacterium into a toxigenic strain (pathogen).
Lytic phages typically produce clear plaques in a lawn of receptive host bacteria, once all
bacteria in the infected area are lysed, while lysogenic phages, released at low frequency,
have a more limited impact in the lawn of host bacteria, producing faint plaques. This is
because most bacteria within the plaque are still viable and intact (Grabow, 2001).
Methods for the enumeration of bacteriophages include; the double agar layer (DAL)
overlay plaque assay, the direct plating plaque assay, the small drop plaque assay
(Kropinski et al., 2009; Mazzocco et al., 2009a; 2009b), the single agar layer (SAL) plaque
assay (USEPA, 2001a) and the two-step enrichment procedure (USEPA, 2001b). Detection
of bacteriophages in environmental samples is most frequently carried out by the double
layer overlay plaque assay, which is based on the detection and enumeration of infectious
phage forming ‘plaques’ on a confluent monolayer of cultured cells (Kropinski et al.,
2009). In brief, a sample is mixed with a warm liquefied agar (semi-solid agar/ top agar)
and a host bacterium in the exponential growth phase is added. This mixture is then poured
onto the surface of a solid agar plate (bottom agar) and incubated. During incubation host
bacteria will grow throughout the top agar layer, creating a confluent layer of bacteria (a
lawn). Phages present in the sample attach to host cells in this lawn, infecting the bacteria
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and spreading to neighbouring cells where this process continues, resulting in zones of
dead or ‘lysed’ bacteria in the host lawn, referred to as plaques. Each plaque corresponds
to a single phage, and is counted and used to calculate the amount of plaque forming units
(PFU) present in the sample. Furthermore, plaques can also be used for the isolation of
phages, prior to their subsequent characterisation, e.g., by plaque morphology (clear,
turbid, sizes, presence of halo, etc.) (Kropinski et al., 2009).
In terms of composition, structure, morphology and behaviour, bacteriophages share many
fundamental characteristics with human enteric viruses. Particular groups are able to infect
the natural bacterial flora of the human gastrointestinal tract and are found in sewage and
wastewater, making them attractive candidates for indicators of faecally contaminated
waters (Leclerc et al., 2000). Amongst other uses, bacteriophages have been proposed as
indicators of faecal pollution in surface waters (Kott, 1966; Kott et al., 1974, Jofre et al.,
1986; Dutka et al., 1987; Cornax et al., 1991; Havelaar et al., 1991; IAWPRC, 1991;
Morinigo et al., 1992; Contreras-Coll et al., 2002), in ground waters (Leclerc et al., 2000),
as viral surrogates in sludge (Funderburg and Sorber, 1985; Lasobras et al., 1999;
Mandilara et al., 2006), and as model microorganisms when evaluating the efficiency of
wastewater treatment processes (Duran et al., 2003; Moce-Llivina et al., 2003; Arraj et al.,
2005).
Recently, Enterococcus phages have been proposed as faecal and viral indicators for
recreational waters (Bonilla et al., 2010; Santiago-Rodríguez et al., 2010; 2013) and as
tools for microbial source tracking (Purnell et al., 2011). However the main groups of
bacteriophages that have been proposed as faecal indicators are: those that infect coliform
bacteria, also known as coliphages, and which are subdivided into somatic coliphages and
male specific (F+) coliphages; and those that infect Bacteroides spp.
Despite the fact that bacteriophages are not currently used in any official shellfish safety
regulation, these groups of bacteriophages have been proposed as indicators of faecal
pollution within shellfisheries by various authors (Vaughn and Metcalf, 1975; Lucena et
al., 1994; Chung et al., 1998; Formiga-Cruz et al., 2003; Muniain-Mujika et al., 2003).
They have also been proposed as model organisms for verifying the pathogenic virus
removal efficiency of shellfish purification systems (depuration and relaying) (see section
2.2).
Further details of phage detection and enumeration methods may be found in the ISO
standard methods, based on the double agar layer method, which are designed for use with
all kinds of water, sediments and sludge, but can also be adapted for use with shellfish
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homogenates. These are ISO 10705-1:2001 (Enumeration of F-specific RNA
bacteriophages); ISO 10705-2:2001 (Enumeration of somatic coliphages); and ISO 107054:2001 (Enumeration of bacteriophages infecting Bacteroides fragilis).
In the US, detection and enumeration of coliphages in environmental samples follows the
single agar layer method (USEPA, 2001a), which shares the principles of the double agar
layer method, though it omits the base agar. Another US standard method for the detection
of coliphages is the two-step enrichment procedure (USEPA, 2001b). This method is based
on the small drop plaque assay, and unlike the other methods is qualitative, determining
the presence-absence of phages, and used more for groundwater and drinking waters. A
more detailed description of these groups of bacteriophages, their characteristics and their
potential utility as faecal indicators in shellfish waters is provided in the following
sections.
2.1.2.1 Somatic coliphages
Somatic coliphages compose a heterogeneous group of bacteriophages that are able to
infect E. coli. However, they can also infect other coliforms, and other members of the
Enterobacteriaceae family. Their members belong to the Myoviridae, Siphoviridae,
Podoviridae and Microviridae families. They are virulent (lytic) phages, which attach to
lipopolysaccharide or protein receptors in the bacterial cell wall and may lyse (burst) the
host cell within approximately 30 minutes, producing plaques of widely different size and
morphology (Anon., 2001b; Gerba, 2006). They are present in the faeces of humans,
chickens, cattle, pigs and other animals, with mean concentrations ranging from 104 to 107
PFU per gramme (Dhillon et al., 1976; Havelaar et al., 1986), and in sewage at
concentrations ranging from 104 to 105 PFU/ml (Havelaar et al., 1985).
Somatic coliphages were first proposed as faecal pollution indicators by Kott (1966), who
found that they were more persistent than coliform bacteria in the aquatic environment.
Since then, numerous studies (especially during the 1980s) have suggested their use as
faecal or enteric virus indicators (i.e., in oxidation pond effluents (Kott el al. 1974); in
river, channel, ground and wastewaters (Simkova and Cervenka 1981); in river, dam, and
wastewaters (Grabow et al., 1984); in drinking water (Stetler, 1984; El-Abagy et al.,
1988); and in marine, estuarine and river waters (Borrego et al., 1987). Further examples
exist, but most of these early studies used different bacterial hosts when detecting somatic
coliphages, making it difficult to standardise and compare the findings.
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According to Gabrow (2001), wild-type host strains of E. coli are not very susceptible to a
wide spectrum of phage infection, mainly because they have a complete O-antigen that
disguises the majority of receptor sites localised in the cell wall lipopolysaccharide and
also because they contain defence mechanisms which include nuclease enzymes that
destroy phage nucleic acid as soon as they are injected. Laboratory strains are modified to
have their receptor sites more exposed to phage infection, as well as undergoing genetic
mutations to delete the gene codes responsible for producing defence nuclease enzymes
(Grabow, 2001). A large number of bacterial hosts for detection of somatic coliphages
have been proposed and are still being studied and developed, the majority belonging to
subspecies of Escherichia coli. Common strains are E. coli B, C, CN, CN13, C-3000,
WG21, WG4, WG5, W3110, and also some strains of Salmonellae typhimurium, such as
WG49 (Leclerc et al., 2000; Grabow, 2001).
Aiming to standardise the results of research from different institutions, the International
Organization for Standardization (ISO) recommends the use of Escherichia coli strain C
(ATCC13706) for samples with low bacterial content (for example, drinking water and
unpolluted natural waters), the use of the naladixic acid resistant mutant E. coli strain CN
(ATCC700078), also known as WG5 (Grabow and Coubrough, 1986), for samples
containing greater amounts of bacteria (for example, polluted natural waters and
wastewater), and the use of bacteriophage ØX174 (ATCC13706-B1) for the preparation of
reference material. US standard methods for detection of somatic coliphages (USEPA
1601 and 1602), however, use a different bacterial host, namely E. coli CN-13. Recently
Guzman et al. (2008) developed a host strain, E. coli CB390, which simultaneously detects
somatics and F-specific coliphages, finding similar numbers of phages to the sum of
somatic and F-specific bacteriophage host strains recommended by both the ISO and the
US Environmental Protection Agency (USEPA) standardised methods.
Some researchers oppose the use of coliphages as a faecal pollution indicator arguing that
they may replicate outside the mammalian gut, while infecting E. coli hosts already present
in the water environment (Vaughn and Metcalf, 1975; Seeley and Primrose, 1980; Borrego
et al., 1990), or while infecting closely-related Enterobacteriaceae members such as
Klebsiella pneumoniae and Enterobacter cloacae, which are associated with biofilms and
vegetation (Leclerc et al., 2000). However studies carried out by Wiggins and Alexander
(1985), and Muniesa and Jofre (2004), indicated that conditions needed for somatic
coliphage replication in the environment are very rare and even when they might occur, the
result of this replication is likely to be insignificant considering the densities of these
phages in the natural environment. Also, Muniesa and Jofre (2007) investigated the
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contribution of temperate (lysogenic) phages to the numbers of somatic coliphages
detected in water and indicated that the presence of prophages did not influence the
detection of somatic coliphages. Furthermore, Jofre (2009) reviewed various factors
involved in a hypothetical replication of somatic coliphages in water environments and
also concluded that replication in the environment should not be argued as a limitation to
the use of somatic coliphages as indicators.
Somatic coliphages are the most abundant group of bacteriophages in environmental
samples, with similar levels to those of E. coli, and almost always exceeding those of FRNA and Bacteroides phages (Contreras-Coll et al., 2002; Formiga-Cruz et al., 2003). The
detection methods are relatively inexpensive, compared with those of F-RNA and
Bacteroides phages, but are easier to perform. Another advantage is that they produce very
clear plaques and these may appear in as little as 4-6 hours under optimal conditions,
serving as a rapid indicator of faecal pollution (UESPA, 2001a).
2.1.2.2 F-specific bacteriophages
F-specific or male specific bacteriophages are sub-divided into F-RNA and F-DNA
bacteriophages. F-RNA bacteriophages belong to the Leviviridae family and its two
genera, Levivirus and Allolevivirus, and consist of hexagonal capsomeres with cubic
symmetry that contain single-stranded RNA and no tail. They are relatively small in
diameter (21 nm to 30 nm). The phage MS2 is the type species for Levivirus while phage
Qß is for Allolevivirus (Leclerc et al., 2000; Grabow, 2001; Ackermann, 2009; Anon.
2001a; Anon, 2012a). These phages are further classified into four subgroups (I, II, III and
IV) on the basis of serological and physicochemical properties. Subgroup I includes phage
type MS-2 and subgroup II includes phage type GA, both belonging to the genus
Allolevivirus. Subgroup III includes phage type Q and subgroup IV includes phage type
SP, both of which belong to the genus Levivirus (Leclerc et al., 2000). Furthermore,
subgroups II and III are generally linked to human faecal pollution, while subgroups I and
IV are normally found in animal wastes (Hsu et al., 1995; Cole et al., 2003). These
characteristics have made these phages a very important tool in microbial source tracking
studies (see section 2.3).
F-DNA bacteriophages belong to the genus Inovirus within the Inoviridae family, and are
large (85–1950 x 7 nm) rod-shaped or filamentous, with a circular single-stranded DNA
(ssDNA), no head and no tail. They have enterobacteria phage M13 as their reference
phage (Leclerc et al., 2000).
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Despite the fact that F-DNA phages have been detected in environmental waters
simultaneously with F-RNA phages, sometimes even in higher concentrations (Cole et al.,
2003) and appear to be more resistant than F-RNA phages to UV irradiation (Sinton et al.,
1999), they are normally less abundant, and according to Derbatolomeis and Cabelli
(1991) correspond to about 10% of the total F-specific coliphage population of wastewater
effluents. In contrast to F-RNA phages, F-DNA bacteriophages are a genetically
homogeneous group of viruses and very little is known about their ecology (Vinje et al.,
2004). Morphologically they do not resemble human viruses, making their sanitary
significance less important (Sinton et al., 1996; Leclerc et al., 2000). The majority of
environmental studies involving male-specific bacteriophages are therefore related to FRNA phages. Although F-DNA phages have their importance in some MST studies (Cole
et al., 2003; Vinje et al., 2004), their importance as faecal indicators in shellfisheries is not
well known.
Male or F-specific phages infect bacteria that possess the F plasmid or sex plasmid
originally detected in Escherichia coli K12, and adsorb to the F (fertility) pili coded by this
plasmid, which is genetically transferable to a wide range of Gram-negative bacteria
(Anon., 2001a; Gerba, 2006). The main bacterial hosts used for the detection of F-specific
bacteriophages are: Escherichia coli K12 Hfr which, typically carries the F-plasmid
(Dhillon et al., 1970; Kott et al., 1974); Salmonella typhimurium strain WG-49, which was
genetically modified so that it could carry the F-plasmid and was further modified in order
to remove its pathogenicity genes and render it safe to be used during routine testing in
water quality laboratories (Havelaar and Hogeboom, 1984) (this host is adopted by the ISO
reference method 10705-1:2001); and Escherichia coli HS(pFamp)R, a mutant of which
was selected for resistance to the somatic coliphages T2 and T4 and streptomycin
(Debartolomeis and Cabelli, 1991) (more simply called E. coli Famp) which is used by the
USEPA standard methods 1601 and 1602.
Where necessary, to distinguish between the F-specific RNA and F-specific DNA
bacteriophages, the ISO reference method 10705-1:2001 recommends simultaneous
analysis of parallel plates with added RNase in the growth medium, inhibiting infection by
RNA phages, which can then be confirmed by carrying out differential counts. However,
as mentioned previously in this chapter, F-DNA bacteriophages correspond to about 10%
of all F-specific bacteriophages. Also, some authors suggest that the host Salmonella
typhimurium strain WG-49 mainly detects F-RNA bacteriophages, with the interference
from detection of somatic or male specific DNA phages being negligible (Chung et al.,
1998; Grabow, 2001; Dore et al., 2003). Therefore, some authors omit the use of RNase
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during their analysis (Flannery et al., 2009), as it not only complicates the method but also
increases the cost.
F-RNA bacteriophages are infrequently found in human faeces. Using the host E. coli K12, Osawa et al. (1981) found them in only 2.3% of a total of 587 human faecal samples in
Japan. These authors also found these phages in only 3.3% of horse faeces, did not find
them in the faeces of pigs and cows, but did detect them in 33 and 20% of samples from
the gastrointestinal contents of pigs and cows respectively. Havelaar et al. (1986), using
the host WG49, found similar results with human, horse and cow faeces demonstrating less
than 10 PFU/g, and other animals, such as pigs (2.8 x 103 PFU/g), sheep (1.9 x 103 PFU/g)
and especially broiler chicken (1.2 x 106 PFU/g), demonstrating greater numbers.
Conversely F-RNA phages are abundant in domestic wastewaters (Havelaar et al., 1993),
hospital wastewaters, pig slaughterhouses and poultry processing plant effluents (Havelaar
et al., 1985). These findings suggest that these phages might replicate outside the animal
gut in wastewater systems, but the conditions required for their replication in the
environment are rare, since f-pili are only produced when the bacterial host is in the
exponential growth phase and at temperatures well above 30°C (Leclerc et al., 2000;
Grabow, 2001). Therefore the phage replication mechanism in the wastewater environment
remains an unresolved issue (Havelaar et al., 1990). This fact and their abundance in
wastewater suggest that the presence of F-RNA in surface waters is an index of wastewater
pollution other than just faecal pollution (IAWPRC, 1991).
There are certain characteristics that favour the use of F-RNA bacteriophages as models
and/or surrogates for human enteric viruses. For example, their composition, structure and
morphology share many similarities with those of human viruses (such as polio viruses).
Both have an icosahedral capsid with a diameter of approximately 25nm and an ss-RNA
genome and when observed by electron microscopy F-RNA phages are barely discernible
from human enteroviruses (Grabow, 2001). Also, their survival characteristics are
similarly, or even more resistant to environmental inactivation (sunlight, salinity, and pH)
and removal by wastewater treatment processes (Kott et al., 1974; Duran et al., 2003; Tree
et al., 2003; Arraj et al., 2005). These are probably the most extensively studied group of
bacteriophages and there are numerous publications about their use as models of virus
inactivation in wastewater treatment plants, but further discussion here is beyond the scope
of this thesis.
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2.1.2.3 Bacteriophages infecting Bacteroides spp.
The genus Bacteroides is characterised by Gram-negative, non-pigmented, obligate
anaerobic bacillus bacteria, its species are non-spore-forming, and may be either motile or
non-motile (Fiksdal et al., 1985). It is considered to be one of the dominant genera of the
human gut, being more abundant than the faecal coliform group, and corresponding to
approximately 30% of faecal isolates (Duerden, 1980). The main species are B. vulgatus,
B. thetaiotaomicron, and B. distasomis and they occur in concentrations of the order of
1010 cells/g of dry weight of faeces; while B. fragilis, B. ovatus, B. eggerthii and B.
uniformis occur in concentrations of the order of 109 cells/g of dry weight of faeces
(Holdeman et al., 1976; Duerden, 1980).
Whilst environmental oxygen levels rapidly inactivate these anaerobic bacteria, the phages
which infect them are capable of surviving far longer once in the environment, suggesting
that they might be appropriate surrogate indicators of human viruses in the environment
(Jofre et al., 1986) or indicators of faecal pollution in water (Tartera and Jofre, 1987).
The majority of the Bacteroides phages hosts used during environmental studies belong to
the species Bacteroides fragilis (Jofre et al., 1986; Tartera and Jofre, 1987; Cornax et al.,
1991; IAWPRC, 1991; Lucena et al., 1994; Lucena et al., 1995; Gantzer et al., 2002;
Formiga-Cruz et al., 2003; Muniain-Mujika et al., 2003; Moce-Llivina et al., 2005;
Mooijman et al., 2005; Payan et al., 2005; Ebdon et al., 2007), but species such as
Bacteroides thetaiotaomicron have also been used in MST studies (Payan et al., 2005;
Wicki et al., 2011).
Bacteriophages infecting Bacteroides fragilis belong to the family Siphoviridae (Lasobras
et al., 1997; Puig and Girones, 1999; Gomez-Donate et al., 2011; Diston et al., 2012).
They have a binary morphology with a non-contractile tail and an icosahedral capsid
measuring around 60 nm that contains double-stranded DNA. They are lytic phages that
attach to molecules in the cell wall of the host bacteria and may lyse the host cell within 30
minutes under optimal conditions, producing clear plaques that are similar in size and
morphology (Anon., 2001c).
The main advantages of these bacteriophages during environmental studies are that their
hosts are obligate anaerobes. Therefore the possibility of host replication in the
environment, outside the gut, is minimal, and consequently so is the possibility of
bacteriophages infecting them. Also, Bacteroides host strains have been shown to
demonstrate a high degree of host-specificity, making the detection of their phages
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appropriate for MST studies (Tartera and Jofre, 1987; Payan et al., 2005; Ebdon et al.,
2007; Wicki et al., 2011).
ISO 10705-4:2001 is the reference method for the detection and enumeration of
bacteriophages infecting Bacteroides fragilis, which has been optimised and standardised
(Araujo et al., 2001) and which recommends the use of strain RYC 2056 (ATCC 700786)
(Puig et al., 1997), and the phage B56-3 (ATCC 700786-B1) to prepare reference material.
This strain is present in the faeces of both humans and animals, or in wastewater
containing such inputs. Despite not being host-specific, this strain demonstrates highsensitivity and has been detected in similar concentrations in raw wastewater in various
parts of the world (Puig et al., 1999). This method has also proven to be appropriate for the
detection and enumeration of phages infecting other host strains, such as the human
specific strain HSP40 (Tartera and Jofre, 1987).
The fact that B. fragilis strain HSP40 is less effective than strain RY2056, at recovering
phages, combined with some geographical limitations to its application (Bradley et al.,
1999; Puig et al., 1999); led Payan et al. (2005) to describe a method for the isolation of
Bacteroides spp. host strains capable of detecting bacteriophages from a given source but
suitable for other geographical regions. The most promising Bacteroides strains that
emerged from this study were B. thetaiotaomicron HB-13 (isolated in Colombia), GA-17
(isolated in Spain) and B. fragilis strain GB-124 (isolated in the UK). Latterly, Wicki et al.
(2011) used the same method in Switzerland to isolate a human-specific strain of B.
thetaiotaomicron (ARABA-84). This method has also been used to isolate animal host
strains useful for microbial source tracking studies (Gomez-Donate et al., 2011; Wicki et
al., 2011).
In an early study, which investigated the concentration of bacteriophages infecting ten
strains of Bacteroides spp. in human faeces, Kai et al. (1985) isolated phages in
approximately 5% of the researched population with values that ranged from 5x102 to
3x105 PFU per gramme. In a later study using the strain HSP40, Grabow et al. (1995)
detected its phages in only 13% of stool samples from the researched population; Gantzer
et al. (2002) conducted a similar study that demonstrated HSP40 phages in 10% of the
population and with an average of 70 per grammes of faeces.
Puig et al. (1999) assessed the percentage of recovery of bacteriophages of Bacteroides
fragilis from faeces of various animal species using different host strains, and found that
strain RYC2056 was recovered in 31% of pig faeces, 29% of poultry faeces and in 29% of
human faeces. The average concentration of B. fragilis phages in wastewater effluent is
39

normally between 102 and 103 PFU/100ml (Tartera and Jofre, 1987; Tartera et al., 1989;
Puig et al., 1999).
Generally, in untreated sewage the ratio of somatic coliphages to bacteriophages infecting
Bacteroides strain RYC2056 has been shown to range from 100 to 200 (Anon., 2001c);
and the ratio of F-RNA bacteriophages infecting strains RYC2056 and HSP40 ranges from
10 to 20 and 40 to 100, respectively (Puig et al., 1999). When assessing the occurrence and
levels of indicator bacteriophages in bathing waters throughout Europe, Contreras-Coll et
al. (2002) found similar ratios: in untreated wastewater samples, somatic coliphages
presented at 1.5 to 2 logs of magnitude greater than B. fragilis RYC2056 phages, while FRNA phages presented at levels 0.6 to 1 log greater. Interestingly these ratios decreased
significantly in seawater samples, somatic coliphages presenting at levels 0.7 to 1.2 logs
greater and F-RNA phages presenting at 0.5 logs less than B. fragilis RYC2056 phages.
These findings indicate that, despite the lower numbers of bacteriophages infecting
Bacteroides fragilis in faecal material, they seem to be more persistent in the environment
than the other proposed indicator bacteriophages. Lucena et al. (1996) reached similar
conclusions and suggested their usefulness as index microorganisms of remote faecal
pollution.
Tartera et al. (1988) showed a correlation between the presence of bacteriophages infecting
B. fragilis and enteroviruses in different environmental samples. Additionally, Jofre et al.
(1989) found that they correlate with the presence of enterovirus and rotaviruses in marine
sediments. Pina et al. (1998) found a significant correlation between the detection of
human viruses (Adenovirus, Hepatitis A virus and enterovirus) by PCR and the levels of
bacteriophages infecting Bacteroides fragilis HSP40 detected in urban raw sewage using
the double-overlay method. Finally, Gantzer et al. (1998) when analysing secondary and
tertiary treated wastewater, found a significant correlation between the concentration of B.
fragilis HSP40 phages and the presence of infectious enterovirus and enterovirus genome.
Phages infecting Bacteroides spp. seem to be more resistant to drinking water treatments
than either somatic or F-specific bacteriophages (Jofre et al., 1995). Araujo et al. (1997) in
a study into the abundance of bacteriophages in different freshwater environments found
that Bacteroides fragilis phages were significantly less abundant than the other phages
groups but that they were more resistant to natural inactivation processes. In a later study,
Duran et al. (2002) ran inactivation experiments on river waters with pure cultures of
bacteriophages and confirmed that phage B40-8 (the reference phage of B. fragilis HSP40)
was the most resistant of all phages and indicator bacteria tested. Duran et al. (2003), in a
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study into naturally occurring bacteriophages and bacterial indicators, found that phages of
Bacteroides fragilis and somatic coliphages were the most resistant to chlorination in
groundwater and secondary wastewater treatment processes (even more so than
enterovirus).
Gomila et al. (2008) compared the reduction of bacterial indicators, viral indicators and
enteroviruses in wastewater tertiary treatment systems, such as lagooning and UVradiation, and found that phages infecting B. fragilis and B. thetaiotaomicron were the
most resistant and least susceptible to removal of all indicators investigated.
A major limitation of using bacteriophages capable of infecting Bacteroides spp. as faecal
indicators in surface and shellfish waters seems to be their low sensitivity, resulting from
the fact that they are shed at relatively lower levels than other types of phage. For example
Skraber et al. (2002) was unable to determine the profile of the distribution of B, fragilis
RY2056 bacteriophages in a study of six French rivers because many sampling events
recorded levels of phage below the detection limits of the method.
In an attempt to improve the sensitivity associated with the detection of phages infecting
the human-specific B. fragilis strain HSP40, Puig et al. (2000a) and Puig et al. (2000b)
developed and applied a specific DNA probe, from the reference phage B40-8, capable of
detecting its genetic material during molecular procedures based on the polymerase chain
reaction (PCR), and this method proved to be more sensitive, yielding higher counts of
phages in wastewater, river water and seawater samples.
Despite increasing sensitivity, using PCR techniques for the detection of phages does not
indicate whether or not these phages are still infectious and the method may subsequently
overestimate phage levels. Moreover, using PCR contradicts one of the principles of using
phage-lysis plaque assays, i.e., that they should be both low cost and not require high
technology, thereby being potentially an approach that might be used in less
technologically advanced laboratories. Furthermore, the issue regarding poor geographic
stability of the human-specific strain HSP40 remains, and this may limit its global
usefulness and application.
To date, there have been very few shellfish studies involving bacteriophages capable of
infecting bacteria of the genus Bacteroides. Therefore, their suitability for application as
tools to protect human health within this context is not well understood. A brief review of
previous studies is presented in subsection 2.1.2.4.
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2.1.2.3.1 Bacteriophages infecting Bacteroides fragilis strain GB-124
Also referred to more succinctly as ‘GB-124 phages’, these were first isolated in 2004
during a collaborative study involving various laboratories across Europe that were
searching for new human-specific Bacteroides spp. host strains for different geographical
areas (Payan et al., 2005). This Bacteroides host strain became more widely recognised
after Ebdon et al. (2007) confirmed its human specificity during a study in southeast
England that involved 306 samples of river water, municipal wastewater and faecal
material from animals.
The Bacteroides host was initially classified as being most similar to B. ovatus (Payan et
al., 2005), but was reclassified, following advancements in molecular analysis, as
belonging to B. fragilis, because its 16S rRNA gene sequences exhibited 99% similarity to
various B. fragilis strains (Ogilvie et al., 2012). All 21 GB-124 phages isolated during a
concurrent study conducted by Diston et al. (2012) were found to belong to the
Siphoviridae family. The same study also found that they were likely to be inactivated by
the UV-C fluences delivered in tertiary wastewater UV disinfection processes, sharing
considerable similarity to the inactivation rates of coxsackievirus, echovirus, hepatitis A
virus, poliovirus and rotavirus, and suggesting that they might be appropriate surrogates
for such viruses in tertiary wastewater UV disinfection. Ebdon et al. (2012) also compared
the presence/absence of Norovirus (genogroups GI and GII) and adenovirus (serotypes 40
and 41), both detected by nested PCR, with those of GB-124 phages, and demonstrated
that all municipal wastewater samples positive for adenovirus and/or Norovirus also
contained phages infecting B. fragilis strain GB-124, but that they were absent in the
samples of non-human origin. Furthermore, adenovirus and Norovirus were detected more
frequently in samples containing higher levels of GB-124 phages.
Although host strain GB-124 was originally isolated in Southeast England, phages
infecting this host have been detected in other geographical locations, including Cuba,
Brazil, the US (Hawaii, Cincinnati), and Cyprus (James Ebdon, personal communication).
These bacteriophages were also employed by Nnane et al. (2011) to distinguish human
from non-human faecal pollution during an integrated analysis of water quality parameters
from the River Ouse (Southeast England). Here low levels of GB-124 phage detected at the
majority of sampling stations in the river catchment suggested that the principal faecal
pollution sources were of non-human origin. Moreover this hypothesis was further
supported through analysis of the dynamics of faecal indicator organisms in the same river
during storm conditions (Nnane et al., 2012). These bacteriophages were also employed as
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one of the human-specific markers during the EU Interreg IVA supported project
AQUAMANCHE (Aquatic Management of Catchments for Health & Environment) in
which river catchments in Southern England and Northern France were studied in depth.
To date there has been no reported work on the application of GB-124 phages to
shellfisheries.
2.1.2.4 Bacteriophages as faecal indicators within shellfisheries
Initially, Vaughn and Metcalf (1975) suggested that bacteriophages were unsuitable as
faecal pollution indicators in shellfish matrices, arguing that they might replicate in the
environment and within the shellfish, but experiments undertaken by Burkhardt et al.
(1992b) demonstrated that F-specific bacteriophages were unable to replicate inside hard
shell clams (Mercenaria mercenaria), even with the addition of bacterial hosts cells.
It was then suggested by other authors that bacteria and bacteriophages may have different
rates of bioaccumulation within shellfish. According to Burkhardt et al. (1992a) F-specific
bacteriophages showed significantly higher rates of bioaccumulation in hard shell clams
(Mercenaria mercenaria) than traditional faecal indicators (faecal coliform and E. coli) of
shellfish quality. Furthermore Burkhardt and Calci (2000) conducted similar experiments
with oysters (Crassostrea virginica) on the Gulf Coast (US) that demonstrated that these
molluscs preferentially bioaccumulated F-specific bacteriophages to their highest levels
between November and January, which was not the case for the traditional indicator
microorganisms. Interestingly, this seasonal period of hyper-accumulation coincides with
the majority of shellfish-related illnesses caused by enteric viruses within temperate
climates.
According to Lucena et al. (1994), F-specific bacteriophages are less suitable as indicators
of persistent faecal pollution in mussel (Mytilus edulis) harvesting waters in the
Mediterranean Sea, as they decay more rapidly than somatic coliphages and B. fragilis
(HSP-40) phages, with the fate of the latter resembling that of enteroviruses more than that
of any other indicator organism studied, including the traditional faecal bacteria. The
authors suggested further investigations into the use of such phages as surrogate indicators
of human enteric viruses in shellfish. In contrast, when analysing viral quality of the water,
sediment and cockles at a marine lagoon in Portugal, Alcantara e Almeida (1995) did not
detect B. fragilis strain HSP-40 phages in any of these samples, despite their detection in
the wastewater effluents. Moreover, the authors claimed that none of the proposed
bacteriophage groups correlated with the presence of enteroviruses and rotaviruses,
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suggesting that direct detection of human enteric viruses might be the best way to assess
the viral quality of the marine environment.
During a study of two polluted areas of the Atlantic coast in France, Beril et al. (1996)
found hepatitis A RNA (detected by PCR) in 33% of cockle and 43% of mussel extracts,
while somatic coliphages where demonstrated in 100% and 86% of samples respectively.
Moreover the authors could not establish any correlation between the presence of somatic
coliphages and viral RNA in the shellfish.
Chung et al. (1998) undertook a study into indicators of enteric viruses in oysters and their
harvesting waters recieving chlorinated secondary wastewater efluent at a river estuary in
North Carolina (USA). The study involved F-specific phages (detected by both hosts
WG49 and Famp), Salmonella phages, B. fragilis phages (Strain HSP-40) and traditional
faecal indicator bacteria (faecal coliforms, E. coli, intestinal enterococci and Clostridium
perfringens). The authors found that F-RNA phages accounted for more than 90% of the Fspecific phages detected. The majority of F-RNA bacteriophages found in the wastewater
and in the oysters belonged to genogroup II (which is associated with human pollution)
and it was concluded that F-specific phages, along with Clostridium perfringens, were the
most reliable indicators of enteric viruses and faecal contamination in oysters in these
harvesting areas.
Croci et al. (2000) evaluated the incidence of phages, enteroviruses and hepatitis A virus in
mussels in the Adriatic Sea. Their results showed that F-specific (Famp host)
bacteriophages were not detected in various samples that were positive for hepatitis A and
enteroviruses, leading the authors to suggest that these phages were unsuitable as
indicators of viral pollution in mussels. However, it is important to note that the majority
of these samples also contained very low levels of E. coli, classifying these harvesting
areas as class ‘A’ (<230MPN/100g) according to EU regulations. Therefore the traditional
bacterial indicators also failed to indicate the viral health risk.
Following a two- year study in four oyster harvesting sites (Class ‘A’ and ‘B’), Dore et al.
(2000) suggested that F-RNA phage concentrations in market-ready oysters reflected more
precisely the health risks associated with human enteric viruses than the mandatory E. coli
standard. Their data also showed a seasonality trend of F-RNA phages present in market
ready oysters that correlated with the seasonal occurrence of gastro-enteric illness linked to
oyster consumption in the UK. Furthermore, results from the winter season showed the
highest concentrations and incidence of F-RNA phages, mapping the seasonal incidence of
Norovirus outbreaks. In a more comprehensive study involving 49 harvesting sites, Doré et
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al. (2003) found similar results, reinforcing their previous findings and providing further
evidence of the usefulness of F-RNA bacteriophages as an indicator of the potential viral
risk to human health associated with shellfish.
When evaluating methods for the analysis of bacteriophages and human enteric viruses in
shellfish (the mussel Mytilus galloprovincialis), Muniain-Mujika et al. (2000) found that
phages infecting B. fragilis (RYC2056) were more abundant and more frequently detected
than those infecting strain HSP40. The authors also found that their presence was closely
related to the presence of human viruses, and that they were more stable in shellfish
matrices than F-RNA phages. The authors concluded that phages infecting B. fragilis
(RYC2056) may be suitable viral indicators in shellfish matrices and their overlying
waters. In a later study Muniain-Mujika et al. (2003), compared the presence of viral
pathogens (human adenovirus, enterovirus and hepatitis A virus) and potential indicators
(Escherichia coli, total coliforms, Clostridium perfringens, somatic coliphages, F-RNA
phages and B. fragilis strain RYC2056 phages) in mussels and oysters, and found that the
probability of detecting pathogenic viruses increased when phages of B. fragilis RYC2056
were detected.
Formiga-Cruz et al. (2003) carried out an even broader investigation into the suitability of
bacteriophages as indicators of viral contamination in shellfish, involving the detection of
Escherichia coli, F-RNA bacteriophages, and phages infecting B. fragilis strain RYC2056,
as well as human viruses (Enterovirus, adenovirus, Hepatitis A virus and Norwalk like
virus) in mussels and oysters from 18 harvest sites across Spain, Greece, Sweden and the
United Kingdom. Despite the geographical variation in the occurrence of the indicators
(Table 2.6), the data suggested that the presence of all indicators seemed to be related to
the presence of human viruses at heavily polluted sites, and that F-RNA strongly predicted
levels of Norwalk-like virus, but was of less value in predicting levels of other viruses.
Furthermore, human viruses were detected in shellfish samples even in the absence of E.
coli and F-RNA phages.
Table 2.6 Levels of E. coli and bacteriophages in shellfish collected from Class ‘A’ and
‘B’ areas in European Union Member States
Level a,b (arithmetic mean of site levels)
No
No
Country
of
of
Phages infecting
E. coli
Somatic coliphages
F-RNA phages
sites samples
B. fragilis RY2056
Spain
3
104
54
3,105
33
36
Greece
8
138
75
388
113
87
Sweden
3
54
172
1,682
285
444
U.K.
4
138
120
1,793
363
40
(Adapted from Formiga-Cruz et al. (2003))
a: Values for E. coli are presented as MPN per 100g of shellfish flesh
b: Values for bacteriophages are in PFU per 100g of shellfish flesh
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In a study involving oysters (Crassostrea gigas) and mussels (Mytilus galloprovincialis)
Miossec et al. (2001) demonstrated that F-RNA phages were more efficient than E. coli at
detecting viral (Enterovirus, hepatitis A virus, Norwalk-like virus, astrovirus and rotavirus)
contamination in shellfish. This sensitivity increased with respect to increasing levels of
contamination; but the authors argue that F-RNA did not fully predict viral contamination
in shellfish and recommend that direct detection of the viral pathogens using molecular
methods should be adopted to assess viral risks to shellfish consumers. This same
recommendation was suggested by Lodder-Verschoor et al. (2005) who, following an
investigation into oysters harvested in class ‘A’ and ‘B’ sites in the Netherlands, found
enterovirus RNA in samples independently of levels of somatic and F-specific
bacteriophages.
Levesque et al. (2006) suggested that associating F-specific bacteriophages with E. coli or
faecal coliforms improved the predictive value regarding the presence of pathogens
(Campylobacter spp., Cryptosporidium parvum, Giardia spp., and Salmonella spp.) in
clams (Mya arenaria) from shellfish harvesting sites in Canada. In a subsequent study
using mussels (Mytilus edulis) in relatively unpolluted waters in Nunavik (Northern
Canada), Levesque et al. (2010) did not detect E. coli or F-specific phages, but found that
18% and 73% of the samples contained Giardia duodenalis and Cryptosporidium spp.,
respectively, suggesting potential zoonotic risks to shellfish consumers.
More recently, Lowther et al. (2008) noted an association between levels of F-RNA phages
and those of Norovirus in oysters (Crassostrea gigas) from two commercial sites in the
UK. While there was no evident association with the levels of E. coli, average levels of
Norovirus were found to be up to 40 times higher when F-RNA phages levels were above
1,000 PFU/100g, than when they were below 100 PFU/100g. Furthermore, over a two-year
study involving 197 oyster samples from class ‘A’ and ‘B’ Irish shellfish harvest sites,
Flannery et al. (2009) compared E. coli and F-RNA phages levels with those of Norovirus
detected by real-time PCR. Following statistical analysis, the authors concluded that FRNA phages better-predicted Norovirus contamination in oysters than did E. coli, and that
their levels followed a similar seasonal pattern to that of Norovirus. Table 2.7 compares
Norovirus levels with those of F-RNA phages, which highlighted the potential usefulness
of these bacteriophages as viral indicators in shellfisheries harvest sites to improve public
health protection.
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Table 2.7 Comparison of Norovirus contamination with F-RNA phages levels in oysters
Norovirus
Mean concentration
% (n) positive
(PCR units)
20 (23)
3.9
74 (28)
64.6
92 (11)
874.5

Number of F-RNA
phages
% (n) of total samples
(PFU100 g-1)
<1,000
70.1 (117)
1,000–10,000
22.8 (38)
>10,000
7.2 (12)
(Adapted from Flannery et al. (2009))

2.2 Purification and treatment processes associated with shellfish harvesting
Before being sold at market, bivalve molluscs harvested in class ‘B’ or ‘C’ waters (in the
EU) or in ‘restricted areas’ (in the USA), have to go through some form of commercial
purification process. The purpose of these processes is to eliminate potentially pathogenic
microorganisms that may have bioaccumulated in the molluscs during filter feeding.
Cooking or heat treatment is one of the processes used to kill pathogens present within
bivalve tissues, but most bivalves are consumed raw or slightly cooked, so requires the use
of different techniques, known as relaying and depuration.
2.2.1 Relaying
Relaying is a process in which shellfish harvested in polluted areas are relocated to areas
with higher microbiological water quality, so that when they resume filter-feeding
activities the shellfish gradually cleanse themselves of the previous bioaccumulated
microbial pollutants. Despite little reported evidence of the removal rates of pathogens
from shellfish by relaying, according to Cook and Ellender (1986), the time needed in the
relaying areas depends both on the level of contamination from the original harvest area
and the water temperature of the relaying site.
Humphrey and Martin (1993) demonstrated that in relaying experiments conducted in
estuaries adjacent to commercially used relaying sites, and with oysters previously exposed
to untreated sewage effluents, there was a seasonal variation in the removal rates of
bacteriophages (viruses) and bacteria, with more rapid removal occurring during the
summer. The study also showed that E. coli was removed at a faster rate than were
bacteriophages. Furthermore, they found that F-RNA bacteriophages were removed more
rapidly than somatic coliphages (50% within 4-6 days and 90% after 12 days compared
with 50% in 10-14 days and 90% in 6-8 weeks, respectively). The authors concluded that
because of their slower removal rate, somatic coliphages may be a better choice to test
relaying efficiency than F-RNA phages, and that oysters should be relayed for at least six
weeks during summer months and for longer periods during winter months.
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Other researchers have also found that short relaying periods (e.g., three days) are
inefficient for removing microbial pollution, especially viruses (Ho and Tam, 2000). Doré
et al. (1998) suggested that in heavily contaminated shellfish a relaying period of four to
six weeks followed by artificial depuration would be sufficient for removing pathogenic
viruses.
Loisy et al. (2005) used rotavirus-like particles as models for pathogenic virus removal in
relaying sites, and found that highly contaminated shellfish retained the viruses for 82
days, whereas the viruses were absent from mildly contaminated shellfish after 37 days.
EU regulations specify a minimum of two months for class ‘C’ areas (CEC 253/2004).
2.2.2 Depuration
The depuration of shellfish was first introduced at the end of the 19th and the beginning of
the 20th centuries to reduce outbreaks of typhoid fever, caused by the bacterium
Salmonella typhi, which was associated with shellfish consumption. Depuration is a
process in which cleansing occurs in a controlled environment, for instance the immersion
of shellfish in tanks containing clean seawater to allow microbial contaminants to be
purged in water that is constantly re-circulated and sterilised to avoid recontamination. The
process of depuration has proved to be effective at removing bacteria, but appears to be
less effective at removing viruses and naturally occurring vibrios, marine biotoxins and
heavy metals (Power and Collins, 1989; El-Shenawy, 2004; McLeod et al., 2009).
Depuration processes vary in a number of ways: first, with regard to the water flux, which
can be recycled or operated on a single pass-through flow; secondly with regard to their
design (i.e., shallow tank, multilayer system, stack system, bulk bin, etc.); and thirdly in
the way in which the seawater is sterilised (chlorination, UV light, ozonation and
iodophors) (Schneider et al., 2009).
In order for the depuration process to be effective, there are several conditions that need to
be met such as the provision of: (1) optimum physiological conditions so that the
resumption and maintenance of filter-feeding activity occurs during the process (this is
achieved by ensuring adequate levels of dissolved oxygen, stocking densities, shellfish to
water ratio, water flow, salinity levels, temperature, turbidity and lack of disturbance); (2)
optimum removal and separation of the faecal contaminants excreted by the shellfish
(achieved by appropriate system design); and (3) optimum quality of seawater to feed the
system and to avoid contamination or re-contamination of the shellfish (Lee et al., 2008;
Schneider et al., 2009). While the culture and harvesting of shellfish from water
categorised as class ‘A’ (EU) or ‘Approved’ (US) is obviously the most desirable option
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(in terms of protecting human health), such areas are increasingly scarce. Therefore,
depuration methods are becoming one of the most routinely and widely used treatment
processes for shellfish harvesting worldwide.
Depuration periods differ around the world, but two days is the most common period used
(Lees, 2000). These periods are generally based on the concentration and removal rate of
bacterial indicator organisms present, and are not necessarily related to those of pathogens,
especially viruses and vibrios. A 48-hour depuration period may be sufficient to remove
most wastewater–derived pathogenic bacteria and about two-thirds of pathogenic viruses
(Lee et al., 2008), though five days might be required to remove the majority of pathogenic
viruses (Muniain-Mujika et al., 2002). EU regulation 853/2004 (EC 2004b) specifies a
minimum of 42 hours of depuration; while according to US regulations (NSSP), 48 hours
are required.
The microbiological quality of seawater used in the depuration process and in the shellfish
themselves must be constantly monitored, with a frequency stipulated by the responsible
agency or the outcome of HACCP studies. The disinfected seawater should not contain any
faecal indicator organisms, while post depuration shellfish samples should not contain
more than 230 E. coli (300 faecal coliforms) per 100 grammes of flesh (EC 2004b).
2.2.3 The presence and persistence of faecal indicator bacteria and viruses in
depurated shellfish
The previously mentioned differences in removal rates of widely used bacterial indicators
and those of pathogenic viruses during the depuration process have led to the publication
of numerous removal studies, some of which have investigated the detection and
enumeration of bacteriophages as indicators of pathogenic virus removal (Doré and Lees,
1995; Muniain-Mujika et al., 2002; Love et al., 2010).
For instance, Power and Collins (1989) carried out a series of experiments on commercial
scale depuration systems, and found that E. coli removal rates in mussels (Mytilus edulis)
were greater than those of somatic coliphages (a 3.18 log reduction in E. coli compared
with a 0.87 log reduction in somatic coliphages). The authors also found that the highest
levels of bacteria and bacteriophages were consistently isolated from the digestive tract of
mussels (94% of E. coli and 89% of somatic coliphages) and that they were differentially
eliminated from this tissue, while in other tissues removal rates were similar for both
microorganisms.
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Similarly, Demesquita et al. (1991) found a statistically significant difference in the
elimination rate of three faecal indicator bacteria (E. coli, faecal streptococci and
Clostridium spores) compared with two groups of bacteriophages (F-RNA phages and
somatic coliphages) in a depuration study conducted using mussels (Mytilus edulis).
Doré and Lees (1995) also analysed the behaviour of E. coli and FRNA phages in mussels
and oysters, both before and after depuration, and found that E. coli levels were reduced by
90% after just 6.5 hours, whereas levels of F-RNA phages took 47.3 hours to reduce by
90% in mussels, and 54.6 hours in oysters. In addition, they found that prior to depuration
the majority of indicators (90.1% of E. coli and 87.3% of F-RNA phages) were
concentrated in the animal’s digestive tract, and that after 48 hours both were undetected in
all tissues, except in the digestive tract (which still contained 30% of F-RNA phages, but
no E. coli). These findings are further confirmation of the differential reductions in levels
of bacterial and viral indicators, and of the retention of virus particles in the digestive tracts
of certain shellfish.
Muniain-Mujika et al. (2002) assessed depuration dynamics in shellfish; comparing the
presence of human adenovirus and enterovirus with concentrations of Escherichia coli,
Clostridium perfringens, somatic coliphages, F-RNA phages and bacteriophages infecting
Bacteroides fragilis strains RYC2056 and HSP40. They found that after just five days
human viruses were undetected and that F-RNA phages were the indicators that showed
the best correlation with the removal of human viruses from the shellfish. They also
demonstrated that F-RNA phages could be used as a complementary parameter to evaluate
the efficacy of depuration systems.
Savini et al. (2009) detected norovirus RNA in shellfish both before and after depuration,
and found that there was no statistical difference between the levels in depurated and nondepurated samples. Love et al. (2010) also found that the removal rates of E. coli and
Enterococcus faecalis during the depuration of oysters (Crassostrea virginica) and clams
(Mercenaria mercenaria) were higher than those of hepatitis A and poliovirus, suggesting
that they are poor indicators of the virological quality of depurated bivalve shellfish.
More recently, Doré et al. (2010) combined relaying and depurating oysters from a class
‘A’ harvesting site in Ireland that had been involved in Norovirus outbreaks. The oysters
were relayed from the harvest area to an area believed to be free of sewage contamination,
and Norovirus (GII) levels decreased from 2,900 to 492 viral genome copies per gramme
over a 17-day period. Following depuration at 15 to 17°C, Norovirus (GII) levels were
reduced to 136 viral genome copies per gramme within four days. This resulting Norovirus
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level was similar to those background levels detected in the harvest area before the
gastroenteritis incidents, suggesting that combining the two purification techniques can
efficiently remove viral contamination. However, it is important to note that the treated
oysters were from a class ‘A’ harvesting area (less than 230 MPN E. coli/100g), and would
therefore not need to undergo purification processes. It is unclear whether this technique
would work in shellfish harvested from more polluted sites (class ‘B’ and/or ‘C’).
2.3 Microbial source tracking (MST) within shellfisheries
Because microbiological impairment of drinking, recreational and shellfish harvesting
waters is assessed by monitoring concentrations of faecal indicator organisms (FIO) that
are found in faeces of a wide range of warm-blooded animals, identifying their primary
sources is vital for accurate risk assessment, selecting effective remediation strategies, or
for bringing polluted waters into compliance with regulatory requirements.
Microbial source tracking (MST) is a relatively new field of science that aims to identify
and/or distinguish the sources of faecal pollution in faecally contaminated waters and/or
shellfish sample matrices. There are many methods suggested for MST, which may be
either cultivation-dependent or cultivation-independent. These methods may be further
subdivided into library-dependent and library-independent methods. However, the majority
of these methods have been found to be relatively complex, time-consuming and expensive
to perform. A detailed description of the available MST methods is beyond the scope of
this research project. However, detailed reviews (Scott et al., 2002; Simpson et al., 2002;
Meays et al., 2004; Field and Samadpour, 2007; Santo Domingo et al., 2007; Santo
Domingo and Sadowsky, 2007; and Hagedorn et al., 2011) describe the various methods
and their potential applications.

There are two main factors driving the application of MST studies within European
shellfisheries. The first of these is financial. Considerable economic losses are associated
with the closure or downgrading of shellfish harvesting areas following faecal
contamination (Maiolo and Tschetter, 1981). The second factor is source-specific risk.
Although zoonotic pathogens have been detected in shellfish (Gómez-Couso et al., 2005;
Leal et al., 2008; Giangaspero et al., 2009), human viral pathogens tend to be the primary
cause of faecally-borne diseases related to shellfish consumption. Therefore when the
failure of traditional bacterial indicators to detect viral contamination effectively in
shellfish harvesting waters is taken into account, the importance of source discrimination
becomes obvious, as human sources theoretically pose a greater risk to human health.
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Accurate information regarding the origin of such contamination may also help to establish
responsibility and liability for the control and remediation of pollutant inputs into shellfish
waters. Table 2.8 summarises the results and limitations of selected previously published
MST studies involving shellfisheries.
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Table 2.8 A summary of the key findings and limitations of selected published MST studies involving shellfisheries
Method/location

Target organism/markers

Sample matrices/faecal
sources
-Upstream waters,
estuary waters, oyster
overlying waters
-Cattle, chickens,
humans
-Overlying waters,
animal faeces
- Human, animal (birds,
cats, deer, dogs, pelicans,
raccoons, seagulls)
-Clam overlying waters
-Human, animal (deer
and racoon)

-Antibiotic
resistance
analysis (ARA)
-Australia (NSW)

-Faecal streptococci

-Ribotyping
-US
(South Carolina)

-E. coli.

-DNA finger
printing
-US

-E. coli

-Multiplex realtime RT-PCR
F-RNA phage
genotyping
-New Zealand
-F-RNA
bacteriophage
genotyping
-US
(FL, NC, DE,
NH, MA, RI and
CA)

-F-RNA bacteriophages

-Oysters, mussels, pipis
and cockles
-Human , animal

-F-RNA bacteriophages

-Oysters, mussels, clams
and overlying waters

Main findings

Reference

- No significant single source of faecal contamination

Geary and
Davies
(2003)

-Impairment of shellfish harvesting waters caused by high levels
of faecal pollution in the watershed
- E. coli Ribotyping suggesting that the majority of this faecal
pollution (88%) originated from animal sources (deer, dogs and
others)
-Believed human faecal pollution threatening shellfish closure,
turned out to be from animal sources (deer and racoon)
- Reduction of 2-log magnitude in shellfish waters faecal
coliform concentrations after removing wildlife from areas
adjacent to the shellfish beds.
- Developed real time RT-PCR method able to quantify the four
F-RNA genogroups used to discriminate faecal sources
- Genogroup II occurred in higher frequency and concentration
in both shellfish and water samples, suggesting human faecal
pollution
- Successfully genotyped 98% of all samples
- No significant difference in method efficiency between
shellfish species
- F-RNA genogroup II found more frequently in human
impacted sample sites
- More F+ RNA coliphages were genotyped from colder water
than warmer waters

Scott et al.
(2004)
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Anon.
(2006)

Wolf et al.
(2008)

Love et al.
(2008)

Table 2.8 A summary of the key findings and limitations of selected published MST studies involving shellfisheries (continued)
Method/location

Target organism/markers

Sample matrices/faecal
sources

-F-RNA
bacteriophage
genotyping
-France

-F-RNA bacteriophages

-Oyster, overlying waters
and birds droppings
- Birds

-PCR library
independent
human and
specific
molecular
markers
-USA
-F-RNA
bacteriophage
genotyping
-France

-Enterococcus faecium
(human specific marker esp
gene)

-Oysters, overlying
waters and sediment
- Human

-F-RNA bacteriophages

-PCR library
independent
human and
animal specific
molecular
markers
-France

-Human, pig and ruminant
specific 16S rRNA
Bacteriodales genes,
respectively; Hum-1-Bac
and HF183, Pig-2-Bac and
Rum-2-bac

Main findings

Reference

-Oyster growing frames, roosting birds
-Faecal pollution greater under growing frames
- Bird’s faeces might be causing shellfish bed impairment
- In shellfish samples 56% of F-RNA phages genotyped as
group I indicating animal faecal pollution
- Regulatory standards for faecal coliforms (shellfish) and
enterococci (recreational waters) were infrequently exceeded,
although human specific esp gene marker was frequently
detected

Delorez et
al. (2009)

-Oysters, mussels
-Human, animal

-Weak presence of F-RNA phages in class A harvesting areas
-Total shellfish flesh analysed, only able to genotype in 43% of
the 70 harvesting sites assessed, and suggesting that assessing
shellfish digestive gland might improve method sensitivity
- Identified that main source of faecal pollution in the Daoulas
estuary was from animal sources

Caprais et
al. (2009)

-Water upstream of the
shellfish harvesting areas
-Human, pig, bovine,
equine

Ruminant marker more often quantified (61%), although human
(45% and 48%) and pig (30%) markers also quantified,
indicating faecal pollution from multiple sources

Mieszkin et
al. (2009)
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Korajkic et
al. (2009)

Table 2.8 A summary of the key findings and limitations of selected published MST studies involving shellfisheries (continued)
Method/location

Target organism/markers

Sample matrices/faecal
sources
-Mussels (Mytilus edulis)
-Cockle (Cerastoderma
edule)
-Overlying water

-PCR library
independent
human specific
molecular
markers
-Denmark

-Enterococcus faecalis
(human specific marker
M66); Enterococcus faecium
(human specific marker esp
gene)

-PCR library
independent
human and
animal specific
molecular
markers
-Denmark

-Enterococcus faecalis
(Human specific marker
M66); Enterococcus faecium
(human specific marker esp
gene); Enterococcus hirae
(animal specific marker
M19); Enterococcus mundtii
(animal specific marker M90
and M91); Human
associated E. coli subgroup
B2 VIII clone
-Mitochondrial DNA
(mtDNA)

-Mussels (Mytilus edulis)
-Human and animal

-General, human and
ruminant Bacteroidales
markers (Bac32, HF183,
CF128) + other human
markers Methanobrevibacter
smithii nifH gene and human
polyomaviruses JCV BKV

-Green shell mussels
(Perna canaliculus),
Blue mussels (Mytilus
edulis), river and
shellfish overlying water
-Cattle, sheep, human

-Real time PCR
analysis of
mitochondrial
DNA targets
-UK.

-PCR library
independent
human and
animal specific
molecular
markers
-NZ

-Spiked pacific oyster
(Crassostrea gigas) and
spiked water from a
microcosm experiment
-Pig, horse, cow, sheep
and human

Main findings

Reference

- Human associated molecular markers more often detected in
the shellfish than in their overlying waters
-Human associated molecular markers remained detectable for
120h in mussels after faecal contamination
-Bivalve molluscs may be considered as additional targets in
MST studies as they represent the water quality over extended
time relative to grab samples
- Human and animal associated molecular markers more often
detected in the shellfish samples than in their overlying waters
-Both human and animal markers detected in mussels
suggesting faecal pollution of varied source (e.g. agriculture
runoff + human wastewater)

Roslev et
al. (2009)

- Correctly identified 85% of samples
- Results in less than 5 hours
- mtDNA degradation appeared to be similar to that of faecal
indicators
- Inaccurate results (15%) probably because of human crosscontamination (i.e. skin cells) in the laboratory.
-Method appears to be applicable to shellfish and water matrices
-After a moderate flood event river plume transported faecal
contamination 6 km offshore in the Tasman bay into the
shellfish farming areas
- Microbial source tracking study identified that the main
sources of faecal material were cattle and sheep

BakerAustin et
al. (2010)
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Roslev et
al. (2010)

Cornelisen
et al.
(2011)

2.4 Direct pathogenic virus detection within shellfisheries
The problems associated with contamination of human pathogenic viruses in shellfish,
such as the failure of bacterial indicators to assess viral contamination and failure of
purification systems to eliminate viral health risks in the end-product, stimulated the
development of methods able to directly detect pathogenic viruses in shellfish sample
matrices.
Since the majority of human pathogenic viruses are non-cultivable, their detection methods
employ molecular based techniques, especially those of the Polymerase Chain Reaction
(PCR) (Lees, 2000). Over the past twenty years, these techniques have been extensively
enhanced during numerous shellfish-related studies around the world (Lees and Cen Wg,
2010). Early studies using shellfish flesh as a sample matrix for assessing viral
contamination (Lewis and Metcalf, 1988) led to problems with the PCR, since this matrix
may contain PCR inhibitors and relatively low concentrations of viruses (Lees et al.,
1994). Romalde et al. (1994) introduced the use of the shellfish digestive diverticulum, or
digestive gland as a sample matrix. This organ corresponds to approximately 10% of the
body mass and has been shown to concentrate the majority of contaminating viruses and
bacteria within the shellfish (Metcalf et al., 1980). It contains less inhibitory substances
and more viruses per gramme, enhancing the sensitivity and quality of the virus extract
(Atmar et al., 1995).
Many published studies, involving the development of methods, or the application of
molecular-based detection techniques for detecting pathogenic viruses in shellfish, have
used conventional PCR (Atmar et al., 1995; Green et al., 1998; Le Guyader et al., 2000),
which gives qualitative results, only detecting the presence/absence of the target virus and
not the number of gene copies present (i.e., quantitative results). As hepatitis A and
Norovirus (Norwalk-like virus) are the main aetiological agents responsible for viral
infectious outbreaks associated with shellfish, PCR methods for their detection are the
most widely researched and reported in the scientific literature (Atmar et al., 1995;
Mullendore et al., 1999; Shieh et al., 2000; Mullendore et al., 2001; Nishida et al., 2003;
Shieh et al., 2003).
Some examples of such studies include those of Boxman et al. (2006), who used a seminested RT-PCR to detect the presence of Norovirus RNA in 4.8% of the oyster samples
harvested from Dutch oyster farms. The authors also found that 12.5% of imported oyster
samples and 38.5% of imported mussel samples analysed were Norovirus RNA positive.
Likewise, Costantine et al. (2006), used a reverse RT-PCR technique in a study during
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summer and winter of 2002/2003, and detected human and animal caliciviruses in oysters
harvested from 45 bays along the United States coast with 20% of the samples being
positive for human Norovirus genogroup II.
However, other viruses were also targeted by conventional PCR studies in shellfish
matrices. For instance, Pina et al. (1998) detected human adenoviruses, enteroviruses, and
hepatitis A viruses by PCR in mussels (Mytilus galloprovincialis) and clams (Mercenaria
mercenaria) from shellfish harvest areas near Barcelona (Spain), and suggested human
adenovirus as an index of the presence of other human viruses in shellfish. Le Guyader et
al. (2000) detected hepatitis A, Norwalk-like virus, enterovirus, rotavirus and astrovirus,
by reverse transcription-PCR, during a three-year study in the south of France while
assessing the presence of these viruses in oysters (Crassostrea gigas) and mussels (Mytilus
galloprovincialis), and found that viral contamination of shellfish occurred mainly during
the winter months. Kou et al. (2008) used a multiplex transcription polymerase chain
reaction (RT-PCR) to detect simultaneously Norovirus and Rotavirus from oysters
harvested in culture ponds in Guangzhou city (China).
Detection of human viruses by PCR is included in many studies that have assessed the
feasibility of using bacteria and bacteriophages to indicate the presence of these viruses
within shellfish sample matrices. Some of these studies (Croci et al., 2000; Doré et al.,
2000; Miossec et al., 2001; Formiga-Cruz et al., 2003; Muniain-Mujika et al., 2003) were
previously summarised in this thesis (see section 2.1.2.4).
More recently, real-time or quantitative PCR has been developed for shellfish monitoring
(Nishida et al., 2003; Jothikumar et al., 2005; Loisy et al., 2005a; Costafreda et al., 2006;
Le Guyader et al., 2009), as an extension of conventional PCR, but with significant
advantages, such as, being less likely to cross-contaminate samples, logistical efficiency,
being quantitative and also suitable for standardisation (Lees and Cen Wg, 2010).
The development of various PCR methods for the detection of pathogenic viruses in
shellfish, combined with existing differences between testing laboratories (e.g., shellfish
species, equipment, reagents, viral type, etc.) led to many collaborative studies aimed at
comparing methods and protocols from different authors (Atmar et al., 1996; Di Pinto et
al., 2004; Le Guyader et al., 2004; Schultz et al., 2007; Uhrbrand et al., 2010).
Currently, no standard methods have been published. As standardisation is necessary for
the adoption of methods for the direct detection of viruses by a regulatory framework, a
European standardisation working group recently started to develop quantitative and
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qualitative standard methods for virus detection in shellfish, which might be incorporated
into future EU legislation as standard methods (Lees and Cen Wg, 2010); these methods
target the main viruses of concern for bivalve shellfish, namely, hepatitis A (HAV) and
principally Norovirus.
According to Wang et al. (2008), who carried out immunoassays to analyse the distribution
of Norovirus in oyster tissues following artificial contamination, Norovirus was detected in
all of the analysed tissues, however the greatest rates of bioaccumulation occurred in the
gills and digestive glands. According to Le Guyader et al. (2006b), Norovirus has the
ability to bind specifically to oyster digestive ducts using carbohydrate structures similar to
their human ligands. Furthermore Maalouf et al. (2010) suggested that human GI.1 and
GII.4 strains recognise these ligands differently and that this may explain some of the
distinctive epidemiological features of different genogroups.
Despite the issues cited above, the proposed standard method for detecting Norovirus in
shellfish tissues targets the presence of both genogroups I and II in the digestive glands, as
these are the most prevalent in humans (Lees and Cen Wg, 2010).
More recent research has used the standard method proposed by Lees and Cen Wg (2010)
as a means to detect and quantify Norovirus in shellfish (Flannery et al., 2012; Lowther et
al., 2012a; 2012b; Suffredini et al., 2012).
In a two-year systematic study to assess Norovirus contamination in oysters from
commercial harvesting areas in the UK, Lowther et al. (2012a) found Norovirus in 76.2%
(643/844) of samples. Genogroup I was detected more frequently than genogroup II, in
68.5% and 55.3% of samples, respectively. Furthermore, there was a noticeable
seasonality, with a positive rate of 90.0% for samples taken during autumn/winter months
(October-March) compared with 62.4% for samples taken during spring/summer months
(April-September). The authors also correlated Norovirus concentrations with those of E.
coli (see section 2.1.3). Norovirus genogroup levels in tested samples varied widely.
Genogroup I recorded the maximum number of 16,507 copies/g, whereas for genogroup II
this was 18,024 copies/g. A summary of Norovirus genogroup levels found by Lowther et
al. (2012a) is presented in Table 2.9 below.
Table 2.9 Norovirus levels found in oysters from harvesting sites in the UK
Not
<100
detected
(copies/g)
GI
266 (31.5%)
376 (44.5%)
GII
377 (44.7%)
200 (23.7%)
(Adapted from Lowther, 2011)

100-999
(copies/g)
168 (19.9%)
172 (20.4%)
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1,000-10,000
(copies/g)
31 (3.7%)
89 (10.5%)

>10,000
(copies/g)
3 (0.4%)
6 (0.7%)

In another study that also used the proposed standard method for Norovirus detection and
quantification, Lowther et al. (2012b) compared Norovirus RNA levels in outbreak-related
oysters with background environmental levels. They found that, despite one outbreakrelated sample that contained fewer than 152 copies per gramme, the geometric mean of
the levels in outbreak samples was 1,048 copies per gramme, whereas for positive non–
outbreak-related samples it was 121 copies per gramme. In conclusion, the authors
suggested that these observations could assist the formation of threshold criteria for
Norovirus risk management within shellfisheries.
Despite advances in detection and quantification of Norovirus in molluscan shellfish by
molecular methods, it has been pointed out that the use of PCR techniques does not
differentiate between infectious and non-infectious viruses, as amplified nucleic acid could
originate either from viable viruses, or from damaged non-infectious viruses (Lees, 2000;
Koopmans and Duizer, 2004). Therefore, the high percentage of Norovirus positive
samples, such as those reported by Suffredini et al. (2012) and Lowther et al. (2012a) does
not necessarily mean that they all pose the same level of risk to consumers.
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Chapter 3:
Materials and methods
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3 Materials and methods
3.1 Method development
3.1.1 Adjustments to faecal coliform and intestinal enterococci enumeration
Enumeration of faecal coliforms and intestinal enterococci in water samples and shellfish
homogenates followed standard methods: ISO 9308/1:2000 and ISO 7899/2:2000
respectively. Both methods are based on membrane filtration of the sample followed by
incubation on a selective agar medium. Because of their viscosity, shellfish homogenates
tended to clog membrane filters. Work by Grabow et al. (1991) has suggested some
techniques that allow the filtration of shellfish homogenates. Furthermore, Grabow et al.
(1992) proposed the inclusion of spread plate techniques for enumerating faecal coliforms
in shellfish.
During preliminary laboratory work, various volumes (0.1 ml; 0.5 ml; 1.0 ml; 5.0 ml; 10.0
ml) of mussel homogenates were trialled to check their ability to cross the membrane
filters. These were diluted in quarter strength Ringer’s solution (Oxoid®) during filtration
and the volume that showed greatest filtration efficacy was found to be 0.5 ml of mussel
homogenate diluted in 10.0  1.0 ml of Ringer’s solution. This volume was subsequently
adopted for the entire research programme, in a modification of the standard method.
In addition, a spread plate technique using 0.5 ml samples of mussel homogenates was
used during most of the research programme. Briefly, mussel homogenates were spread,
with a sterile stainless steel rod, onto membrane faecal coliform (mFC) agar (Difco®) and
onto membrane Enterococcus (mEnt) agar (Difco®) in Ø 90mm petri dishes. Plates were
then incubated for 24 and 48 hours, respectively. (Note: plates were not inverted prior to
incubation to avoid the sample dripping). Results from this approach did not differ
statistically, from the adapted membrane filtration method for shellfish homogenates (see
results of laboratory studies in Chapter 4).
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Faecal coliform

Intestinal enterococci

Figure 3.1 Faecal coliform and intestinal enterococci growing on agar media following
spread plate and membrane filtration techniques
3.1.2 Adjustments to bacteriophage enumeration
The procedures for enumerating all bacteriophage groups were based on the double-agarlayer standardised methods ISO 10705-1:2001; ISO 10705-2:2001; ISO 10705-4:2001
(Anon., 2001a; Anon., 2001b; Anon., 2001c); and on the CEFAS generic operating
procedure SOP1671 (Anon., 2007), with minor modifications extracted from peer
reviewed publications, as described herein.
Work by Muniain-Mujika et al. (2000) evaluated methods and analysis of bacteriophages
in shellfish homogenates, and suggested that a method described by Pina et al. (1998),
which used a glycine buffer (pH 10) as eluent and clarification by centrifugation at 2170 G
for 15 minutes, seems to be the most efficacious.
Sobsey et al. (1978) and Formiga-Cruz et al. (2003) also used a centrifugation speed of
2170 G when clarifying shellfish homogenates, while CEFAS generic operating procedure
SOP1671 employs a speed of 2000 G for 15 minutes. Various other authors have used
different centrifuge speeds and times: e.g., 1000 G (Humphrey and Martin, 1993); 2500 G
(Pina et al., 1998; Lucena et al., 1994); 3500 G (Croci et al., 2000); and 5900 G (Chung et
al., 1998). Consequently, during the preliminary stages of this research, two centrifuge
speeds were tested, namely, 2000 G and 3120 G. Furthermore, 2000 G resulted in better
phage recovery (see section 4.1).
Another method adjustment involved filtering mussel homogenate supernatant and
overlying waters following centrifugation in order to remove background contamination.
This was achieved using 0.22-µm syringe-driven polyethersulfone filters (Merck,
Millipore®) attached to 10 ml sterile plastic syringes (Plastipak®). This procedure aimed to
remove background bacteria present in mussel homogenates. When not filtered, such
background contamination of the agar impaired the enumeration of bacteriophages
infecting Bacteroides fragilis strain GB-124. A concern when adopting additional filtration
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steps is that it could also reduce the levels of bacteriophages present in the sample, as the
filter may also remove them. However, Tartera et al. (1992) suggested that because of the
low protein binding nature of bacteriophages, these filters are likely to retain low levels of
bacteriophage. Once again, pilot studies were conducted to determine whether there was a
significant difference between the levels of each group of bacteriophages recovered from
filtered and non-filtered mussel supernatants. Surprisingly, the filtered supernatants
showed the highest concentrations of bacteriophages (see section 4.2).
Following initial trials, glycine buffer (pH10) emerged as the preferred eluent; 2000 G as
the optimal centrifuge speed; 15 minutes as the optimal centrifuge time; and all samples
were filtered (0.22 µm) for subsequent bacteriophage recovery assays during this study.

Figure 3.2 Background contamination from unfiltered mussel homogenates impairing the
enumeration of GB-124 phages
3.2 Field-based research
During the environmental field-based research, the microbiological status of mussels
(Mytilus edulis) and their overlying waters in a river estuary in southeast England was
assessed using standard methods with minor adaptations. Three sample matrices, namely
overlying water; mussel flesh and intravalvular liquor (mussel flesh); and mussel digestive
gland (mussel gland), were analysed for the presence of six faecal pollution indicators.
These were: faecal coliforms; Escherichia coli; intestinal enterococci; somatic coliphages;
F-specific RNA bacteriophages (F-RNA phages) and bacteriophages infecting Bacteroides
fragilis strain GB-124 (GB-124 phages). Additionally, the detection and quantification of
human Norovirus genogroups GI and GII in the mussel digestive glands were achieved by
molecular methods (RT-PCR).
3.2.1 Site description
The River Ouse estuary (Sussex, UK) is not classified under the current European Union
(EU) regulation (EC) N0 854/2004 (European Communities 2004) as a shellfish harvesting
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area. However, pilot studies indicated that its levels of faecal pollution resembled those of
the majority of classified shellfish sites in the UK, a premise that was later confirmed by
survey data.
The riverside sample site was located in the small village of Piddinghoe, population 264
(East Sussex in Figures, 2012), approximately 4 km north of the port town of Newhaven,
where the River Ouse meet the sea (English Channel). Sampling site GPS coordinates are:
latitude (Lat) = 50˚48’595N; longitude (Long) = 000˚02’196E; and altitude below sea level
(Alt) = -3m. The river Ouse consists of about 290 kilometres of main river and tributaries
and its tidal limit is at Barcombe Mills (OS grid reference TQ432149) (OART, 2012). One
of the river’s tributaries (the Uck) has relatively steep slopes and can produce relatively
rapid run-off, causing the river to respond quickly to heavy rainfall events. In contrast the
slopes of the main river are not as steep and the river flows through gently undulating
countryside. It is characterised by a broad floodplain, through which the river meanders to
Lewes and then becomes tidal at Barcombe Mills, as it approaches the coast at Newhaven
(EA, 2009). According to the NTSLF (2013), the highest predicted astronomical tide at
Newhaven between 2008 and 2026 is 7.32 m, whereas the lowest is 0.11m; mean high
water of spring tides is 6.72 m; mean high water of neap tides is 5.22m; mean low water of
neap tides is 2.09 m; and mean low water of spring tides is 0.75 m. Typical river
discharges characteristics, from data collected between 1956 and 2012 at the Barcombe
gauge, include a mean flow of 3.483 m3/s; Q95, 95% exceedance (the 5 percentile flow) of
0.288 m3/s; Q50, 50% exceedence (the 50 percentile flow) of 1.46 m3/s; and a ; Q10, 10%
exceedence (the 90 percentile flow) of 7.987 m3/s (NRFA, 2013).
Sources of faecal pollution within its catchment are mostly rural, but treated and
occasionally untreated human wastewater from towns such as Lewes, Haywards Heath and
Uckfield also contribute to the faecal load (Environment Agency, 2006). According to
Ebdon et al. (2007), there are over 20 municipal wastewater treatment works (WWTW)
discharging partially-treated wastewaters into the river system. The tidal area of the river
contains large beds of mussels (Mytilus edulis). Though, not classified as a shellfish
harvesting area, local residents collect the mussels for human consumption.
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(sample site)
Sample site

English Channel
Figure 3.3 Research site location on the River Ouse (Sussex) catchment
(Map courtesy of OART, 2012)
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Figure 3.4 Piddinghoe (River Ouse) mussel beds
3.2.2 Sampling protocol
During the first 13 months of the research (preliminary research/pilot studies), samples
were collected on a monthly basis. During the remaining 13 months they were collected
fortnightly (main survey).
Samples were always collected during low tide and early in the morning (08.00 - 10.00 h).
On each sampling occasion mussels were handpicked from a depth of approximately 20
cm below the water surface and from mussel beds that remained submerged for the
majority of the time. Overlying water samples were collected from a depth of 15 cm below
the surface at the same location. As soon as they had been collected, the samples were
placed in sterile polyethylene containers (Fisher Scientific, UK), and transported within an
hour to the Environment and Public Health Research Unit (EPHRU) laboratory, and
processed immediately.

Figure 3.5 Early morning mussel sampling at Piddinghoe (River Ouse)
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An additional intensive sampling exercise was conducted during the highest (7.24 m) and
lowest (0.16 m) equinoctial spring tide at Piddinghoe/Newhaven for the last five years
(NOC, 2012) on 22 March 2011. Overlying water samples were taken every 30 minutes,
while mussel samples were taken at: 07:00 h (Low tide); 11:00 h (Low-mid tide); 13:00 h
(High tide); 16:00 h (Mid-low tide) and 19:00 h (Low tide). To allow the collection of
mussel samples during mid and high tides, mussels were placed in perforated polyethylene
containers (Fisher Scientific, UK) during the morning low tide; containers were then tied to
a nylon rope and retrieved at the designated sampling time. All water and mussel samples
were kept in a cooled container (4°C) and shipped within three hours directly to the
Environment and Public Health Research Unit (EPHRU) laboratory at Brighton
University, and processed immediately.

Figure 3.6 Perforated polyethylene containers containing mussels (tidal sampling event)
3.2.3 Measurement of physico-chemical parameters
The physico-chemical characteristics of the overlying waters were measured directly ‘in
situ’ at the same time as mussel and water samples were taken. A GPS Aquameter
(AquareadTM) and YSI® 550A handheld dissolved oxygen meter were used to measure the
following parameters: DO = dissolved oxygen (milligrammes per litre (mg/l)); T =
temperature (degrees Celsius (˚C)); Sal. = Salinity (parts per thousand (‰)); Turb. =
Turbidity (nephelometric turbidity units (NTU)); TDS = total dissolved solids (mg/l); and
pH = acidity/basicity. Instruments were calibrated prior to sampling, following
manufacturers’ guidelines. Physico-chemical data were then used in combination with
microbiological data during statistical analysis.
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3.2.4 Meteorological and hydrographical data (rainfall and river flow)
Rainfall and river flow data were obtained via the UK Environment Agency (EA)
hydrometry and telemetry office (Pevensey, Southeast Region). Data corresponded to the
hydrometric station located at Barcombe Mills (River Ouse tidal limit). Rainfall was
measured by a tipping bucket rain gauge, reported in millimetres/day (mm/day). Ultrasonic
sensors measured river flow and the mean daily flow was expressed in cubic metres per
second (m3/s). Average river flow and rainfall for one, two, three and seven days prior to
sampling events were calculated and later used during statistical analysis of the
microbiological data.
3.3 Laboratory analyses
3.3.1 Preparation of samples
Overlying waters: No pre-treatment of overlying water samples prior to analysis was
required. On arrival at the laboratory, samples were refrigerated (4˚C) for a maximum
period of three hours prior to analysis.
Mussel matrices: Mussel samples were processed on arrival at the laboratory following
standard procedures (HPA, 2004; Anon., 2008) with minor modifications. Essentially, for
every sampling event, 45 mussels were collected, and separated into three batches of
approximately 15 mussels (equivalent to approximately 100 (±2) grammes of flesh and
intravalvular liquid). The mussels were washed and scrubbed using a kitchen scrubber
under running tap water to avoid cross contamination from sediments. They were then
opened with a sterile shucking knife (oyster knife) on sterile stainless steel trays (355 mm
x 250 mm x 55 mm; Scientific Labs®).

Figure 3.7 Process of cleaning mussels prior to analysis
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Figure 3.8 Mussel dissection
3.3.1.1 Homogenisation and dilution of mussel sample matrices
Mussel flesh and intravalvular liquid: From the first batch, mussel flesh and intravalvular
liquid were removed from the shells, placed in stomacher bags (177mm x 305mm,
Seward®) and blended (Seward® Stomacher400) at normal speed (=230 rpm paddle speed)
for three minutes. The sample homogenate was then placed in a sterile petri dish (Ø
140mm; Fisher Brand®), weighted (scale Salter-And FX 3000, Max 3100g d=0.01g) and
subdivided into two 50 (±1) gramme homogenates.
One of the resulting homogenates was then used to enumerate Escherichia coli by the
multiple tube technique (HPA, 2004; ISO TS 16649-3:2004). The homogenate was placed
in another stomacher bag; 50 ml of peptone water (1%) was added and blended at normal
speed for an additional three minutes. Subsequently, the homogenate was placed in a 500
ml Schott bottle filled with 450 ml of peptone water (1%) resulting in a 10-1 ‘master’
solution.
The second homogenate was used for the enumeration of faecal coliforms and intestinal
enterococci using membrane filtration and spread plate techniques, and for the enumeration
of bacteriophages using the double-layer-agar technique. The sample was placed in another
stomacher bag; and 50 ml of glycine buffer (pH 10) were added and blended at normal
speed for an additional three minutes at 230 rpm. Subsequently, the homogenate was
placed in a 200 ml Schott bottle filled with an additional 50 ml of glycine buffer (pH10),
resulting in a 1:3w/v (weight/volume ratio) final solution.
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Mussel digestive glands: From the second batch, 15 mussel digestive glands (±0.4-0.5
grammes/each) were excised, placed in a sterile petri dish (Ø 90mm; Fisher Brand ®),
weighted, pooled, and then finely chopped with a sterile stainless steel scalpel (Fisher
Scientific) until homogenised. This was followed by a 1:5 dilution with glycine buffer
(pH10), producing a 42 (±2.5) ml final solution, which was subsequently used for
enumeration of faecal coliforms, intestinal enterococci and bacteriophages.
Dissected mussel digestive glands

Homogenised mussel digestive glands

Figure 3.9 Homogenisation process for mussel digestive glands
From the third batch, 15 mussel digestive glands (0.4-0.5g) were excised, placed in a
sterile petri dish (Ø 90mm; Fisher Brand®), weighted, pooled, and then finely chopped
with a sterile stainless steel scalpel until they turned into a homogenate. This was then
placed in a sterile centrifuge tube (15 ml; Fisher®), frozen and stored at -70°C. Frozen
samples were subsequently analysed for the quantification of Norovirus.
3.3.1.2 Shaking and clarification of mussel homogenate solutions
All final solutions were shaken (400 oscillations/min) for 15 minutes by a flask shaker
(SF1 Stuart Scientific®).

Figure 3.10 Shaking of mussel homogenate solutions
Clarification was not necessary for E. coli, faecal coliforms and intestinal enterococci
assays; therefore sample aliquots for these assays were withdrawn before this procedure.
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Prior to phage detection, samples of mussel flesh and mussel gland solutions (±30 to 40
ml) were poured into sterile 50ml centrifuge tubes (Fisher®) and clarified by centrifugation
(Centaur® 2) at 2000 G for 15 minutes. Supernatants and overlying water (approximately
20 to 30 ml each) were subsequently syringe-filtered into 15 ml plastic sterile test tubes
(Sterilin®), stored in the dark in a fridge at 4°C and assayed the following day, in
accordance with standardised methods.

Figure 3.11 Filtration step for centrifuged mussel homogenates
Figures 3.12 and 3.13 outline the processes whereby mussel flesh and mussel glands were
analysed.
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Batch 1
15 mussels
Dissection
100± 2g
Mussel flesh and
intravalvular liquid
Homogenisation in
stomacher (3 min)
100± 2g
homogenate

50 ± 1g homogenate
+
50 ml peptone water

50 ± 1g homogenate
+
50 ml glycine buffer (pH10)

Homogenisation in
stomacher (3 min)

Homogenisation in
stomacher (3 min)

100 ml homogenate
+
400ml peptone water (0.1%)
(10-1 solution)

100 ml homogenate
+
50ml glycine buffer (pH 10)
(1:3 w/v)

Shaking (15 min)

Shaking (15 min)
Centrifugation 2000 G
(15 min)

Centrifugation 2000 G
(15 min)

FC and IE enumeration
(membrane filtration and
spread plate)
Bacteriophage enumeration
(double layer agar method)

Escherichia coli enumeration
(MPN/multiple tube method)

Figure 3.12 Flow chart for mussel flesh and intravalvular liquid analysis
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Batch 2
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Batch 3
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Dissection

Dissection

7± 0.5g
Mussel digestive
gland

7± 0.5g
Mussel digestive
gland
Homogenisation
using scalpel

Homogenisation
using scalpel
7± 0.5g homogenate
+
35ml glycine buffer (pH10)
(1:5 w/v)

7± 0.5g homogenate

Frozen and stored at -70°C

Shaking (15 min)

FC and IE enumeration
(membrane filtration and
spread plate)
Bacteriophage enumeration
(double layer agar method)

Norovirus
RT-qPCR analysis

Figure 3.13 Flow chart for mussel digestive gland analysis
3.3.2 Enumeration of faecal indicator organisms
During E. coli enumeration, results were calculated with the aid of a most probable number
(MPN) table. However, it is important to recall that before enumeration of other faecal
indicator organisms, mussel homogenates were diluted, and these dilutions must be taken
into account when calculating final results. Mussel flesh homogenates were diluted in a 1:2
weight/volume ratio; consequently, indicator enumeration results must be multiplied by a
factor of 3. Mussel gland homogenates were diluted in a 1:5 weight/volume ratio;
consequently, indicator enumeration results must be multiplied by a factor of 6. Also,
overlying waters and mussel flesh results are expressed per 100 ml and 100 grammes
respectively; consequently they must be multiplied by a factor of a hundred.
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3.3.2.1 Escherichia coli
Enumeration of E. coli was only undertaken for the mussel flesh and intravalvular liquid
sample matrix, and followed the UK reference method (HPA, 2004) for the testing of
shellfish for E. coli, which is based on the European reference method (ISO TS 16649-3).
Preparation of dilutions: This is a two-stage method involving five replicate tubes at three
dilutions, but further dilutions might be needed for more contaminated category ‘C’ and
‘Prohibited’ harvesting areas. Because the sampling site had no official classification, an
additional dilution was adopted.
Basically, a dilution series was prepared in which 1 ml of the 10-1 ‘master’ solution was
pipetted into a sterile test tube (13.5 ml Sterilin®) that contained 9 ml of peptone saline
diluent (peptone bacteriological (Oxoid®) plus sodium chloride (Fisher®)), and produced a
10-2 dilution; followed by another tenfold dilution that produced a 10-3 dilution.
Inoculation and incubation: Five sterile glass test tubes (25 ml, Fisher®) containing 10 mL
volumes of double strength minerals-modified glutamate medium (MMGM, Oxoid®) were
inoculated with 10 mL of the 10-1 ‘master’ solution (equivalent to 1 g of mussel tissue per
tube). Also 1 mL of the 10-1, 10-2 and 10-3 dilutions were inoculated into each of five sterile
glass test tubes containing 10 mL single strength MMGM (equivalent to 0.1 g, 0.01 g and
0.001 g of mussel tissue per tube). The inoculated tubes were placed in an incubator at 37
±1 °C for 24 ±2 hours.
Identification and enumeration: The minerals-modified glutamate medium has a purplish
colour and acid production in the tubes is demonstrated by yellow coloration of the
medium. Therefore any tubes showing yellowish coloration after 24 hours of incubation
were regarded as positive for acid production and those that remained purple were
considered not to have produced acid (Figure 3.14).
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Figure 3.14 E. coli MPN method (5-tubes 3-dilutions step)
Confirmation of E. coli: Tubes that demonstrated acid production (yellowish colour) were
sub cultured onto a section of a BCIG agar (TBX/Oxoid®) plate, streaked to obtain
separate colonies and placed in an incubator at 44°C± 1°C for 24 ± 2 hours. Following
incubation, plates that demonstrated blue-green colonies were recorded as positive for E.
coli and those that did not, as negative for E. coli.

E. coli negative

E. coli positive

Figure 3.15 E. coli MPN method (TBX agar confirmatory step)
Calculation of results: The number of tubes for each dilution in which E. coli was detected
was recorded and the most probable number (MPN) of E. coli per 100 g of mussel flesh
and intravalvular liquid was calculated using the MPN tables (HPA, 2004). The detection
limit of the method is 20 MPN E coli/100g mussel flesh and intravalvular liquid.
3.3.2.2 Faecal coliforms and intestinal enterococci
For each sampling event, six volumes (1 ml, 10 ml and 100 ml) of overlying waters, and
six 0.5 ml volumes of mussel flesh homogenate and mussel gland homogenate in quarter
strength Ringer’s solution were filtered through a 0.45μm pore-size cellulose nitrate filter
(Thermo Scientific) using a vacuum pump (Fisher®).
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Three filters each of the filtered overlying water, mussel flesh and mussel gland
homogenates were placed onto faecal coliform (mFC) agar (Difco®) in Ø 55mm petri
dishes (Fisher) or Ø 90mm petri dishes (Fisher). Plates were then incubated upside down
(Hybrilinker incubator HL-2000 UVP) for 24 ±2 hours at 44.0 ±0.5°C. Colonies that
showed shades of blue were counted as faecal coliforms, while those that appeared grey to
cream-coloured were recorded as non-faecal coliforms (ISO 9308/1:2000).
Also, three filters each of the filtered overlying water, mussel flesh and mussel gland
homogenates were placed onto m-Enterococcus (mEnt) agar (Difco®) in Ø 55mm petri
dishes (Fisher) or Ø 90mm petri dishes (Fisher®). Plates were then incubated upside down
(Gallekamp PLUS II Incubator) for 48 ±2 hours at 37.0 ±0.5 °C, and raised colonies that
showed shades of red, maroon and pink were counted as presumptive intestinal enterococci
(7899/2:2000).
Calculation of results: Each sample count was converted to 1 ml equivalents. For each
sample matrix, a triplicate count was taken and the arithmetic mean value was multiplied
by a constant factor. Results were expressed as CFU/100 ml in overlying water samples;
CFU/100g in mussel flesh and intravalvular liquid samples; and CFU/1g in mussel gland
samples.
 Overlying water: CFU/100ml = (( N°COW (1,2,3)) / 3) x 100
 Mussel flesh: CFU/100g = (( N°CMF (1,2,3)) / 3) x 300
 Mussel gland: CFU/1g = (( N°CMG (1,2,3)) / 3) x 6

Where:

N°COW = number of colonies counted per ml of overlying water sample
N°CMF = number of colonies counted per ml of mussel flesh sample
N°CMG = number of colonies counted per ml of mussel gland sample
3 = number of replicates
100, 300 and 6 = constant factors

Detection Limits: Overlying water = 1 CFU/100ml; Mussel flesh = 200 CFU/100g; Mussel
gland = 4 CFU/1g.
3.3.2.3 Bacteriophages
In brief, the 1 ml of each sample (mussel flesh supernatant, mussel gland supernatant and
overlying water) was added to 1 ml of exponentially grown host strain (e.g., GB-124, WG5, WG-49) and 2.5 ml of molten semi solid-agar, then these mixtures were stirred and
poured onto previously prepared agar bases in Ø 90mm sterile petri dishes (Fisher®). The
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overlays were then inverted and incubated overnight, either aerobically or anaerobically
(depending on the host) at 37.0±0.5C for 18-24 hours. Zones of lysis in the host bacterial
lawn (plaques) were enumerated and expressed as plaque-forming units (PFU).
Somatic coliphages

F-RNA phages

GB-124 phages

Figure 3.16 WG-5, WG-49 and GB-124 bacterial lawns displaying zones of lysis (plaques)
formed by somatic coliphages, F-RNA and GB-124 phages, respectively
Calculation of results: Each sample count was converted to 1 ml equivalents. For each
sample matrix, a triplicate count was taken and their arithmetic mean value multiplied by a
constant factor. Results were expressed as PFU/100 ml in overlying water samples;
PFU/100g in mussel flesh and intravalvular liquid samples; and PFU/1g in mussel gland
samples.
 Overlying water: PFU/100 ml = (( N°POW (1,2,3)) / 3) x 100
 Mussel flesh: PFU/100g = (( N°PMF (1,2,3)) / 3) x 300
 Mussel gland: PFU/1g = (( N°PMG (1,2,3)) / 3) x 6

Where:

N°POW = number of plaques counted per ml of overlying water sample
N°PMF = number of plaques counted per ml of mussel flesh sample
N°PMG = number of plaques counted per ml of mussel gland sample
3 = number of replicates
100, 300 and 6 = constant factors

Detection Limits: Overlying water = 33 PFU/100ml; Mussel flesh = 100 PFU/100g;
Mussel gland: 2 PFU/1g.
Somatic coliphages (ISO 10705-2:2001):
Mussel flesh, mussel gland supernatants and overlying water were assayed for somatic
coliphages using the host bacterium E. coli WG-5. Basically, on the day of the assay, a
cryogenic vial 2 ml (Thermo Scientific, Nalgene) containing 1 ml of the WG-5 working
culture was removed from a -70°C freezer and left to defrost.
The working culture was then added into a 100 ml Schott bottle containing 50 ml of
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Modified Scholten’s broth (MSB), but before this, a 2 ml sample of MSB was removed
and pipetted into a 4.5 ml cuvette (Kartell®) and used to zero the spectrophotometer
(Corning colorimeter 253).
The host was then incubated in a shaking (100 rpm) water bath (Grant OLS 200) at
37.0±0.5C for approximately two to three hours until the correct optical density was
reached (0.33 OD at 600 nm). The inoculum culture was then placed on cooler packs in
isothermal boxes and used within 3 hours (Note: after two hours of incubation, at every 1530 minutes 2 ml samples were pipetted into a cuvette, to check when the correct optical
density (OD) was reached).
Meanwhile, a Schott bottle containing 50ml of semi-solid Modified Scholten’s agar
(ssMSA; 0.8% agar number 1) was removed from the fridge, melted in a microwave and
placed in a water bath (Fisher® brand) at approximately 50°C. After equalizing its
temperature, additives (calcium chloride and naladixic acid) were added to the melted
semi-solid agar, which was hand agitated and distributed into 16-18 plastic sterile test
tubes (15ml, Sterilin®). The test tubes were placed back in the water bath, prior to use.
Because somatic coliphages have been found to be the most abundant group of
bacteriophages in bathing waters and shellfish homogenates (Contreras-Coll et al., 2002;
Formiga-Cruz et al., 2003), the standard method recommends diluting the supernatants
prior to bacteriophage detection. During this research and as an alternative to diluting the
mussel supernatants, smaller sample volumes were assayed. Naturally occurring phages
present in faecally contaminated surface waters were used as a positive control throughout
the study. Finally, using previously calibrated pipettes, sample aliquots of 1 ml (3x) for
overlying water; 0.1 ml (2x), 0.5 ml (2x) and 1 ml (2x) for mussel flesh supernatant; and
0.01 ml (1x), 0.1 ml (2x), 0.5 ml (2x) and 1 ml (1x) for mussel gland supernatant were
mixed with 1.0 ml of WG-5 working culture into sterile test tubes containing 2.5 ml of
molten ssMSA. The mixture was briefly vortexed in a mixer (Fisher® FB 15012) and
poured onto Ø 90mm Petri dishes containing Modified Scholten’s agar (MSA; 1.6% agar
number 1, Oxoid LP0011). Petri dishes were left to set for approximately 5-15 minutes and
incubated (Gallenkamp Cooled Incubator) upside down at 37.0±2.0°C for 18±2 hours.
Following incubation, zones of lysis (plaques) were enumerated and the results expressed
as plaque forming units (PFU). Note: in mussel flesh and mussel gland samples, plaques
that were enumerated in less than 1 ml, were multiplied by the corresponding factor (i.e.:
0.01= x100; 0.1= x10; 0.5= x2); transforming their values to 1 ml equivalents. In plates
that showed high levels of phages, 0.01 ml and 0.1 ml volumes were used in the
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calculation of results; since ‘total-lysis’ of the bacterial host lawn might have occurred in
the 1 ml and 0.5 ml volumes, making it impossible to count the plaques accurately. In
contrast, for plates that showed low levels of phages, 0.5 ml and 1 ml volumes were used
in the calculation of results, since plaques might not have been detected in the smaller
volumes.
F-RNA Bacteriophages (ISO 10705-1:2001):
Mussel flesh, mussel gland supernatants and overlying water were assayed for F-RNA
bacteriophages by using the host bacterium Salmonella typhimurium WG49 (Havelaar et
al., 1993). On the day of the assay, a 2 ml cryogenic vial (Thermo Scientific, Nalgene)
containing 1 ml of the WG-49 working culture was removed from the -70°C freezer and
defrosted.
The working culture was then added to a 100 ml Schott bottle containing 50 ml of tryptone
yeast extract glucose broth (TYGB), but before this, a 2 ml sample of TYGB was removed,
placed into a 4.5 ml cuvette (Kartell®) and used to zero the spectrophotometer (Corning
colorimeter 253).
The bottle was then incubated in a shaking (100 rpm) water bath (Grant OLS 200) at
37.0±0.5C for approximately two to three hours until the correct optical density was
reached (0.3 OD at 600 nm); the inoculum culture was then placed on cooler packs in
isothermal boxes and used within three hours. (Note: after two hours of incubation, every
15-30 minutes, 2 ml samples were pipetted into a cuvette, in order to check when the
correct optical density (OD) was reached).
Meanwhile, a Schott bottle containing 50 ml of semi-solid tryptone–yeast extract glucose
agar (ssTYGA; 0.8% agar number 1) was removed from the fridge, melted in a microwave
and placed in a water bath (Fisher® FB 60303) at approximately 50°C. After equalizing its
temperature, calcium glucose was added to the melted semi-solid agar, which was handagitated and distributed into 12 plastic sterile test tubes (15 ml, Sterilin®). The test tubes
were placed into the water bath until used.
Finally, using previously calibrated pipettes, aliquots (triplicates) of 1 ml overlying water;
1 ml of mussel flesh supernatant; 1 ml of mussel gland supernatant and 1 ml of F-RNA
reference phage (MS2) were mixed with 1.0 ml of WG-49 working culture into the test
tubes containing 2.5 ml of melted ssTYGA. The mixture was gently mixed using a vortex
mixer (Fisher® FB 15012) and poured onto Ø 90mm Petri dishes containing tryptone yeast
extract glucose agar (TYGA; 1.6% agar number 1). Petri dishes were left to set for
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approximately 5-15 minutes and incubated aerobically (Gallenkamp incubator) upside
down at 36.0±2.0°C for 18±2 hours.
Following incubation, zones of lysis (plaques), where bacteriophages had lysed the WG-49
host cells, were enumerated and expressed in terms of plaque-forming units (PFU). Petri
dishes that contained F-RNA reference phage (MS2) were used as a positive control during
the study.
Bacteriophages infecting Bacteroides fragilis strain GB-124 (ISO 10705-4:2001):
Mussel flesh, mussel gland supernatants and overlying water were assayed for
bacteriophages infecting Bacteroides fragilis by using a previously isolated human-specific
host strain GB-124 (Payan et al., 2005; Ebdon et al., 2007). In brief, on the day before the
assay, a 2 ml cryogenic vial (Thermo Scientific, Nalgene), containing 1 ml of the GB-124
working culture was removed from -70°C storage and defrosted.
The working culture was then added to 11 ml of complete Bacteroides phage recovery
medium broth (BPRMB) in a 12 ml Pyrex screw-topped test tube, excluding all air. Also,
another Pyrex screw-topped test tube was filled with BPRMB only, as a negative control
and blank. Both tubes were incubated overnight at 37.0 ± 2.0°C.
On the day of the assay, the tube containing complete BPRMB was only used to zero the
spectrophotometer (Novaspec II, Pharmacia LKB). Also, inoculum cultures were prepared
by adding 1 ml of overnight GB-124 culture to 11 ml of pre-warmed BPRMB in a 12 ml
Pyrex test tube, excluding all air and incubated at 37.0 ± 2.0°C until the correct optical
density (OD=0.33 at 620nm) was reached (Note: after 1.5 hours of incubation, optical
density was checked every 20-30 minutes). When the correct OD was reached, the tubes
containing the inoculum cultures were placed on cooler packs in isothermal boxes and used
within three hours.
Meanwhile, a Schott bottle containing 50 ml of semi-solid Bacteroides phage recovery
medium agar (ssBPRMA; 0.8% agar number 1) was removed from the fridge, melted in a
microwave and placed in a water bath (Fisher® brand FB 60303) at approximately 50°C.
After equalizing its temperature, additives were added to the melted semi-solid, which was
hand agitated and distributed into 12 plastic sterile test tubes (15 ml, Sterilin®). The test
tubes were placed back in the water bath prior to use.
Finally, using previously calibrated pipettes, triplicate (3x) sample aliquots of 1 ml
overlying water; 1 ml of mussel flesh supernatant; 1 ml of mussel gland supernatant and
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duplicate (2X) sample aliquots of GB-124 reference phage (see GB-124 phage
propagation, Chapter 4.4) were mixed with 1 ml of GB-124 working culture into the test
tubes containing 2.5 ml of melted ssBPRMA. The mixture was briefly vortexed in a mixer
(Fisher® FB 15012) and poured onto Ø 90mm Petri dishes containing Bacteroides phage
recovery medium agar (BPRMA; 1.6% agar number 1). Petri dishes were left to set for
approximately 5-15 minutes, placed upside down in an anaerobic jar (Oxoid® AG0031A)
containing an anaerobic sachet (Anaerogen, Oxoid®) and incubated (Gallekamp PLUS II
incubator) at 37.0±2.0°C for 18±2 hours.
Following incubation, zones of lysis (plaques), where bacteriophages had lysed the GB124 host cells, were enumerated and expressed as plaque-forming units (PFU). Petri dishes
containing GB-124 reference phage were used as a positive control.
Note: Full descriptions of agar and diluents components are described in Appendix 1.
3.3.2.4 Norovirus detection
Only mussel gland samples were analysed for the presence and levels of Norovirus
(genogroups GI and GII) and analyses took place at CEFAS (Centre for Environment,
Fisheries and Aquaculture Science) laboratory in Weymouth (UK). Noroviruses were
extracted from mussels gland samples according to a quantitative reverse transcription
polymerase chain reaction (qRT-PCR) method described by Lowther et al. (2012), which
follows the proposed standard method for the detection of human pathogenic viruses in
molluscan shellfish (Lees and Cen Wg, 2010).
Analyses were conducted by Dr. Daniel Dancer (CEFAS employee) and were shadowed
by the author of this thesis. On the day before the assay, centrifuge tubes containing frozen
mussel gland samples were withdrawn from the -70°C freezer and allowed to defrost
overnight in a fridge at 4°C. On the day of analysis, samples were placed in an isothermal
container with an ice pack and transported by train (three to four hours) to CEFAS
laboratory. On arrival, 2 gramme aliquots from each sample (±7g) were analysed
immediately. These were transferred to a clean tube, and then 10 ml of Mengo virus tissue
culture supernatant (Costafreda et al., 2006) were added as a process control. Homogenates
were prepared by treating the glands with 100 g/ml proteinase K solution (30 U/mg;
Promega, Madison, WI), as previously described (Dancer et al., 2010). In brief, 2 ml of
proteinase K solution were added to the glands. The sample was then incubated at 37 °C,
with shaking at 320 rpm for a duration of 1 h, and subsequently incubated at 60 °C for a
duration of 15 min. Finally, the sample was centrifuged at 3,000 G for 5 min, the
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homogenate retained for downstream testing, and the pellet discarded. Homogenates were
stored at 4°C prior to testing.
Total RNA was extracted from 50 l of mussel gland homogenate with a NucliSENS
miniMAG extraction machine and NucliSENS magnetic extraction reagents (bioMe rieux
Industry, Marcy l’Etoile, France), following the manufacturer’s instructions (eluting in 100
ml of elution buffer). A negative extraction control (water only) was included with each set
of samples extracted. Eluted RNA was stored at 22 °C until required during a one-step
qRT-PCR, which was performed using the primers and probes described as follow. For
genogroup I, forward primer QNIF4 (5'-CGCTGGATGCGNT TCCAT-3', where N is A,
C,

G,

or

T)

(da

Silva,

2007),

reverse

primer

NV1LCR

(5'-

CCTTAGACGCCATCATCATTTAC-3') (Svraka et al., 2007) and the TM9 probe (5'VIC-TGGACAGGAGATCGC-MGB-NFQ) (Hoehne, and Schreier, 2006) were used. For
genogroup II, forward primer QNIF2d (5'ATGTTCAGRTGGATGAGRTTCTCWGA- 3',
where R is A or G and W is A or T), reverse primer COG2R (5'TCGACGCCATCTTCATTCACA-3')

and

probe

QNFs

(5'-

AGCACGTGGGAGGGCGATCG-3') were used (Le Guyader et al., 2009).
For both Norovirus genogroups specific assays, three aliquots of 5-l sample or extraction
control RNA were tested in 25-l total volume, with one-step reaction mix prepared with
the RNA Ultrasense One-Step qRT-PCR system (Invitrogen, Carlsbad, CA) (final
concentrations of 1 x reaction mix, 500 nM forward and 900 nM reverse primers, and 250
nM probe, plus 0.5 ml of Rox and 1.25 ml of enzyme mix per reaction). For Mengo virus,
two aliquots of 5 ml of RNA were used. Amplification was performed with an Applied
Biosystems SDS 7000 real-time PCR machine with the following cycling parameters: 55
°C for 60 min; 95 °C for 5 min; and then 45 cycles of 95 °C for15s, 60 °C for 1min, and 65
°C for1min on an SDS 7000 (Applied Biosystems) or Mx3005P real-time PCR machine
(Stratagene, La Jolla, CA). Quantification was then followed by the principles defined in
the draft Technical Specification developed by the joint CEN/ISO work group for
standardisation of methods for detection of viruses in foodstuffs (Lees and Cen Wg, 2010).
Unused samples were frozen again at -70°C. In total, 24 samples were analysed (20 in
January 2012 and 4 in March 2012). Analyses took approximately 1.5 to 2 days. Results
were expressed as genocopies per gramme (genocopies/g) of mussel gland digestive tissue.
Results from genogroups I and II were summed, to give an overall Norovirus
concentration.
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3.3.3 Laboratory-based research
Aiming to assess the ability of mussels (Mytilus edulis) to take up bacteriophages that
infect Bacteroides fragilis strain GB-124, controlled microcosm experiments were
conducted in the EPRHU laboratory, University of Brighton, and following the procedures
described by Roslev et al. (2009), with certain modifications.
The experiments consisted of ‘spiking’ river water with a known concentration of
bacteriophages that infect Bacteroides fragilis strain GB-124, in aquarium/containers
containing live mussels. Preliminary experiments used GB-124 phage titres from earlier
work conducted by Dr. Dave Diston. However with the intention of using GB-124 phages
previously detected in mussel samples, new titres were prepared. Preparation of new GB124 phage titres was achieved by a method developed following procedures described in
peer-reviewed publications (Puig and Girones, 1999; Carey-Smith et al., 2006; Fard et al.,
2010).
3.3.3.1 Preparation of GB-124 phage titres (isolation, propagation and dilution)
From one sampling event during the field-based research, seven BPRMA plates that
contained GB-124 plaques were selected. These were three from mussel flesh and four
from mussel gland sample plates. Using sterile glass Pasteur pipettes, agar plugs from a
single lytic plaque were picked from each plate. These agar plugs were suspended in 400
μl phage buffer (19.5 mM Na5HPO7, 22 mM KH5PO7, 85.5 mM NaCl, 1 mM MgSO7, 0.1
mM CaCl5) (Kutter, 2005) in a micro-centrifuge tube (Fisher®) and incubated for at least
four hours at 4°C, allowing phage diffusion from agar plugs to buffer. These samples were
then transferred to 12 ml sterile test tubes (Sterilin), containing 9ml of phage buffer. The
infected buffers were labelled according to their sample source, as follows: mussel flesh
phages F1, F2 and F3; mussel gland phages G1, G2, G3 and G4.
Each of the phage samples were diluted serially (x10) in phage buffer and retested using
the double-agar method (ISO 10705-4:2001). The samples (G1 and G4) that displayed
plates with well-spaced zones of lysis were chosen for further propagation. Phages from
the G1 and G4 plates, that provided almost total lysis of the host in the semi-solid overlay,
were recovered by adding 5 ml of phage buffer to each plate and left at room temperature
for at least one hour. Then, using stainless steel rods, semi-solid overlays were scraped
from the agar base and poured into 50 ml centrifuge tubes containing 20 ml of phage
buffer. The contents were vortex-mixed and the overlay removed by centrifugation at 1300
G for 10 min. The supernatant was then syringe-driven filtered (0.22 mm), stored in light
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tight glass tubes in the dark at 4°C, and labelled as ‘master stocks’ G1 and G4. To
determine the titre of the master stocks further, serial dilutions were performed, followed
by the double-agar method. The dilution series used sterile 12 ml test tubes (Sterilin®)
filled with 9 ml of glycine buffer (pH10). Chloroform (0.2%) was added to master stocks
and tubes containing the diluted stocks, which were wrapped in foil and kept in the fridge
at 4°C. Diluted stocks were subsequently used as reference phage samples during fieldbased study assays and as inocula for ‘spiking’ aquaria during controlled experiments.
3.3.3.2 Microcosm experiments
Microcosm experiments were carried out in a glass aquarium and in plastic containers.
Tanks and containers were initially filled with river water and stocked with mussels from
the environmental survey sample site (Piddinghoe). River water was transported in 2
plastic water containers (30 l), while mussels were transported in sterile polyethylene
containers (Fisher Scientific, UK). Tanks and aquarium were placed in a cabinet in the
dark and with a room temperature ranging from 16 to 20°C. Water salinity varied in
accordance with its value on the day of collection. Bubble stones continuously aerated the
water.

Figure 3.17 Containers and aquarium containing mussels (microcosm experiments)
On arrival at the EPHRU laboratory, mussels were scrubbed and washed under running tap
water, while 30 litres of river water were poured in a glass aquarium (40 litres capacity)
and/or 3 litres poured in each of 6 small circular plastic containers (4 litres capacity).One
batch of mussels (±8) and one sample of water (1 ml) were analysed in triplicate, following
the double-agar method (ISO 10705-4:2001), to measure initial GB-124 phage
concentrations. Approximately 30 to 60 mussels were placed in the aquarium, 6 to 8 in
each container and left to acclimatize for approximately 24 hours. Tanks and aquarium
were infected (spiked) with specific concentrations of GB-124 phages. Measurements of
GB-124 phage uptake by mussels were made after different times and diverse
concentrations of phage ‘spike’ were tested (see Chapter 4.5 and Appendix 4).
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3.4 Statistical analysis selection
Statistical analysis of data was accomplished with the assistance of the ‘Statistical Package
for the Social Sciences (SPSS) 20.0’, ‘Minitab 16’ and ‘Microsoft Excel 2011’. All sets of
data were tested to determine whether they demonstrated a normal distribution by applying
the Kolmogorov-Smirnov (K-S) Test and by analysing histograms, normal Q-Q plots and
P-P plots of data. Parametric statistical tests were also used whenever data followed a
normal distribution, whereas equivalent non-parametric tests were employed when data did
not follow a normal distribution.
Helsel (1987) strongly recommends the use of non-parametric techniques for analysing
water quality data. He argues that this type of data is characteristically non-normally
distributed and the process of performing data transformations (i.e.: log10), and
subsequently using parametric tests, leads to erroneous results.
The majority of data from this research, including levels of faecal indicators and Norovirus
in mussel sample matrices, did not follow a normal distribution. Therefore the majority of
tests are non-parametric; and median values, rather than mean, were chosen to more
accurately express average levels (Helsel, 1987).
The criterion of 95% confidence, or a 0.05 probability (p), was applied to test the
significance of the various statistical tests used during this research (Field, 2009).
Simple descriptions of the statistical tests applied at various stages of this research follow:
Results of method optimisation and experimental research (Chapter 4)
Parametric T-tests (paired samples) were applied to assess the following null hypothesis:
Section 4.1.1: H0= there is no significant difference in bacteriophage recovery between
samples centrifuged at speeds of 2000 G and 3200 G.
Section 4.1.2: H0= there is no significant difference in bacteriophage recovery between
filtered and unfiltered samples.
A non-parametric equivalent T-test, the Wilcoxon signed rank, was applied to assess the
following null hypothesis:
Section 4.1.3: H0= there is no significant difference in faecal coliform and intestinal
enterococci recovery between membrane filtration and spread plate techniques.
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Levels of faecal indicators with respect to sample matrices (Chapter 5.1)
In order to plot and compare graphically all levels of faecal indicators with respect to
sample matrices, median values were transformed to their log10 equivalents; and levels in
mussel gland samples (per 1g) were multiplied by a hundred.
Analysis of ratios (Chapter 5.7)
Ratios were computed between levels of faecal indicators in mussel flesh and their
overlying waters and means ratios were reported as a ‘bioaccumulation factor’ (BAF).
These data followed a normal distribution; therefore a One-way Analysis of Variance
(ANOVA) was applied to assess the following null hypothesis:
H0= there is no significant difference in mussel bioaccumulation factors (ratios) with
respect to seasons.
H0= there is no significant difference in mussel bioaccumulation factors (ratios) with
respect to the various faecal indicators.
Faecal indicator and Norovirus levels in mussel sample matrices with respect to time
of year (Chapter 5.5)
Basic statistics from faecal indicators, Norovirus and some physico-chemical data were
expressed as box-plot graphs that demonstrated seasonal variations in their levels. The
horizontal lines in the box plots depict median, minimum, maximum, 25th and 75th
percentile values.

Figure 3.18 Example of a box-plot graphic model used in this thesis
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A non-parametric ANOVA, using the Kruskal-Wallis test, was used to assess the null
hypothesis that:
H0= there is no significant difference in levels of faecal indicators, Norovirus and some
physico-chemical parameters between the four seasons.
Mann-Whitney U post-hoc tests (between pairs) of seasonal data were also used to
determine significant differences in levels with respect to season. Note that in order to
control for Type 1 errors, the Bonferroni adjustment was applied (Pallant, 2010), which
involves dividing the alpha value (=0.05) by the number of tests intended to be used, then
using the revised alpha level as the criterion for determining significance. In this research,
four comparisons between seasons were used, so that alpha was equal to 0.05/4
(=0.0125).
As dissolved oxygen (DO) levels followed a normal distribution, one-way analysis of
variance (ANOVA) and a Tukey HSD post-hoc test were applied to assess the differences
in levels across the seasons.
Correlational analyses (Chapters 5 and 6)
The non-parametric Spearman’s rank correlation coefficient (or Spearman’s rho) was used
for all correlational analyses (Chapters 5 and 6). The principal aim of the correlational
analyses in Chapters 5 and 6 was to test the null hypothesises that:
H0= there is no significant relationship between levels of faecal indicators and Norovirus in
mussel sample matrices and physico-chemical, meteorological and hydrographical data.
H0= there is no significant relationship between levels of faecal indicators in all three
sample matrices and levels of Norovirus in mussel gland;
Furthermore, coefficients of significant correlations were compared and, in order to
determine the strengths of any relationships, guidelines as suggested by Cohen (1998) were
followed, as described below.
Small:

rho= 0.10 to 0.29 or -0.10 to -0.29

Medium:

rho= 0.30 to 0.49 or -0.30 to -0.49

Large:

rho= 0.50 to 1.0 or -0.50 to 1.0
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Regression analysis (Chapter 6)
Simple regression analyses were carried out in an attempt to create a simple model capable
of predicting levels of Norovirus in mussels, based on levels of faecal indicators and
physico-chemical parameters in mussel sample matrices and overlying waters.
The regression analyses were carried out separately for each individual faecal indicator in
the three different sample matrices and physico-chemical parameters against the overall
levels of Norovirus (sum of genogroup I and II) in mussel digestive glands. Also, stepwise
regression analyses were carried out using Minitab. This procedure allows the statistical
programme to indicate parameters that best fit the data.
Necessary assumptions required for regression analysis, such as standard residuals being
normally distributed, were examined. When assumptions were not met, simple adjustments
to the data, such as omitting outliers or unusual observations, were performed in
accordance with Mackenzie and Goldman (2005).
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4 Results of laboratory-based research
4.1 Comparison of phage recovery with respect to centrifuged speeds
In total, 180 samples of pooled mussel flesh were analysed for the presence of
bacteriophages during nine sampling events (71 for somatic coliphages, 54 for F-RNA and
55 for Bacteroides phage). Arithmetic mean values of plaque forming units (PFU) for each
bacteriophage group (per sample event) were used during the statistical analysis. Data
obtained using the two centrifuge speeds (2000 G and 3200 G) followed a normal
distribution, allowing the application of the parametric statistical T-test (paired samples).
The results revealed that on average, phage recovery rates were slightly higher when
samples were centrifuged at 2000 G, with mean values exceeding those achieved at 3200 G
for all phage groups. However, this difference was only statistically significant (P<0.05)
for somatic coliphages and F-RNA phages. The results are summarised in Tables A.1 and
A.2 (Appendix 2).
4.2 Comparison

of phage recovery with respect to filtered vs. non-filtered samples

In total, 329 samples of pooled mussel flesh (167) and mussel gland (162) were analysed
for the presence of bacteriophages during ten sampling events (121 somatic coliphage, 105
F-RNA and 103 Bacteroides phage). Arithmetic mean values of plaque forming units
(PFU) for each bacteriophage group (per sample event) were used during statistical
analysis. Data obtained from filtered and unfiltered samples followed a normal
distribution, allowing the application of the parametric statistical T-test (paired samples).
The results revealed that phage recovery rates were slightly greater when samples were
filtered, with only F-RNA phages in mussel glands showing higher concentrations when
the sample was unfiltered. However, the mean differences between filtered and unfiltered
samples were not found to be statistically significant (p>0.05) for any bacteriophage group.
The results are summarised in Tables A.3 to A.6 (Appendix 2).
Some practical observations, which emerged during laboratory analyses, included:
1.) The presence of background microbial contaminants on the bacterial host lawn during
anaerobic incubation of the Bacteroides phage assay hindered plaque counts;
2.) Mussel gland samples and samples centrifuged at higher speed (3200 G) were easier to
filter. Although the difference was not large, it saved filter units during analysis.
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A summary of estimated filtration rates per sample matrix and centrifuge speed is given in
Table 4.1 below.
Table 4.1 Filter capacity according to sample type and centrifuge speed
Sample matrix
Mussel flesh
Mussel gland

Centrifuge speed
2000G
3200G
2000G
3200G

Filtration rate (per filter unit)
4 ml / unit
5 ml / unit
6 ml / unit
7 ml / unit

4.3 Comparison of faecal coliforms and intestinal enterococci recovery using
membrane filtration and spread plate techniques
In total, 639 samples of mussel flesh (324) and mussel gland (315) matrices were analysed
during 31 sampling events (321 samples for faecal coliforms and 318 samples for intestinal
enterococci). Arithmetic mean levels of colony forming units (CFU) for each organism
(per sample event) were used during statistical analysis. As the resulting data from mean
differences between membrane filtration and spread plate samples did not follow a normal
distribution, a non-parametric equivalent T-test, the Wilcoxon signed rank test statistic,
was used to compare differences between recovery rates of indicator bacteria using both
membrane filtration and spread plating.
Because the data was not normally distributed, median values were taken into
consideration during statistical analysis (Helsel, 1987). Overall, recovery rates of indicator
bacteria appeared to be greater when samples were filtered, rather than when they were
spread plated. Median values for recovery rates using membrane filtration exceeded those
for spread plating in almost all comparisons (Table A.7, Appendix 2), except for intestinal
enterococci in mussel flesh (when the rate was very similar). However, when analysed
statistically, only faecal coliform concentrations detected in mussel gland samples using
membrane filtration were significantly (p<0.05) greater than those obtained by the spread
plating method.
Some practical points, which emerged during laboratory analysis, included the following:
spread plates were incubated agar side down (contrary to the normal procedure) to prevent
samples from dripping onto the Petri plate lids; and occasional growth of colonies around
the edge of spread plates hindered enumeration of colonies.
4.4 Isolation, recovery and propagation of GB-124 phages
The methodology applied to isolate, recover and propagate GB-124 phages proved to be
effective. Master stocks were originated from plaques picked from mussel gland samples
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that displayed plates with well-spaced zones of lysis, namely G1 and G4. According to the
results of the plates for each serial dilution (Table 4.2), zones of lysis began to be
countable at around the 10-4 (G1) and 10-5 (G4) dilutions; plates from master stocks as well
as plates with lower dilutions showed total lysis (T.L.) of the bacterial host lawn.
Table 4.2 Results of GB-124 phages master stocks dilution series (PFU/ml)
Dilution series
Master
-1
-2
-3
-4
10
10
10
10
10-5
10-6
10-7
stocks
G1*
T.L
T.L.
T.L.
T.L.
600
84
1
0
G4*
T.L
T.L.
T.L.
T.L.
T.L.
750
68
10
(*) G1 and G4= master stocks originated from mussel gland samples

10-8

10-9

0
1

0
0

Master stocks contained approximately 25 ml of phage solution; and from results of the
dilution series it was estimated that the titre of the G1 stock was approximately 6.0 x 106
PFU/ml, while that of the G4 stock was approximately 7.5 x 107 PFU/ml.

Figure 4.1 Plaques formed from diverse concentrations of GB-124 phages solutions
4.5 Mussel uptake experiments using GB-124 phages titres
The intention of the uptake experiments was solely to verify the ability of mussels to
bioaccumulate GB-124 phages. Nine uptake experiments were performed in total. Two of
the preliminary experiments, which used B-124 phages from Dr. Dave Diston’s stocks,
were unsuccessful either as a result of phage titre over-spiking or under-spiking of the
aquarium water, resulting in mussel and water samples that showed respectively plaques
which were too numerous (total lysis), or no plaques at all. However all other experiments
were successful, showing the ability of mussels to bioaccumulate the GB-124 phages,
resulting in a decrease of GB-124 phage levels in the aquarium water column over various
periods of time, while levels in mussel sample matrices increased (see Appendix 4, Figures
A.21 to A.25). Levels of initial spikes varied from 16 PFU/ml (simulating a low
contamination event) to 1000 PFU/ml (simulating an extreme contamination event).
The experiment that better replicated the occurrence of GB-124 phages contamination in
the natural environment was the 9th experiment. It was conducted in a 30-litre aquarium, in
which 60 non-contaminated mussels were immersed in water spiked with initial levels of
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75 PFU/ml (3 ml of the G4 10-1 titre). Aquarium water and mussel digestive gland samples
were analysed in duplicate after the first 15 minutes and then at 30 minute intervals until
three hours had elapsed. A control 3-litre tank containing just spiked water with the same
phage levels of 75 PFU/ml (0.3 ml of the G4 10-1 titre) was sampled in parallel. Figure 4.2
summarises this aquarium uptake experiment.

Figure 4.2 Microcosm (aquarium) experiment demonstrating GB-124 phages uptake by
mussels
Figure 4.2 shows that mussels rapidly accumulated GB-124 phages; that after just 15
minutes mussel gland phage concentration increased from zero to 40 PFU/g while
aquarium water phage concentration dropped from 75 PFU/ml to 12 PFU/ml. Phage
concentration in mussel gland continued to increase and reached levels ranging from 65 to
82 PFU/1g two hours into the experiment (note: an outlier of 120 PFU/1g occurred two
and a half hours into the experiment). While phage concentrations in the water continued
to drop until they were undetectable after two hours, they were, however, detected at very
low levels (1 PFU/ml) in the last samples. Phage concentrations in the control tank
dropped very slightly over a three-hour period, from 75 PFU/ml to 65 PFU/ml, suggesting
phage die-off.
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5 Results of field-based research
The results described in the following chapter relate to the presence and levels of faecal
indicators, Norovirus, and the physico-chemical parameters, river flow (hydrographical)
and rainfall (meteorological) characteristics at the Piddinghoe sampling site, at which the
overlying waters and mussels were obtained during the sampling campaign. Some of the
results described here also form the basis of subsequent correlation and regression analysis
between faecal indicators and Norovirus described in Chapter 6.
5.1 Levels of faecal indicators with respect to sample matrices
The results identified which of the faecal indicators was the most abundant and most
frequently detected in the various sample matrices, and which matrix contained the highest
(and most consistent) levels of faecal indicators. The overall median levels of each faecal
indicator with respect to each sample matrix during the main sampling campaign (February
2011 to February 2012) are presented in Appendix 3 (Table A.8). To facilitate the
comparison of indicator levels, with respect to the sample matrix, levels in mussel glands
were multiplied by a hundred, and subsequently all median values were transformed to
log10 equivalents (Figure 5.1.). It is important here to emphasise two points: firstly ‘mussel
flesh’ refers to a sample matrix in which the whole animal, including the digestive gland, is
assayed; secondly, the digestive gland is responsible for approximately 7 to 10% of the
mussel’s weight.
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Figure 5.1 Overall log10 median levels (100ml/100g) of faecal indicators with respect to sample matrix
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Figure 5.1 demonstrates that somatic coliphages were the most abundant faecal indicator
enumerated in all sample matrices. In overlying water samples the second most abundant
indicator were faecal coliforms, followed by intestinal enterococci, GB-124 phages and FRNA bacteriophages. In mussel flesh the second most abundant indicator was intestinal
enterococci, followed by faecal coliforms, E.coli, F-RNA bacteriophages and GB-124
phages. In samples of mussel gland the second most abundant indicator was intestinal
enterococci, followed by faecal coliforms, F-RNA bacteriophages and GB-124 phages.
The number (and percentage) of samples from each matrix in which indicators were not
detected (i.e., samples in which levels were below the detection threshold) are presented in
Table A.9 (Appendix 3). E. coli was always detected in mussel flesh and intravalvular
liquid (using the MPN method). Overall, mussel gland was the sample matrix
demonstrating the highest percentage of positive values (least number of non-detects), and
the highest concentrations of faecal indicators per 100g/ml, followed by mussel flesh and
overlying waters. GB-124 phages, followed by F-RNA phages, were the least frequently
detected organisms in all sample matrices.
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5.2 Compliance with European Union shellfish classification criteria
Mussels harvested from the River Ouse (Piddinghoe) sampling site exhibited an annual
geometric mean of 930 MPN E. coli/100g mussel flesh and intravalvular liquid; twentytwo samples (91.67%) were within the class B limits of fewer than 4,600 MPN of E. coli
per 100 g of shellfish flesh and intravalvular liquid (Figure 5.2). However, mussels from
three sampling events exhibited class ‘A’ values of fewer than 230 MPN E. coli/100g.
Although the site is not classified as an official shellfish harvesting site, its annual
geometric mean of 930 MPN E. coli/100g mussel flesh, combined with the observation
that more than 90% of the samples exhibited values lower than the class ‘C’ threshold,
suggest that, in accordance with the microbiological criteria of Regulation (EC) No
854/2004, this site would be classified as a class ‘B’ harvesting area.

Figure 5.2 Geometric mean levels of E. coli in mussel flesh and intravalvular liquid
harvested from the River Ouse (Piddinghoe)
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5.3 Compliance with US shellfish classification criteria
Faecal coliform concentrations in mussel overlying waters from the sampling site at the
River Ouse (Piddinghoe) peaked in January 2012 (7,500 CFU/100ml) and reached a
minimum value in April 2011 (11 CFU/100ml). The annual geometric mean was 132
CFU/100 ml (Figure 5.2) Six samples (25%) were within the limits for an ‘Approved’
harvesting area (≤ 43 CFU/100ml); eleven samples (46%) were within the limits for a
‘Restricted’ harvesting area (≤ 260 CFU/100ml) and seven samples (29%) exhibited values
associated with a ‘Prohibited’ harvesting area (>260 CFU/100ml). Interestingly, the
observation that the annual geometric mean level of faecal coliforms in the mussel
overlying waters was higher than 88 CFU/100ml would classify the site as ‘Prohibited’ for
shellfish harvesting by US criteria, and only 71% of samples were in compliance with the
‘Restricted’ area requirements.

Figure 5.3 Geometric mean faecal coliform levels in mussel overlying waters from the
River Ouse (Piddinghoe)
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5.4 Assessment of physico-chemical, meteorological and hydrographical data
The microbiological dynamics of shellfish are intimately related to the physico-chemical
characteristics of their overlying waters, and the prevailing meteorological and
hydrographical conditions present in the catchment. The aim of this part of the study was
to assess how these parameters vary at the study site and then to elucidate how these
variations may ultimately affect levels of faecal indicators and Norovirus detected in
mussels from this site.
It has been suggested (Dupont et al., 1992; Vale and Sampayo, 2003) that the microbial
dynamics of shellfish waters are intrinsically correlated to seasonal variations in physicochemical and environmental parameters. The principal drivers of these seasonal variations
are temperature, UV irradiation and precipitation. Therefore, in order to compare the levels
of Norovirus in the samples from Piddinghoe gathered over the study period, with those
obtained in previous investigations (e.g., Lowther et al., 2012), and shellfish-related
Norovirus outbreaks (e.g., Westrell et al., 2010), it was necessary to divide the data into
four seasons; namely Winter (21st December to 20th March); Spring (21st March to 20th
June); Summer (21st June to 20th September); and Autumn (21st September to 20th
December. This somewhat arbitrary division of the data into four separate seasons (winter,
spring, summer and autumn) was performed in order to help identify specific temporal
trends in the dataset associated with particular months, but similarly other divisions, e.g.,
wet and dry, cold and warm seasons or months could also have been used to achieve this.
Historical data for the study area show that average sunshine hours reach a maximum in
July (250 h/month) and a minimum in December (50 h/month) (see Appendix 3 Figure A.
1). Therefore, given that the intensity of incident irradiance from sunlight appears to be the
principal driver of inactivation of faecal indicator organisms in riverine, marine and
estuarine waters (Burkhardt et al., 2000; Fujioka and Yoneyama, 2002; Kay et al., 2005),
the highest rates of inactivation may be expected to follow a similar pattern. Similarly
rainfall data gathered during the study period from a rain gauge situated 10 km upstream of
the Piddinghoe site (at Barcombe) revealed that whilst high daily rainfall events (>20 mm)
occurred during all seasons (Figure 5.4), rainfall tended to be more frequent, and its
duration longer, during autumn and winter months. However, a Kruskal-Wallis Test
revealed no statistically significant difference in rainfall levels between the four seasons (p
>0.05) for the week preceding each sampling event (see Appendix 3 Figure A.2).
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Figure 5.4 Daily mean rainfall levels (mm) for River Ouse catchment (Barcombe gauge) during the sampling period*
*= Sampling events are represented by black diamonds, red dots and green dots. Their vertical location in the graph indicates the mean rainfall during the sampling date. Red dots indicate
the sampling events that recorded highest levels of faecal indicators and/or Norovirus in mussel sample matrices. Green dots indicate the sampling events that recorded lowest levels of
faecal indicators and/or Norovirus in mussel sample matrices. All other sampling events are indicated by black diamonds .
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The arithmetic mean daily river flow recorded at a flow gauging station situated 10km
upstream of the sampling site during the study period was found to be 3.35 m3/s. Flows of
20 to 45 m3/s were recorded during autumn and winter months, while the maximum
recorded river flow during the summer and spring months was just 7.93 m3/s (Figure 5.5).
Median river flow tended to be highest during autumn and winter months (see Appendix 3
Figure A.3). The arithmetic mean river flow during the seven-day period prior to each
sampling event was correlated with levels of faecal indicators and Norovirus. High levels
of faecal indicators were associated with non-base flow events (rho’s coefficients of
correlation larger than 0.5 and ‘p’ values less than 0.01; see section 5.6, Table 5.1).
The median salinity level (ppt) recorded in overlying waters at Piddinghoe during the study
period was found to be 11.32 ppt (Range 4.10 – 17.30 ppt) and was significantly lower
during the winter months when the flow rate is at its highest (Appendix 3, Figure A.4).
The median turbidity level (NTU) recorded for overlying waters at Piddinghoe during the
study was 19.1 NTU, with the highest value recorded during the winter months (417 NTU)
and the lowest value recorded during the summer months (2 NTU) (Appendix 3, Figure
A.5).
The temperature in the overlying waters at Piddinghoe was found to vary significantly over
the sampling period, ranging from 2.90°C in winter to 18.90°C in summer (Appendix 3,
Figure A.6). Conversely, the pH levels in the overlying waters did not vary significantly
during the sampling period from the annual mean (pH 8.33 SD = 0.23) and complied with
the EU Shellfish Waters Directive (pH 7.0-9.0) (Appendix 3, Figure A.7). All dissolved
oxygen values obtained for overlying waters during the sampling period also complied
with the EU Shellfish Waters Directive as levels were >80% saturation (Appendix 3,
Figure A.8).
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Figure 5.5 Daily mean River Ouse (Barcombe) river flow (m3/s) in relation to all sampling events*
*= Sampling events are represented by black diamonds, red dots and green dots. Their vertical location in the graph indicates the mean river flow during the sampling date. Red dots
indicate the sampling events that registered highest levels of faecal indicators and/or Norovirus in mussel sample matrices. Green dots indicate the sampling events that registered lowest
levels of faecal indicators and/or Norovirus in mussel sample matrices. All other sampling events are indicated by black diamonds.
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5.5 Faecal indicator and Norovirus levels in mussel sample matrices with respect to
time of year
The aim of this part of the study was to investigate how levels of indicators and Norovirus
in mussel sample matrices varied over the study period. Overall, the highest levels of all
faecal indicators and Norovirus were recorded during the wetter, colder and darker months
(winter/autumn), when river flow and turbidity levels also tended to be higher, and were
significantly lower during the sunnier, drier and brighter months (spring/summer), when
river flow and turbidity levels were generally lower. Kruskal-Wallis tests revealed
statistically significant differences in faecal indicators and Norovirus levels in mussel
sample matrices between the four seasons (p< 0,05), with the exception of faecal coliforms
in mussel flesh (p=0.065).
Levels of all faecal indicators followed the same pattern with respect to mussel sample
matrices, with the highest concentrations in mussel gland, followed by mussel flesh and
overlying water. Therefore, in this chapter section, all subsequent analysis of faecal
indicators field-based study data focuses on ‘mussel flesh’, as it is the matrix used for the
EU standard method (ISO/TS16649-3: 2005). Graphs exhibiting levels of faecal indicators,
in ‘overlying waters’ and in ‘mussel digestive gland’, in respect to time of the year are
presented in Appendix 3 (Figures A.10 to A.18).
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5.5.1 Faecal coliforms
Figure 5.6 demonstrates levels of faecal coliforms in mussel sample matrices during the
field study with regard to time of year.

Figure 5.6 Levels of faecal coliforms (CFU/100g) in mussel flesh and intravalvular liquid
in relation to time of the year (levels were significantly different between seasons except between pairs
sharing a letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

The highest median (Md) level of faecal coliforms in mussel flesh was recorded during the
winter months (Md=2,800 CFU/100g) and the lowest during summer months (Md=600
CFU/100g). Interestingly faecal coliforms in mussel flesh were the only faecal indicator/
sample matrix combination that did not show a statistical difference between seasons. The
highest levels of faecal coliforms in mussel flesh were detected in February and November
2010 (25,500 and 21,800 CFU/100g respectively), and were associated with high river
flow and/or rainfall events. However, on one occasion (April 2010), unusually high levels
of faecal coliforms were detected in mussel flesh (and intravalvular liquid) (22,200
CFU/100g) during a sampling event that was not preceded by high flow and/or intense
precipitation.
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5.5.2 Intestinal enterococci
Figure 5.7 demonstrates levels of intestinal enterococci in mussel sample matrices during
the field study with regard to time of year.

Figure 5.7 Levels of intestinal enterococci (CFU/100g) in mussel flesh and intravalvular
liquid in relation to time of the year (levels were significantly different between seasons except
between pairs sharing a letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

The highest median (Md) level for intestinal enterococci in mussel flesh was recorded
during the winter months (Md=6,600 CFU/100g), and the lowest in spring (Md=400
CFU/100g). The highest recorded level of enterococci occurred during January 2012
(25,400 CFU/100g) and this was preceded by the highest river flow observed during the
study (river flow7days =12.67 m3/s), the highest turbidity (417 NTU) and the lowest salinity
detected during the field study. The lowest level of enterococci detected during the study
occurred during May 2011, when intestinal enterococci were undetected in mussel flesh or
mussel gland and detected at relatively low levels in the overlying waters (26 CFU/ml);
turbidity, mean river flow and mean rainfall levels were low during this sampling event
(turbidity =11 NTU, river flow7days =0.97 m3/s and rainfall 7days =1.21mm respectively).
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5.5.3 Somatic coliphages
Figure 5.8 demonstrates levels of somatic coliphages in mussel sample matrices during the
field study with regard to time of year.

Figure 5.8 Levels of somatic coliphages (PFU/100g) in mussel flesh and intravalvular
liquid in relation to time of the year (levels were significantly different between seasons except
between pairs sharing a letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

The highest median (Md) level for somatic coliphages in mussel flesh was recorded during
the winter months (Md=22,200 PFU/100g), and the lowest level during the spring months
(Md=3,100 PFU/100g). The highest level of somatic coliphages was recorded during
February 2011 (50,400 PFU/100ml), and was associated with a sampling event that
included high turbidity (146 NTU) and very low salinity (2.12 ppt), whereas the lowest
level of somatic coliphages was recorded during July 2011 (600 PFU/100g), from a
sampling event that recorded the lowest turbidity (2 NTU) and one of the highest water
temperatures (18.5C). Maximum levels of somatic coliphages in mussel flesh 25,800
PFU/100g occurred during a sampling event in July 2011. Levels of turbidity and river
flow were relatively low on this occasion (11.70 NTU; riverflow7days 1.01 m3/s), but
persistent and intense rainfall had occurred during the three days prior to sampling (rainfall
3 days

=7.20 mm).
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5.5.4 F-RNA phages
Figure 5.9 demonstrates levels of F-RNA phages in mussel sample matrices during the
field study with regard to time of year.

Figure 5.9 Levels of F-RNA phages (PFU/100g) in mussel flesh and intravalvular liquid in
relation to time of the year (levels were significantly different between seasons except between pairs
sharing a letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

The highest median (Md) level for F-RNA phages in mussel flesh was recorded during the
winter months (Md=2,250 PFU/100g) and the lowest level was recorded during the
summer months (Md=100 PFU/100g). November 2010 saw the highest levels of F-RNA
phages in mussel flesh and in mussel overlying waters (6,000 PFU/100g and 3,000
PFU/100ml respectively). This sampling event was preceded by heavy rainfall (rainfall3 days
=13.47 mm) and high river flow (river flow1day = 22.30 m3/s). The second highest recorded
level for mussel flesh (4,000 PFU/100g) coincided with the highest recorded level for
mussel gland, and occurred in February 2011. Levels of rainfall were particularly high
during the day prior to sampling (rainfall1 day=21.4 mm), a high turbidity level (179 NTU)
and very low salinity levels were recorded (2.68 ppt). There were many sampling events in
which recorded levels of F-RNA phages were below the limit of detection in at least two
sample matrices, and they all occurred during spring and summer months. One of these
sampling events was the same one that recorded the lowest levels of somatic coliphages
(July 2011). The only sampling event in which F-RNA phages were below the limit of
detection for all three sample matrices occurred during May 2011, when again turbidity,
rainfall and riverflow levels were relatively low (15.13 NTU; river flow7days =1.10 m3/s;
and rainfall 7days =0.86 mm).
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5.5.5 GB-124 phages
Figure 5.10 demonstrates levels of GB-124 phages in mussel sample matrices during the
field study with regard to time of year.

Figure 5.10 Levels of GB-124 phages (PFU/100g) in mussel flesh and intravalvular liquid
in relation to time of the year (levels were significantly different between seasons except between pairs
sharing a letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

The highest median (Md) level of GB-124 phages in mussel flesh was recorded during the
winter months (Md=500 PFU/100g), followed by autumn (Md=300), while the spring and
summer both exhibited ‘0’ as their median score. The highest level of GB-124 phages
(85,200 PFU/100g) was recorded in January 2012. This was a very high value, even
compared with other indicators that are generally shed in faecal material at higher levels
than the GB-124 phage. This was the same sampling event that saw the highest levels of
intestinal enterococci and turbidity and the lowest levels of salinity during the field study.
Another unusually high level of GB-124 phages occurred during February 2010, at the
beginning of the field study when 17,400 PFU/100g were recorded. Again this value was
greater than that of any other faecal indicator, including somatic coliphages. GB-124
phages were rarely detected during the spring and summer months, though they were
consistently detected during the autumn and winter months. However, the lowest detected
level of GB-124 phages in mussel flesh was 100 PFU/100g, recorded in May and October
2011. GB-124 phages were not detected in any sample matrix during the months of April
and August, while January was the only month in which GB-124 was detected in all
sample matrices.
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5.5.6 Escherichia coli (E. coli)
Figure 5.11 demonstrates levels (MPN/100g) of E. coli in mussel flesh during the field
study with regard to time of year.

Figure 5.11 Levels of E.coli (MPN/100g) in mussel flesh and intravalvular liquid in
relation to time of the year (levels were significantly different between seasons except between pairs
sharing a letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

The highest median (Md) level of E. coli was recorded during the winter months
(Md=2200 MPN/100g) and the lowest level was recorded during the spring and summer
months (Md=500 MPN/100g). The highest level (16,000 MPN/100g) of E. coli was
recorded in January 2012, in a sampling event that also recorded the highest levels of
intestinal enterococci, GB-124 phages and turbidity, and the lowest levels of salinity.
However, the lowest level (110 MPN/100g) of E. coli was recorded in October 2011, when
the sampling event was preceded by very low rainfall (rainfall7 days= 0.08mm) and very low
river flow (river flow7 days=0.87 m3/s).
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5.5.7 Norovirus
Quantitative data revealed that levels of Norovirus in the tested samples varied widely over
the course of the study. Graphs demonstrating levels of Norovirus, genogroup I and
genogroup II, in the mussel gland samples are presented in Appendix 3 (Figures A.19 and
A.20). Figure 5.12 demonstrates levels (genocopies/g) of Norovirus (sum of genogroup I
and II) in the mussel gland samples with regard to time of year.

Figure 5.12 Levels of Norovirus (GI+GII) (genocopies/1g) in mussel digestive gland in
relation to time of the year (levels were significantly different between seasons except between pairs
sharing a letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

For Norovirus GI the overall median value was 210 genocopies/g; with the highest median
score (Md=1,232 genocopies/g) recorded during the winter months, and the lowest score
recorded during the spring months (Md=44 genocopies/g). The highest recorded level of
Norovirus was 2573 genocopies/g and this occurred during December 2011, when the
sampling event was preceded by heavy rainfall (rainfall

1 day

=6.8mm), high turbidity (109

NTU) and low water temperature (8.7C). Interestingly, and with the notable exception of
faecal coliforms, the levels of all other faecal indicators were also relatively high in this
particular sample.
Norovirus GI were detected in 91.67% (22/24) of the samples tested. The two sample
events in which Norovirus GI were undetected (lowest levels) occurred during April 2011
and October 2011. Both sampling events were preceded by an absence of rainfall (rainfall
5days

=0.0 mm) and low river flow. Interestingly, and apparently conflictingly, during the

April sampling event, levels of somatic coliphages were relatively low, F-RNA and GB124 phages were undetected, whereas E. coli levels were relatively high (500 MPN/100g;
class ‘B’). The October event, however, recorded E. coli at their lowest level (110
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MPN/100g; class ‘A’), F-RNA and GB-124 phages were detected and somatic coliphages
were recorded at relatively high levels (12,400 PFU/100g).
For Norovirus GII the overall median level was 859 genocopies/g, with the winter months
recording the highest median values (Md=12,981 genocopies/g), followed by autumn
(Md=1,626 genocopies/g), spring (Md=389) and summer (Md=233 genocopies/g). The
highest recorded level (38,088 genocopies/g) occurred during January 2012. It is important
to note that this was the sampling event that also recorded very high levels of GB-124, and
also the highest levels of E. coli and intestinal enterococci. Norovirus GII were detected in
100% of samples (24/24). The lowest level recorded was 54 genocopies/g and this was
recorded in April during the sampling event mentioned previously, in which the lowest
levels of genogroup I were also detected.
Real-time PCR amplification plots displaying some examples of Norovirus levels
(genogroups I and II) in mussels during sampling events are presented in Appendix 7
(Figures A.26 and A.27).
As a sum of both genogroups, total Norovirus was detected in 100% of samples, and its
overall median level was 985 genocopies/g. Again the winter months were associated with
the highest median level (Md=13,903), followed by autumn (Md=1,996), spring (Md=433)
and summer (Md=363). Highest and lowest levels followed the same sampling events that
recorded highest and lowest levels of genogroup II.
5.6 The relationship between environmental parameters, levels of faecal indicators
and Norovirus
The objective of this part of the study was to investigate relationships between levels of the
faecal indicator organisms, and environmental and water quality data, and to demonstrate
how this relationship compares with that demonstrated between levels of Norovirus in
mussel gland and the same environmental and water quality parameters. The rationale for
this comparison derives from the criteria for selecting an indicator of faecal contamination
(Gerba, 2000; Yates, 2007), which states that an ideal indicator should respond to natural
environmental conditions in the same way as target pathogens; and also from the definition
of a model organism (Ashbolt et al., 2001), as an organism that behaves in the same
manner as a pathogen in a given environment.
Principal component analysis or PCA is a data reduction statistical technique that takes a
large set of variables and finds a way that the data may be reduced using a smaller set of
factors or components. It can identify groups of interrelated variables and can provide
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information on the most meaningful parameters that describe the whole dataset. PCA was
attempted to use in this study in order to summarise the field-based dataset and to produce
a smaller set of linear combinations of the original parameters that could help in
identifying which environmental parameters were responsible for variations of the
microbial load in mussel sample matrices. The 24 variables describing levels of faecal
indicators, Norovirus, physico-chemical and environmental data were subjected to
principal component analysis (PCA) using SPSS. Prior to performing PCA the suitability
of data for factor analysis was assessed. Unfortunately the Kaiser-Meyer-Olkin measure of
sampling adequacy was 0.374 and did not exceed the recommended value of 0.6 that
supports the factorability of the correlation matrix (Pallant, 2010). Therefore, Spearman’s
rank correlation test was used to assess the relationships and the ‘rho’ coefficient of
correlation was used to measure the strengths of these relationships.
During this research, dissolved oxygen (DO) and pH levels rarely displayed significant
correlation coefficients (rho) with faecal indicators and Norovirus, although there were
some exceptions, as follows. Intestinal enterococci in the overlying water were negatively
correlated with dissolved oxygen levels (rho= -0.526); and faecal coliforms in overlying
water and in mussel gland and intestinal enterococci were negatively correlated with pH
levels, with rho coefficients of -0.469, -0.409 and -0.443 respectively.
Table 5.1 highlights the correlation coefficients between all faecal indicators and
Norovirus against the physico-chemical parameters for the overlying water (temperature,
salinity and turbidity) and environmental parameters (river flow and rainfall). Colour
coding was applied to the coefficients of correlation, to indicate the correlation strength,
yellow representing ‘moderate’ (-0.5>rho <0.5); green representing ‘high’ (-0.75>rho
<0.75); and blue representing ‘very high’ (1.00 >rho <1.00).
Temperature and salinity consistently demonstrated negative correlation coefficients, while
turbidity, river flow and rainfall consistently demonstrated positive correlation coefficients.
Norovirus levels demonstrated significant correlations with all physico-chemical
parameters and environmental data, including a highly negative correlation coefficient with
ambient temperature (rho=-0.873) and a very high positive correlation coefficient with
turbidity (rho=0.883). Levels of Norovirus also demonstrated a highly positive correlation
with river flow (rho=0.594), a negative correlation with salinity (rho=-0.407), and a
positive correlation with rainfall (rho=0.421).
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Table 5.1 Correlation coefficients (Spearman’s rho) between levels of faecal coliforms, E.
coli, Norovirus, physico-chemical and environmental data
Parameters
Temperature
Turbidity
Salinity
Riverflow
Rainfall
Mussel flesh
-0.531
0.718**
-0.337
0.524**
0.426*
E. coli
Overlying water
-0.410*
0.641**
-0.305
0.619**
0.174
Faecal
Mussel flesh
-0.121
0.366
-0.274
0.676**
0.212
coliforms
Mussel gland
-0.300
0.443*
-0.093
0.576**
0.299
Overlying
water
-0.432*
0.598**
-0.052
0.519**
0.366*
Intestinal
-0.537**
0.712**
-0.182
0.628**
0.445**
enterococci Mussel flesh
Mussel gland
-0.603**
0.771**
-0.312
0.614**
0.325*
Overlying water
-0.873**
0.864**
-0.553**
0.607**
0.268
Somatic
Mussel flesh
-0.688**
0.810**
-0.309
0.636**
0.291
coliphages
Mussel gland
-0.640**
0.699**
-0.277
0.385*
0.390*
Overlying water
-0.613**
0.651**
-0.313
0.684**
0.432*
F-RNA
Mussel flesh
-0.639**
0.683**
-0.269
0.680**
0.416*
phages
Mussel gland
-0.801**
0.814**
-0.399
0.724**
0.351*
Overlying water
-0.652**
0.757**
-0.456*
0.256
0.231
GB-124
Mussel flesh
-0.615**
0.774**
-0.335
0.349*
0.364*
phages
Mussel gland
-0.736**
0.842**
-0.496*
0.551**
0.317*
Genogroup I
-0.757**
0.851**
-0.387
0.592**
0.366
Genogroup II
-0.850**
0.870**
-0.401
0.618**
0.416*
Norovirus
GI + GII
-0.846**
0.883**
-0.407*
0.594**
0.421*
* = Correlation is significant at the 0.05 level / ** = Correlation is significant at the 0.01 level (2-tailed)
Indicator

Matrices

With the exception of faecal coliforms, all other faecal indicators demonstrated large
negative correlations with temperature. When comparing correlation coefficients, somatic
coliphages in overlying water, and F-RNA and GB-124 phages in mussel gland
demonstrate very high coefficients, similar to those of Norovirus (rho coefficients of 0.873; -0.801; and -0.736 respectively), which contrasts markedly with the rho coefficient
for E. coli in mussel flesh (-0.531).
All faecal indicators showed high correlation coefficients with turbidity in at least one
sample matrix. Again, somatic coliphages in overlying water and GB-124 phages in mussel
gland recorded very large coefficients and were the most similar to those found for
Norovirus (-0.864; -0.842 respectively). Interestingly, salinity was significantly and
negatively correlated only with Norovirus and somatic coliphages in overlying water (rho=
-0.553), and GB-124 phages in overlying water and in mussel gland (rho= -0.456; -0.496).
All faecal indicators recorded high correlation coefficient with river flow in at least one
sample matrix, and they were very similar to those found for Norovirus. Again with the
exception of faecal coliforms, all other faecal indicators recorded moderate correlation
coefficients with rainfall in at least one sample matrix, and again they were very similar to
those found for Norovirus.
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5.7 Analysis of ratios (levels of faecal indicators in mussel flesh vs. overlying waters)
The main objective of this part of the study was to assess how levels of faecal indicators in
mussels compare with those in overlying waters. It also set out to assess whether mussels
bioaccumulate certain indicators more effectively than others (expressed as a
bioaccumulation factor or BAF) and whether there are seasonal variations behind this
process.
Mussels were shown to bioaccumulate all faecal indicators throughout the year. Overall,
they accumulated faecal coliforms to densities averaging 11.5 times greater than the levels
found in the overlying water. However, the bioaccumulation factor (BAF) varied from <1
to 51.8-fold. Intestinal enterococci accumulated to densities averaging 33.2-fold, and the
BAF ranged from <1 to 182-fold. Somatic coliphages were accumulated to densities
averaging 14.9-fold, and the BAF ranged from <1 to 120-fold. F-RNA bacteriophages
accumulated to densities averaging 7.1-fold, and the BAF ranged from <1 to 18-fold. GB124 phages accumulated to densities averaging 4.7-fold greater than was found in the
overlying waters, and the BAF ranged from <1 to 12-fold. It is important to note that it was
not possible to compute many ratios from F-RNA and GB-124 phages because of the
existence of samples in which they were not detected, or they were below the limit of
detection (Table 5.2).
Table 5.2 Bioaccumulation of faecal indicators in mussels by season
Faecal
indicator
Faecal
coliforms
Intestinal
enterococci
Somatic
coliphages
F-RNA
bacteriophages
GB-124
phages
Overall

Spring
BAF*
N

Summer
BAF*
N

Autumn
BAF*
N

Winter
BAF*
N

Overall
BAF*
N

22.9

9

13.1

8

6.3

12

7.4

13

11.5

42

29.6

8

23.8

8

27.7

12

46.4

13

33.2

41

32.9

9

15.3

7

8.8

12

7.7

13

14.9

41

1.5

2

7.5

1

6.1

9

9.6

8

7.1

20

1.9

2

12.0

1

3.8

5

4.9

10

4.7

18

24.8

30

16.9

25

11.8

50

16.2

57

16.5

162

*BAF = bioaccumulation factor. This value is the mean ratio of the faecal indicator organism in shellfish
flesh (and intravalvular liquid) compared with that recorded in the overlying water

A one-way analysis of variance (ANOVA) of ratios with respect to time of year for each
faecal indicator only revealed a statistically significant difference for faecal coliform ratios
with respect to time of year (p =0.02), with the BAF for the spring months for faecal
coliforms (m=22.9) being statistically higher than that for the autumn and winter months
(Tukey HSD post-hoc test p<0.05).
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A one-way analysis of variance (ANOVA) of ratios between faecal indicators, revealed a
statistically significant difference across the five indicators (p =0.000). Levels of BAF for
intestinal enterococci (m=33.2) were statistically higher than the BAF for all other faecal
indicators (Tukey HSD post-hoc test p<0.05). Overall, the BAF for all faecal indicators
throughout all seasons was 16.5.
5.8 Analysis of tidal event data
The objective of this part of the study was to assess the possible effects of an extreme tidal
event on levels of faecal indicators in mussel matrices and their overlying waters.
The arithmetic mean rainfall level during the seven days preceding the intensive sampling
exercise was 1.0 mm, with no record of rainfall during the four days prior to sampling. The
arithmetic mean value for river flow of the sampling date was 2.5 m3/s, and the mean flow
during the previous seven days was 3.0 m3/s. These values were relatively low compared
with high rainfall and river flow events, minimising the possibility that agricultural run-off
and combined sewer overflows (CSO) might influence microbiological levels in mussels
and their overlying waters.
The arithmetic mean values for physico-chemical parameters in the overlying water were:
temperature 8.9°C (SD=0.83), pH 8.15 (SD=0.18), turbidity 18.8 NTU (SD=5.72), and
salinity 12.2 ppt (SD=3.96). There were no significant variations in water temperature and
pH levels during this study. As expected, the lowest registered salinity level was (6.00 ppt)
at low tide (07:00 h), and the highest level (16.00 ppt) at high tide (13:00 h), while the
lowest turbidity levels were registered (8.60 NTU) at high tide (13:30 h) and the highest
levels (27.8 NTU) at mid-high tide (11:00 h) and mid-low tide (27.7 NTU) (15:30 h).
Statistical analysis of the tidal event data (Appendix 3, Table A.10) demonstrates
significant negative correlations between tidal height and both faecal coliforms and
somatic coliphage levels in overlying waters, with Spearman’s rho values equal to -0.792
(p=0.000) and -0.805 respectively. Levels of intestinal enterococci decreased very slightly
as the tide rose but no significant correlations could be found. Levels of F-RNA
bacteriophages and GB-124 phages were extremely low throughout the tidal study, so no
significant correlation and or downward trend in their levels was demonstrated as the tide
rose.
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Figure 5.13 Levels of faecal coliforms and intestinal enterococci (CFU/ml) in overlying
waters in relation to tidal height (m)

Figure 5.14 Levels of somatic coliphages (PFU/ml) in overlying waters in relation to tidal
height (m)

No correlation was demonstrated between tidal height and levels of faecal indicators in
mussel flesh and mussel gland samples. It would appear that five sample events for mussel
matrices and just one tide cycle were not sufficient to establish how microbial
contamination of mussels in an estuary setting is influenced by tidal conditions. However,
levels of E. coli (MPN/100g) and somatic coliphages (CFU/100g) in mussel flesh seemed
to decrease with the influence of less faecal loaded marine waters of the high tide (Figures
5.15 and 5.16). It is important to note that during second sampling event displayed in each
figure 5.15 and 5.16, the tide was low and rising and the marine water did not reached the
cages containing mussels. Therefore the levels of contamination of the mussels were still
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influenced by the previous low tide and the more polluted upstream waters and the natural
depuration process performed by the cleaner waters of high tide could not be noticed yet.

Figure 5.15 Levels of E. coli (MPN/100g) in mussel flesh and intravalvular liquid in
relation to tidal height

Figure 5.16 Levels of somatic coliphages (PFU/100g) in mussel flesh and intravalvular
liquid in relation to tidal height
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Chapter 6:
Using faecal indicators to correlate
and predict levels of Norovirus in
mussels
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6 Using faecal indicators to correlate and predict levels of Norovirus in mussels
The objective of this part of the study was to assess which of the faecal indicator
organisms investigated (and in which mussel sample matrix) may be an appropriate
surrogate for Norovirus contamination of mussel digestive gland. To this effect, those
faecal indicators that demonstrated the best correlation coefficients were used to develop
single regression models to predict Norovirus levels in mussels.
6.1 Relationship between levels of faecal indicators and Norovirus in mussels
As outlined in Chapter 3, the non-parametric Spearman’s rank test was applied to the data
and its correlation coefficient (rho) was used to measure the significance and strength of
relationships. First, tests were run on all data collected during the main study (‘overall’
correlations); and then separately, using data gathered during the spring/summer and
autumn/winter periods. Cases demonstrating the highest correlation coefficients with
Norovirus are highlighted in green, and the highest correlation coefficients using GB-124
phages are highlighted in yellow.
6.1.1 ‘Overall’ correlations
Levels of all faecal indicators in mussel overlying waters were significantly, strongly, and
positively correlated with levels of Norovirus (Table 6.1). Somatic coliphages
demonstrated the highest correlation coefficient (rho=0.859). Furthermore, GB-124 phages
demonstrated significant positive correlations with all other indicators, their highest
correlation coefficient being with somatic coliphages (rho=0.720).
With the exception of faecal coliforms, levels of all other faecal indicators in mussel flesh
were significantly, strongly, and positively correlated with levels of Norovirus (Table 6.1).
Again, somatic coliphages demonstrated the highest correlation coefficient (rho=0.761).
Interestingly, all phage indicators demonstrated higher correlation coefficients with
Norovirus than was demonstrated by E. coli (the standard EU indicator of shellfish safety).
Again, levels of GB-124 phages demonstrated significant positive correlations with levels
of all other indicators, the highest correlation coefficient being once more with somatic
coliphages (rho=0.821).
Levels of all faecal indicators in mussel digestive gland were significantly and positively
correlated with levels of Norovirus (Table 6.1). Once more, somatic coliphages showed the
highest correlation coefficient (rho=0.879). Again, GB-124 phages showed significant
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positive correlations with all other indicators. However, this time the highest correlation
coefficient was with F-RNA phages (rho=0.780).
Table 6.1 ‘Overall’ correlation coefficients (Spearman’s rho) between levels of faecal
indicators and Norovirus
Faecal
coliforms
Faecal coliforms
Intestinal enterococci
Somatic coliphages
F-RNA phages
GB-124 phages
E. coli
Faecal coliforms
Intestinal enterococci
Somatic coliphages
F-RNA phages
GB-124 phages

1.000

Intestinal
Somatic
F-RNA
enterococci coliphages phages
Mussel overlying waters
.848**
.601**
.417*
1.000
.506*
.481*
1.000
.577**
1.000

Mussel flesh and intravalvular liquid
.600**
.843**
.723**
.678**
1.000
.601**
.518**
.267
1.000
.753**
.699**
1.000
.706**
1.000

GB-124
phages

Norovirus

.532**
.439*
.720**
.471*
1.000

.577**
.615**
.859**
.601**
.596**

.725**
.461*
.699**
.821**
.718**
1.000

.646**
.386
.656**
.761**
.658**
.661**

Mussel digestive gland
.603**
.529**
1.000
.694**
1.000

Faecal coliforms
1.000
.534**
.545**
.466**
Intestinal enterococci
.755**
.778**
.689**
Somatic coliphages
.755**
.764**
.684**
F-RNA phages
1.000
.780**
.879**
GB-124 phages
1.000
.734**
* = Correlation is significant at the 0.05 level (2-tailed) / ** = Correlation is significant at the 0.01 level (2tailed)

6.1.2 Correlations observed during the spring/summer period
There were no significant correlations (p>0.05) during the summer/spring period between
levels of any of the faecal indicators in overlying waters and Norovirus (Table 6.2). Also,
there was no significant correlation between levels of GB-124 phages and any other faecal
indicator.
Somatic coliphages were the only faecal indicator that showed a significant relationship
(rho= 0.610) between its levels in mussel flesh and Norovirus (Table 6.2). With the
exception of F-RNA phages, levels of GB-124 phages showed a significant correlation
with all other faecal indicators, and showed their highest correlation coefficient with E.
coli (rho=0.703). Interestingly, although not statistically significant, levels of the standard
indicator E. coli actually showed a negative correlation with those of Norovirus (rho=0.238).

In mussel digestive gland, F-RNA phages were the only faecal indicator that demonstrated
a significant relationship (rho= 0.723) with levels of Norovirus (Table 6.2). Also, levels of
GB-124 phages were not significantly correlated with levels of any other faecal indicator.
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Table 6.2 Spring/summer correlation coefficients (Spearman’s rho) between faecal
indicators and Norovirus
Faecal
coliforms
Faecal coliforms
Intestinal enterococci
Somatic coliphages
F-RNA phages
GB-124 phages
E. coli
Faecal coliforms
Intestinal enterococci
Somatic coliphages
F-RNA phages
GB-124 phages

1.000

Intestinal
Somatic
F-RNA
enterococci coliphages phages
Mussel overlying waters
.591
.415
.335
1.000
.027
.156
1.000
.359
1.000

Mussel flesh and intravalvular liquid
.167
.499
.115
.485
1.000
.526
.639*
.262
1.000
.437
.470
1.000
.314
1.000

GB-124
phages

Norovirus

.256
-.135
.081
.189
1.000

.336
.418
.506
.480
-.243

.703*
.672*
.608*
.620*
.428
1.000

-.238
.415
.056
.610*
.182
.035

Mussel digestive gland
Faecal coliforms
1.000
.327
.492
.550
.426
.395
Intestinal enterococci
1.000
.629*
.372
.450
.009
Somatic coliphages
1.000
.656*
.336
.683*
F-RNA phages
1.000
.160
.723*
GB-124 phages
1.000
.035
* = Correlation is significant at the 0.05 level (2-tailed) / ** = Correlation is significant at the 0.01 level (2tailed)

6.1.3 Correlations observed during the autumn/winter period
During the autumn/winter period there were no significant correlations observed between
levels of the bacterial faecal indicators (faecal coliforms and intestinal enterococci) in
overlying waters and Norovirus (Table 6.3) In contrast, there were strong, positive and
significant correlations between levels of all phage indicators and Norovirus, that with
somatic coliphages demonstrating an extremely high coefficient (rho=0.926). Levels of
GB-124 phages showed a significant correlation only with levels of somatic coliphages
(rho=0.764).
Levels of all faecal indicators in mussel flesh (other than those of faecal coliforms) were
significantly, strongly and positively correlated with levels of Norovirus (Table 6.3), and
levels of F-RNA phages demonstrated the highest correlation coefficient (rho=0.770). All
phage indicators demonstrated correlation coefficients with levels of Norovirus marginally
higher than those demonstrated by the EU standard indicator (E. coli). GB-124 phages
showed significant correlations with all indicators other than faecal coliforms, and once
again levels of somatic coliphages showed the strongest correlation (rho=0.684) with those
of GB-124 phages.
Levels of all faecal indicators in mussel digestive gland (other than faecal coliforms and
somatic coliphages) were significantly, strongly, and positively correlated with levels of
122

Norovirus (Table 6.3). This time, GB-124 phages were the indicator, which showed the
highest correlation coefficient (rho=0.840) with levels of Norovirus. The only other
indicators to correlate with levels of GB-124 were F-RNA phages and intestinal
enterococci, the latter demonstrating the highest correlation coefficient (rho=0.769).
Table 6.3 Autumn/winter correlation coefficients (Spearman’s rho) between faecal
indicators and Norovirus
Faecal
coliforms
Faecal coliforms
Intestinal enterococci
Somatic coliphages
F-RNA phages
GB-124 phages
E. coli
Faecal coliforms
Intestinal enterococci
Somatic coliphages
F-RNA phages
GB-124 phages

1.000

Intestinal
Somatic
F-RNA
enterococci coliphages phages
Mussel overlying waters
.786**
.264
.240
1.000
.335
.612*
1.000
.657*
1.000

Mussel flesh and intravalvular liquid
.768**
.719**
.598*
.575*
1.000
.623*
.501
.201
1.000
.415
.656*
1.000
.629*
1.000

GB-124
phages

Norovirus

.408
.425
.764**
.517
1.000

.236
.451
.929**
.746**
.708**

.563*
.470
.553*
.684**
.599**
1.000

.733*
.476
.641*
.764**
.770*
.759**

Mussel digestive gland
Faecal coliforms
1.000
.617*
.310
.249
.466
.340
Intestinal enterococci
1.000
.253
.629*
.769**
.725**
Somatic coliphages
1.000
.441
.501
.495
F-RNA phages
1.000
.744**
.767**
GB-124 phages
1.000
.840**
* = Correlation is significant at the 0.05 level (2-tailed) / ** = Correlation is significant at the 0.01 level (2tailed)

6.2 Predicting Norovirus contamination in mussels (by regression analysis)
The objective of this part of the study was to determine whether a single variable could be
used to predict levels of Norovirus (genocopies/1g) in mussels. Results of regression
analysis of all faecal indicators in all mussel sample matrices and some physico-chemical
parameters against Norovirus identified the variables that best predicted the outcome of
Norovirus levels. These were: somatic coliphages in overlying waters, intestinal
enterococci in mussel digestive gland and water turbidity. There were 24 sampling
observations in total, and in order to meet the criteria for regression analysis, some unusual
observations were omitted from the final versions of the models shown below. These
observations corresponded to cases that demonstrated a large standardised residual, or
where the X value demonstrated a significant influence (see Appendix 3). Summaries of
the regression models, including fitted line plots with the regression equation for each
variable are presented below.
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6.2.1 Levels of intestinal enterococci in mussel digestive gland as a Norovirus
predictor variable
Original regression equation for Norovirus versus intestinal enterococci in mussel gland:
Norovirus = -187 + 41.5×intestinal enterococci in mussel gland (CFU/1g)
R-sq=78.8%; R-sq (adj) =77.8%; p values: constant coefficient = 0.876; predictor
coefficient = 0.000; Analyses of variance: F=81.73; p=0.000
The original model did not meet the criteria for regression analysis. Therefore one case that
showed an unusual observation was omitted during a subsequent analysis, resulting in the
following regression equation:
Norovirus = 96 + 42.3×intestinal enterococci in mussel gland (CFU/1g)
R-sq=82.8%; R-sq (adj) =81.9%; p values: constant coefficient =0.930; predictor
coefficient = 0.000; Analyses of variance: F=100.84; p=0.000

Norovirus = 96 + 42.3 Intestinal enterococci in mussel gland
S
R-Sq
R-Sq(adj)

Norovirus (genocopies/1g)

40000

4185.94
82.8%
81.9%

30000

20000

10000

0
0

200
400
600
800
1000
Intestinal enterococci in mussel gland (CFU/1g)

Figure 6.1 Fitted line plot, with regression equation, of intestinal enterococci in mussel
digestive gland (PFU/1g) against Norovirus in mussel digestive gland
This model met the assumptions required for regression analysis and explained 82.8% of
the variance in Norovirus levels. The constant coefficient value was not significant in this
model (p=0.930>0.05), though all other statistical parameters were.
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6.2.2 Levels of somatic coliphages in overlying waters as a Norovirus predictor
variable
The original regression equation for Norovirus versus somatic coliphages in overlying
water was:
Norovirus = -614 + 3.94×somatic coliphages in overlying water (PFU/100ml)
R-sq=66.7%; R-sq (adj) =65.2%; p values: constant coefficient = 0.700; predictor
coefficient =0.000; Analyses of variance: F=44.09; p=0.000
However, this model did not meet the criteria for regression analysis. Therefore two
unusual observations were omitted during subsequent analysis, resulting in the following
regression equation:
Norovirus = -835 + 3.59×somatic coliphages in overlying water (PFU/100ml)
R-sq=89.4%; R-sq (adj) =88.9%; p values: constant coefficient = 0.139; predictor
coefficient =0.000; Analyses of variance: F=169.21; p=0.000
This model met the criteria for regression analysis and explained 89.4% of the variance in
levels of Norovirus. Only the constant coefficient value was not significant
(p=0.139>0.05). However, despite the fact that it did not invalidate the model, an
additional regression analysis was carried out, omitting another unusual observation and
resulting in the following regression equation:
Norovirus = -973 + 3.48×somatic coliphages in overlying water (PFU/100ml)
R-sq=94.9%; R-sq (adj) =94.7%; p values: constant coefficient =0.014; predictor
coefficient = 0.000; Analyses of variance: F=355; p=0.000
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Figure 6.2 Fitted line plot with regression equation of somatic coliphages in overlying
waters (PFU/100ml) against Norovirus in mussel digestive gland
Despite omitting three cases from the original data, this final model explains 94.9% of the
variance of Norovirus levels in the remaining 21 observations, and shows significant
values for all statistical parameters.
6.2.3 Turbidity levels of overlying waters as a Norovirus predictor variable
Despite not being a traditional faecal indicator, turbidity levels have been suggested for use
in assessing risks of water-borne disease associated with drinking waters. Extremely high
correlations between turbidity and Norovirus levels supported the inclusion of this
environmental parameter in the regression models.
The original regression model of turbidity versus Norovirus levels in mussel digestive
gland met the criteria for regression analysis, and is described below:
Norovirus = -822 + 93.58×Turbidity (NTU)
R-sq=94.3%; R-sq (adj) =94.1%; p values: constant coefficient=0.192; predictor
coefficient =0.000; Analyses of variance: F=366.95; p=0.000
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Figure 6.3 Fitted line plot, with regression equation, of water turbidity (NTU) against
Norovirus in mussel digestive gland
This model met the criteria for regression analysis and managed to explain 94.3% of the
variance in Norovirus in the 24 observations. In this model only the constant coefficient
was not statistically significant.
In summary, despite the fact that levels of F-RNA and GB-124 phages exhibited very high
correlation coefficients with levels of Norovirus in mussels, the data did not meet the
criteria for a single prediction model. However, their presence at high levels might indicate
high levels of Norovirus. Minitab regression analysis output summaries between all
indicators and Norovirus are presented in Appendix 5. However, somatic coliphages
demonstrated great potential for predicting Norovirus levels in mussels, as data concerning
their levels in mussel overlying waters fitted well within a single regression model. This
suggests that these phages might be the best indicator for assessing virus-related risks
during routine monitoring of shellfish harvesting areas.
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Chapter 7:
Discussion and conclusions
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7 Discussion and conclusions
This study set out to improve our understanding of how levels of bacteriophages and
pathogenic human enteric viruses are related to each other within different mussel matrices
and their overlying waters. In order to assess the suitability of bacteriophages as surrogates
for Norovirus, a comprehensive field survey was undertaken. Levels of bacteriophages,
traditional bacterial indicators of faecal pollution and Norovirus were compared in sample
matrices of the common mussel (Mytilus edulis), and for the first time the use of phages
capable of infecting the human-specific enteric bacterium Bacteroides fragilis strain GB124 were investigated as part of a shellfish safety study. In this chapter the results of the
study are critically reviewed to evaluate the feasibility of using bacteriophages (somatic
coliphages, F-RNA and GB-124 phages) to indicate the risk of enteric viral infection
among consumers of shellfish.
The chapter is divided into four main sections, namely: The development of laboratory
methods, Discussion of field-based research results, Recommendations for future research
and Conclusions.
7.1 The development of laboratory methods
In this section, issues related to the development and refinements of methods to detect and
enumerate faecal indicators in mussels are discussed. The ways in which mussels take up
GB-124 phages are considered, and the importance of high phage titres in both controlled
laboratory experiments and molecular assays is evaluated.
7.1.1 Centrifugation speed
As mentioned earlier, centrifugation is used to remove solids from mussel homogenates
prior to enumeration of microorganisms. A review of the research literature revealed that a
variety of centrifuge speeds have been used by other workers to facilitate the recovery of
bacteriophages from shellfish homogenates (section 3.1.2). It was therefore useful to
compare the efficacy of two centrifuge speeds (2000 G and 3200 G) for clarifying mussel
homogenates. The results revealed that both speeds effectively clarified the homogenates,
enabling the application of standard procedures for bacteriophage recovery. However,
supernatants of samples centrifuged at 3200 G were less turbid and were easier to filter,
though the resulting bacteriophage recovery rate was statistically slightly higher when the
lower centrifuge speed (2000 G) was applied. This finding is in agreement with those of
other researchers (e.g., Sobsey et al., 1978; Formiga-Cruz et al., 2003). The lower rates of
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recovery observed at higher speeds might be due to bacteriophages being centrifuged out
into the precipitated pellet of mussel debris. Centrifuge speeds higher than 10000 G are
employed as a virus concentration step prior to conducting molecular assays with shellfish
homogenates (Le Guyader et al., 2009).
7.1.2 Pre-filtration of the homogenate
Standard ISO methods for the enumeration of bacteriophages in water (Anon., 2001a;
Anon., 2001b; Anon., 2001c) suggest that the procedures may be applied to shellfish
extracts, but do not suggest as to how extracts should be filtered prior to analysis. The
same is true of CEFAS standard operation procedure SOP1671 (Anon., 2007) for the
enumeration of F-RNA phages in shellfish extracts. In order to remove background
bacterial flora from environmental samples, Tartera et al. (1992) recommend filtration
through a 0.22-.m filter prior to enumerating phages of Bacteroides fragilis. Therefore, in
this study a comparison between filtered (0.22 m) and unfiltered mussel homogenates
was carried out, and demonstrated that there was no significant difference in bacteriophage
recovery rate. However, when unfiltered mussel homogenates were used, growth of
background anaerobic bacteria hindered enumeration on Bacteroides phage recovery
medium agar (BPRMA). Therefore filtration was used throughout this study and is
recommended when conducting comparisons between levels of these three groups of
bacteriophages. Standard assays for the other two groups of bacteriophages (F-RNA
phages and somatics coliphages) omitted the filtration step, thereby economising on filter
cartridges.
7.1.3 Membrane filtration vs. spread plating
Two alternative microbiological methods, namely membrane filtration and the spread plate
method, were adopted, tested and modified in order to optimise the enumeration of faecal
coliforms and intestinal enterococci in mussel homogenates.
Results demonstrated that membrane filtration provided better results. ISO methods for the
detection of faecal coliforms and intestinal enterococci by membrane filtration in water
(ISO 9308/1:2000 and ISO 7899/2:2000) were therefore adapted for use with mussel
homogenates. The method was used throughout the field study, enabling effective and
consistent comparison of faecal indicator levels in mussel sample matrices throughout all
seasons. Both methods were easier to perform than the standard MPN technique (ISO
16649-3: 2005) used for the EU classification of shellfish harvesting areas. The time
required to obtain results by these methods was 24 hours (faecal coliforms) and 48 hours
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(intestinal enterococci); less than, or equal to, the time required for the EU standard
method (48 hours). However, the detection limit for both methods was relatively high at
200 CFU/100g of mussel flesh. Therefore their application in pristine class ‘A’ harvesting
areas (> 230 E. coli/ 100 g) cannot be recommended.
7.1.4 High-titre phage suspensions
Methods were developed to isolate, recover and propagate GB-124 phages for use in
uptake experiments. These were adapted from those described by Puig and Girones (1999),
Carey-Smith et al. (2006) and Fard et al. (2010), and proved to be effective, not only for
preparing high-titre phage suspensions for subsequent spiking experiments but also for the
preparation of very high titres of phages of GB-124, used to design PCR primers in an ongoing project between researchers of the University of Brighton and CEFAS (Centre for
Environment, Fisheries and Aquaculture Science). This project ultimately aims to develop
a molecular assay to detect human faecal pollution in shellfish and surface waters, through
quantification of the GB-124 phage genome (Real-Time qRT-PCR).
7.1.5 Uptake of GB-124 phages by mussels
The aim of the laboratory-based study was to assess the basic ability of mussels to take up
GB-124 phages. Bivalve filtration rate and the various factors that might influence it, such
as water flow rate, temperature, food availability, bivalve species, size and stage of life
cycle (Solic et al., 1999) were not taken into consideration in this study. Uptake
experiments were conducted at water temperature between 18 and 20C, and salinity levels
were determined in accordance with that of the overlaying waters at the harvesting site (5
to 16 ppt). Generally, mussels took up GB-124 phages in all experiments, regardless of
initial phage concentration in the aquarium water. The first hour of exposure to GB-124
phages corresponded to the highest rates of uptake in accordance with the findings of Solic
et al. (1999) and Roslev et al. (2009), who carried out mussel uptake experiments using
faecal coliforms and intestinal enterococci respectively. These findings are significant
because they provide evidence of the ability of bivalve molluscs to take up GB-124
phages. However, future experiments, in which the effect of different temperatures,
salinity, and depuration processes are assessed, are needed to provide a fuller
understanding of mechanisms of phage uptake and persistence in mussels.
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7.2 Discussion of field-based research results
This comprehensive field-based research on the Sussex River Ouse estuary at Piddinghoe
was undertaken over a period of 26 months (including preliminary pilot studies and the
main field study).
7.2.1 Appropriate hygiene classification of study site
The percentage of bivalve harvesting areas in England and Wales attaining class ‘B’ status
increased from 69 to 86% between 1999 and 2008 and this is likely to be associated with
improved sewerage and wastewater treatment provision between 2000 and 2005 (Campos
et al., 2013). The latest list (2012-2013) of designated shellfish areas in England and Wales
shows that 1% are class ‘A’, 87% are class ‘B’, 9% are class ‘C’ and 3% are classified as
‘Prohibited’ (FSA, 2013).
The River Ouse sampling site is not designated as a bivalve mollusc production area,
though the author witnessed local people collecting mussels for their personal
consumption. During the pilot studies it became evident that the sampling site would likely
be classified as a class ‘B’ shellfish harvesting area, and this conclusion was later
confirmed by the levels of E. coli in mussel flesh and intravalvular liquid recorded during
the main field survey. The relevance of this information is that microbial loads in the
sampling site are representative of the majority of production areas in England and Wales.
7.2.2 The relationship between faecal indicators and Norovirus
Although levels of faecal indicators in the River Ouse (Sussex) have been
comprehensively studied for several years (Ebdon et al., 2007; Nnane et al., 2012), little is
known of their levels in the mussels found in the river’s estuary. Further, the Sussex Ouse
has also been a recent focus for studies into the use of phages capable of infecting B.
fragilis strain GB-124 as a marker of human faecal pollution and this study therefore
provided an opportunity to investigate the use of this novel MST marker in shellfish.
Somatic coliphages were the most abundant of the faecal indicator species investigated in
all sample matrices, in agreement with levels found by Formiga-Cruz et al. (2003) in
various species of shellfish in other parts of Europe. Interestingly, these phages are
normally found to be less abundant than faecal coliforms and intestinal enterococci, both in
local municipal wastewaters (Ebdon et al., 2007) and elsewhere (Contreras-Coll et al.,
2002). This inversion of relative proportion might suggest that these phages are replicating
in the environment (Vaughn and Metcalf, 1975; Seeley and Primrose, 1980), but this is
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disputed, since conditions needed for the replication of somatic coliphages in the
environment are very rare, and even when they may occur, the impact is likely to be
insignificant given the densities of these phages in the natural environment (Wiggins and
Alexander, 1985; Muniesa and Jofre, 2007; Jofre, 2009). Therefore, the inversion in the
proportions of somatic coliphages and the bacterial indicators might be explained by the
fact that bacteriophages demonstrate greater resistance to common wastewater treatment
processes and also to inactivation by natural factors (Sinton et al., 1999).
Another interesting finding was that recorded levels of intestinal enterococci were lower
than those of faecal coliforms in the overlying waters, but were higher than those of faecal
coliforms in mussel flesh and gland matrices. This difference in relative concentrations can
be explained by the observation that intestinal enterococci were the indicator
demonstrating the highest bioaccumulation factor (BAF= 33.2), when compared with
faecal coliforms (BAF= 11.5). This suggests that intestinal enterococci may be more
persistent within mussel tissues and that possibly its mechanisms of attachment to the
mussel’s digestive system may better resemble those of viruses.
Computing all three sample matrices, the overall levels of somatic coliphages were found
to be 1.46 and 1.72 log units higher than for F-RNA and GB-124 phages, respectively.
Levels of F-RNA phage were also 0.26 log units higher than those of GB-124 phages.
These proportions agree somewhat with those observed by Muniain-Mujika et al. (2000),
in a study performed in Spain that compared levels of phages infecting B. fragilis strains
HSP-40 and RYC2056 in mussels (Mytilus galloprovincialis) with those of F-RNA and
somatic coliphages. The ratios of human-specific HSP-40 phage to the other phages were
very similar to those found here using strain GB-124, but phages infecting the non-human
specific strain RYC2056 were present at higher levels than F-RNA phages. Formiga-Cruz
et al. (2003) found that in UK samples the mean difference between levels of F-RNA
phages and those of B. fragilis strain RY2056 was far greater (0.95 log units) than the
difference found in this study (0.26 log units), suggesting that as well as being humanspecific, phages infecting host GB-124 might be more prevalent than those of RY2056 in
UK shellfisheries.
One of the defining characteristics shared by an ideal faecal indicator or index organism is
that it should be present whenever the pathogen of concern is present. During this study,
however, F-RNA and GB-124 phages were often undetected particularly in overlying
waters and mussel flesh matrices. However, the detection limit for these phages was
relatively high for the protocol used (33 PFU/100ml of overlying water and 100 PFU/100g
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mussel flesh) and an increase in sample replicates would have improved detection. On the
other hand, the absence of high levels of the human-specific GB-124 phages from many of
the overlying water samples suggests that under normal conditions (non-storm events)
there were limited inputs of human faecal material in waters used for mussel growing, and
therefore there is less risk of the presence of human-infectious pathogenic virus and
bacteria (Ebdon et al., 2012).
Although levels of phages of GB-124 in overlying waters were generally lower than those
of the other indicators, on two occasions they were recorded at very high levels; only 1.5
log units lower than those found by Ebdon et al. (2007) in the municipal wastewater
effluents. Only one of these sampling events corresponded with parallel Norovirus
analysis. However, interestingly this event recorded the highest Norovirus level observed
during the entire study, a level even greater than the highest level found by Lowther et al.
(2012) during a two-year study into the prevalence of Norovirus in oysters from various
harvesting areas in the UK. Unfortunately, the other sampling event occurred in February
2010 during the pilot studies conducted at the beginning of the field survey at which time
Norovirus were not assessed. It is worthy of note, that February 2010 was the only month
during the study by Lowther et al. (2012) in which all oyster samples (38/38; 100%) tested
positive for the presence of Norovirus. These observations suggest that very high levels of
phages of GB-124 may be indicative of high levels of Norovirus in UK shellfish.
Overall, levels of Norovirus (median=985 genocopies/g) in this study were relatively high,
and similar to those observed by Flanery et al. (2012) in Ireland and by Lowther et al.
(2012) at class ‘B’ sites on the south and east coasts of England. Levels of Norovirus found
in Scotland by Magill et al. (2011) (geomean <50 genocopies/g), and by Lowther et al.
(2012) (50-169 genocopies/g) were, however, much lower than those found during this
study. These observations are consistent with the observation that population pressures
(and possibly the faecal load from discharges of untreated and partially treated human
faeces) are greater in the southeast of the British Isles compared to those found in
Scotland.
7.2.3 Impact of seasonal and environmental factors on microbial contamination of
mussels
A very marked seasonality in microbial contamination levels was observed, with the
highest levels of all faecal indicators and Norovirus occurring during the colder, darker and
wetter months of autumn and winter, and the lowest levels occurring during the warmer,
sunnier and drier months of spring and summer. Only levels of faecal coliforms in the
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mussel flesh failed to demonstrate a statistically significant difference with respect to the
season. This seasonality was in accordance with the findings of previous shellfish studies
in Europe involving faecal indicators (Lucena et al., 1994; Doré et al., 2000; Flannery et
al., 2009) and human enteric viruses (Le Guyader et al., 2000; Formiga-Cruz et al., 2002;
Lowther et al., 2008).
It has been suggested that reasons for this seasonality in Norovirus levels in northern
European shellfisheries include (Allwood et al., 2005): the higher prevalence of Norovirus
in the human population during the winter months (Mounts et al., 2000); the greater
persistence of viral particles under the typical winter environmental conditions of low
temperature, low solar irradiation, and higher turbidity (Allwood et al., 2005); and more
effective viral and bacterial clearance in mussels and oysters during the summer months as
a result of higher rates of shellfish metabolism in warmer waters (Doré et al., 1998;
Hernroth and Allard, 2007). The findings related to seasonality are consistent with the
winter seasonality of Norovirus illness incidents following shellfish consumption
suggested by epidemiological statistics, both for the UK and for other countries (Westrell
et al., 2010).
Although the faecal indicators appear to react differently to changes in environmental
parameters, the observed seasonality in their levels can be explained by the fact that they
are all more effectively inactivated during months with higher solar irradiation and lower
water turbidity (Sinton et al., 1999,2002; Kay et al., 2005).
From the results of this study, temperature and turbidity would appear to be the
environmental factors that most influence levels of Norovirus. Turbidity levels were used
to design a simple regression model able to predict Norovirus levels in mussels harvested
at the sampling site. Interestingly, correlation coefficients between bacteriophages and
temperature were very high, and markedly similar to those displayed by Norovirus with
temperature, though the relationship with temperature was not observed for bacterial
indicators, and especially not for faecal coliforms. Indeed, temperature inactivation
experiments by other workers have supported the application of MS-2 (F-RNA phage) and
B40-8 (B. fragilis phage) as potential surrogates of Norovirus (Dawson et al., 2005; Baert
et al., 2010).
In the case of turbidity, bacteriophage correlation coefficients were again more similar to
those of Norovirus than to those of the bacterial indicators. River flow and rainfall seemed
to have a significant influence on levels of Norovirus and all faecal indicators in a similar
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manner, with the exception of faecal coliforms, which did not exhibit any significant
correlation with rainfall.
With the exception of turbidity, water temperature was the environmental parameter that
related most strongly to levels of Norovirus and bacteriophages, whereas the bacterial
indicator levels were more closely related to river flow.
An interesting observation was that salinity only correlated significantly (and inversely)
with levels of Norovirus, GB-124 phages and somatic coliphages, meaning that in general
the lower the salinity levels, the higher the levels of these microorganisms. Low salinity
levels under certain tidal and rainfall conditions were indicative of lower dilution of river
waters and a higher impact of upstream fresh waters at the study site. On such occasions
inputs from the numerous wastewater treatment plants upstream are likely to be greatest
and the probable source of much of the human faecal contamination (and hence Norovirus
and the human-specific phage marker). It is important to link this observation with the
findings of Les Saux et al. (2009) who suggested that low salinities in shellfish waters are
linked to heavy rainfall and consequent rapid fresh water input, increasing the likelihood of
faecal contamination.
Overall, the evidence of this study strongly supports the hypothesis that the bacteriophages
investigated provide a far better model for the relationship between Norovirus and
environmental parameters than that provided by traditional bacterial faecal indicator
bacteria.
7.2.4 Selecting the target mussel matrix
To date, no previous studies have been reported in which, faecal indicators were analysed
in overlying waters, mussel flesh (and intravalvular liquid) and mussel gland in parallel.
Additionally, in this study human Norovirus was analysed in the mussel digestive gland, as
this matrix is able to recover viruses at low levels, and at purity consistent with PCR
requirements (Lees and Cen Wg, 2010).
It is worth noting that this difference in target matrix may have some implications for the
comparison of results presented in this thesis, and may explain why mussel digestive gland
was the matrix in which faecal indicators exhibited the highest coefficients of correlation
with Norovirus during this study.
Mussel digestive gland was the most effective sampling matrix, detecting faecal indicator
organisms more frequently and in higher concentrations than the other two matrices
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studied. This may be due to the ability of the digestive gland of shellfish to concentrate
viruses and bacteria, which has been reported by many other researchers (Metcalf et al.,
1980; Romalde et al., 1994; Le Guyader et al., 2006), and is particularly relevant when
assaying F-RNA, GB-124 phages or other faecal organisms that occur at low levels.
One practicality of assaying the digestive gland is that only a sterile scalpel or razor is
needed during the shellfish tissue homogenisation step. It does not require the use of
electrical equipment, such as a blender or stomacher, which are prerequisites of the
standard method (ISO 16649-3: 2005).
As the future analysis of virus, bacteria and protozoa in shellfish will no doubt involve
assaying the animal’s digestive gland, further research is needed in order to standardise the
processing of this sample matrix in order to most accurately assess levels of indicator
organism, and to make comparisons between studies more credible.
7.2.5 The most appropriate indicator of the presence of human enteric viruses in
mussels
According to a statistical study conducted by Wu et al. (2011), and involving 40 years of
research data concerning correlations between microbial indicators and pathogens, there
appears to be no perfect indicator for the presence of human pathogens in water. However,
long-term site-specific monitoring studies to assess pathogen/indicator correlations might
provide a reliable indication of the potential degree of pathogenic contamination of a
specific water body, and thus provide a useful assessment of potential health risks.
Correlational analysis of faecal indicators and Norovirus (Chapter 6) suggests that
bacteriophages correlate more closely with the presence of Norovirus in mussels than do
traditional faecal bacterial indicators. As seen, these phages potentially offer a valuable
and effective new tool for assessing the health risks associated with the consumption of
shellfish.
Using annual data (especially that recorded during the autumn and winter), levels of the
EU standard indicator for shellfish areas (E. coli) exhibited a good correlation with those
of Norovirus. However, this relationship was not observed during spring and summer
months. This observation is in accordance with that of Lowther (2011), who demonstrated
a good correlation (rho=0.676) between E. coli and Norovirus during the autumn/winter
period, comparable with that found during this study (rho=0.598). This suggests that,
despite the observation that E. coli does not correlate as strongly with levels of Norovirus
as do the bacteriophages, this traditional indicator bacterium may still have a role to play in
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protecting consumers of shellfish from the effect of pathogenic viruses. However, in this
study, levels of E. coli did not exhibit any significant correlation with Norovirus when data
from the spring and summer months were treated independently. During this period some
sampling events even recorded class ‘A’ harvesting water characteristics, suggesting that
E. coli has a limited capacity for predicting Norovirus levels in less polluted waters. This
finding is in accordance with those of Formiga-Cruz et al. (2003), who found that human
enteric viruses were present in class ‘A’ harvesting areas, even in the absence of E. coli.
Faecal coliforms showed the weakest correlation coefficients with Norovirus of all the
faecal indicators investigated, and the way in which their levels related to environmental
parameters differed most from those of Norovirus. Given this finding, it is perhaps
surprising that faecal coliforms are the indicator of choice used by the US National
Shellfish Sanitation Program (NSSP) for classifying shellfish harvesting areas.
Intestinal enterococci exhibited some strong relationships with Norovirus (especially in the
mussel digestive gland), when annual and autumn/winter data were analysed. Interestingly,
this faecal indicator in this matrix presented some of the best fits in a single regression
model (Chapter 6.2) designed to predict Norovirus levels in mussels. Furthermore, the
method used to assess intestinal enterococci levels in mussel digestive gland was
developed during this research. Despite Cabelli et al. (1982) and Pruss (1998) suggesting
that intestinal enterococci appear to correlate better than E. coli with health hazards
associated with bathing in aquatic environments, there are few environmental shellfish
studies that suggest a strong correlation between levels of intestinal enterococci and human
enteric viruses (Chung et al., 1998). In fact, according to Love et al. (2010), these
enterococci are removed at a faster rate than are viruses during depuration, and they appear
to be a poor process indicator of the virological quality of depurated shellfish.
Examining again the three seasonal groupings - namely ‘overall’; ‘spring/summer’
(dry/sunny); and ‘autumn/winter’ (wet/dark) - and three sample matrices, a total of nine
possible ‘strongest correlation coefficients’ are evident. All of these belong to
bacteriophages, with somatic coliphages responsible for four of the nine; F-RNA phages
three of the nine; and GB-124 phages a further one of the nine (Table 7.1). All three groups
of bacteriophage therefore have potential to predict the risk of human enteric virus
infection from shellfish. Thus, they might be employed separately, or in combination as
part of a ‘toolbox’ approach during either routine monitoring, or as part of a focused
sanitary investigation of shellfish harvesting areas.
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Table 7.1 Indicators demonstrating greatest Norovirus predictive capacity for mussels
Period
Annual
Dry/sunny
(spring/summer)
Wet/dark
(autumn/winter)

Overlying water
Somatic coliphages
(rho=0.859)
None
Somatic coliphages
(rho=0.929)

Sample matrices
Mussel flesh
Somatic coliphages
(rho=0.761)
Somatic coliphages
(rho=0.610)
F-RNA phages
(rho=0.770)

Mussel gland
F-RNA phages
(rho=0.879)
F-RNA phages
(rho=0.723)
GB-124 phages
(rho=0.840)

The findings of this study therefore suggest that somatic coliphages are probably the single
most useful bacteriophage group available for use as a generic indicator of faecal pollution
of shellfish, or for predicting the likely presence of enteric pathogenic viruses.
Key evidence from this study to support this conclusion includes the following
observations:
(1) Somatic coliphages were observed to exhibit high correlation coefficients with an
important pathogenic virus associated with shellfish-related food poisoning;
(2) Measuring levels of these somatic coliphages supported a simple regression model that
may be used to predict Norovirus presence in mussels;
(3) They are highly abundant in faecally contaminated waters;
(4) They are easily and rapidly quantified by a simple phage-lysis method that produces
clear and well-defined plaques;
(5) They respond to environmental parameters in a similar way to Norovirus;
(6) They may be suggested as a surrogate for other viral pathogens, though further work is
needed to elucidate specific relationships;
(7) They might be effectively used in more polluted areas by simply assaying the overlying
waters, whereas in less polluted areas, an assay of the shellfish flesh and intravalvular
liquid is recommended.
Although levels of somatic coliphages demonstrated high correlations with levels of
Norovirus in the mussel digestive gland, they correlated less strongly with the viral
pathogen than did F-RNA and GB-124 phages in this matrix. In comparison with somatic
coliphages, observed levels of the latter two groups of bacteriophages were lower in this
study, in accordance with the observations of other workers (Lucena et al., 1994; MuniainMujika et al., 2000, 2003; Contreras-Coll et al., 2002; Formiga-Cruz et al., 2003).
However, the sensitivity of the shellfish gland assay was greater and consequently
detection rates for these phage groups in this shellfish matrix were markedly higher. The
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reasons for these higher correlations of F-RNA and GB-124 phages with Norovirus may
include the following: F-RNA phages are the least diverse phage group studied and their
morphology and structure are the most similar to those of Norovirus (Doré et al., 2000;
Leclerc et al., 2000; Grabow, 2001); GB-124 phages are human-specific (Payan et al.,
2005) and theoretically they are more likely to co-present with human Norovirus than are
phages found in a wider range of faecal sources.
Results from this study suggest that F-RNA phages are a suitable indicator of the presence
of human enteric virus in mussels. However, as they often exhibit low levels in overlying
waters, it is important to use shellfish flesh when analysing more-polluted waters, such as
those most commonly found during UK autumn/winter, and the shellfish gland when
dealing with less-polluted waters. These observations support, to some extent, the work of
other researchers who have proposed F-RNA as an indicator of human viruses in shellfish
(Chung et al., 1998; Doré et al., 2000; Doré et al., 2003; Formiga-Cruz et al., 2003; Wolf
et al., 2008; Flannery et al., 2009).
During the autumn/winter months of this study, GB-124 phages exhibited the highest
coefficient of correlation with Norovirus within the mussel gland matrix. This was a highly
significant finding, since the standard assay for quantifying levels of Norovirus uses this
matrix. It is also important to emphasise that it is during the autumn and winter that most
Norovirus outbreaks associated with shellfish consumption occur in northern Europe
(Westrell et al., 2010). The work presented here also demonstrates for the first time that
quantifying levels of phages of GB-124 may not only indicate the presence of human
faeces in shellfish matrices but may also indicate the risk to human health of consuming
some shellfish. Consequently, demonstrating the presence of phages of human origin in
high numbers in shellfisheries may highlight the risks associated with the consumption of
shellfish contaminated by human pathogenic viruses in a relatively simple and costeffective manner. Furthermore, it may provide additional information on the infectivity
levels of human enteric viruses in shellfish, as their molecular methods of detection might
overestimate the infectious risks (Flanery et al., 2013). Therefore, it may be concluded that
GB-124 phages are a suitable candidate for indicating human enteric viruses in
shellfisheries, with the proviso that their use might be better focused on the investigation of
more polluted waters. Other researchers who have similarly suggested the use of phages
that infect other strains of B. fragilis as indicators of human enteric viruses in shellfish
include Lucena et al. (1994) and Muniain-Mujika et al. (2000, 2003). However these
workers only studied the presence or absence of viral pathogens (Adenovirus, Enterovirus
and hepatitis A virus) using conventional PCR. Adopting a quantitative approach to the
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study of Norovirus using qRT-PCR data, the research presented here therefore makes a
significant contribution to understanding the ecological behavior of the pathogen in
relation to traditional and novel faecal indicator species.
Another suggested application of GB-124 phages in the shellfishery industries is for
sanitary surveys, in which regulatory authorities (such as the Environment Agency in
England and Wales) investigate and critically evaluate the nature and source of
microbiological contamination affecting new and existing shellfish production areas. As
mentioned previously, the majority of UK shellfish areas are currently classified as class
‘B’ areas, and with a growing population and growing consumer demand for shellfish,
there is already a tendency towards the greater use of class ‘B’ and ‘C’ areas for shellfish
cultivation. Shellfish from these areas are subjected to purification processes before being
placed on the market, and evidence suggests that these may consistently fail to eliminate
the threat to human health posed by human enteric viruses (McLeod et al., 2009; Love et
al., 2010). Therefore, identifying and quantifying an effective signal of human faecal
pollution in such shellfish areas, through the enumeration of GB-124, may inform a more
effective and targeted purification measure necessary to protect human health.
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7.3 Recommendations for future research
This three-year research study has significantly improved understanding of the behaviour
of Norovirus, and both traditional and novel indicators of faecal pollution in mussels and
their overlying waters. Some of the findings are likely to have significant implications for
future efforts to protect the health of shellfish consumers. As is the nature of research
work, the study has also served to highlight what might be the main priorities for future
investigation. The following list outlines the nature of studies that might build on and add
to what has been learnt to date:

1. The application of GB-124 phages should be extended to a variety of other shellfish
harvesting locations that are subject to different levels and sources of faecal
pollution.
2. The approach could very usefully be applied to different bivalve mollusc species, in
particular oysters, which were not native to the location studied here.
3. The future development of the GB-124 phage detection assay into a direct method
for enumerating phages using real-time qRT-PCR would enhance the detection of
these phages in less grossly polluted shellfish areas and lead to a faster and
potentially more accurate public health protection tool.
4. It would be both useful and timely to investigate more fully the dynamics of GB124 phage behaviour in depuration systems in direct comparison with the
behaviour of common viral pathogens of shellfish, to elucidate further their
potential as an index of depuration efficacy.
5. Further investigation of the usefulness of intestinal enterococci as a tool to assess
the sanitary quality of shellfish is clearly warranted, as the results of this study
suggested that this faecal indicator bacterium demonstrated a greater potential to
indicate health risks than both faecal coliforms and E. coli, which are respectively
the bacterial species prescribed in legislation governing US and EU shellfish
sanitation programmes.
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7.4 Conclusions
The principal findings of this research may be summarised as follows:

1. For the first time, it has been demonstrated that a novel phage marker of human
faecal pollution (namely, phages infecting B. fragilis strain GB-124) can be used to
predict contamination of mussels by certain human pathogenic viruses (namely,
Norovirus).
2. Levels of all three groups of bacteriophages studied here (namely, somatic
coliphages, F-RNA phages and GB-124 phages) correlated more closely with levels
of Norovirus than did the traditional faecal indicator species (namely, E. coli, faecal
coliforms and intestinal enterococci).
3. Of all the microbial species investigated, somatic coliphages demonstrated the
greatest potential for predicting levels of Norovirus in mussels.
4. Levels of Norovirus and of all faecal indicators demonstrated a marked seasonality,
with higher levels occurring during the colder and darker months of autumn and
winter.
5. Generally, the turbidity level of mussel overlying waters was the environmental
parameter that best predicted levels of faecal indicators and Norovirus.
6. Other than turbidity, water temperature was demonstrated to be the environmental
parameter that best predicted levels of Norovirus and bacteriophages in mussels and
their overlying waters, whereas levels of the bacterial indicators were more closely
related to river flow.
7. Mussel digestive gland was shown to be the most useful and effective matrix for
assessing levels of faecal indicators, being easier to assay than the mussel flesh and
intravalvular liquid. Furthermore, as the presence of human enteric viruses is
measured in shellfish digestive glands, a focus on this matrix when enumerating
pathogen surrogates is recommended.
8. Intestinal enterococci were the indicator organism demonstrating the highest
bioaccumulation factor in mussels and this characteristic supports their potential
use as a conservative indicator of faecal contamination.
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9. Of the bacterial indicator groups investigated here, intestinal enterococci levels
demonstrated the highest correlation with Norovirus levels in mussels, its levels in
the shellfish gland particularly showing great potential as a predictive tool for
Norovirus contamination.
10. The results of mussel up-take experiments using high titres of phages of B. fragilis
(GB-124), together with the strong and positive relationship with levels of human
Norovirus, further supports the use of these organisms to help protect public health
as part of a microbial source tracking (MST) component to shellfish sanitary
surveys.
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Appendices (supporting data)
Appendix 1 Organic and chemical substances employed during preparation of agar media,
diluents and buffers
Faecal coliforms:
Faecal Coliforms (FC) Agar (Difco® 267720)
Rosolic Acid (Acros Organic 229830250
Intestinal enterococci:
m-Enterococcus (Ent) Agar (Difco® 274620)
Escherichia coli (MPN method):
Peptone bacteriological (OXOID® LP 0037)
Sodium Chloride (Fisher® S/3120/53)
TBX (OXOID® CM 0945)
Mineral modified glutamate broth MMGB (OXOID® CM 0607)
Tryptone Bile X-Glucuronide (TBX) (OXOID® CM 0945)
Sodium glutamate (OXOID® L124)
Ammonium chloride (Fisher® A/3880/53)
Somatic coliphages (MSA agar):
Agar Bacteriological № 1 (OXOID LP 0011)
Meat peptone (Special peptone OXOID® LP 0072)
Yeast extract (OXOID® LP 0021)
Meat extract (FLUKA® biochemika code 100983316)
Na2CO3 solution (150 g/l)
MgCl2 solution (100 g of MgCl26H2O in 50ml water)
Calcium chloride solution (CaCl2.2H2O)
F-RNA phages (TYGB Agar):
Agar Bacteriological № 1 (OXOID LP 0011)
Trypticase peptone (Tryptone, Fisher® BPE 1421-500)
Yeast extract (OXOID® LP 0021)
Sodium chloride (NaCl)
Glucose
Calcium chloride solution (CaCl2.2H2O)
Bacteroides phages (BPRM agar):
Agar Bacteriological № 1 (OXOID® LP 0011)
Meat peptone (Special peptone OXOID® LP 0072)
Casein peptone/Tryptone (Fisher® BPE 1421-500)
Yeast extract (OXOID® LP 0021)
Sodium Chloride (NaCl)
Monohydrated L-cysteine (Fisher® BP 376-100)
D-glucose anhydrous (Fisher® G 0500/53)
Magnesium sulphate 7-hydrate (MgSO4 7H2O) (BDH laboratory supply 291175x)
Calcium chloride (Fisher® c/1240/53)
Haemin
Sodium carbonate (Na2CO3) (Fisher® BP357-1)
General:
Distilled water; Ringers Solution (OXOID® BR 00526); Virkon Tablets 5g (Du Pont®
0908BA0093); Hydrochloric acid (HCl); Kanamycin monosulfate (100 μg/ml); Nalidixic
acid (100 μg/ml); Sodium hydroxide (NaOH) solution (1 mol/L); Bovine serum albumin,
fraction V (BSA); Sucrose; Glycerol (870g/L)
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Appendix 2 Additional data from laboratory-based research
Table A.1 Bacteriophage recovery from two centrifuge speeds
Phage group
Somatics
F-RNA
GB-124

Centrifuge speed
2000 G
3200 G
2000 G
3200 G
2000 G
3200 G

N
8
8
8
8
9
9

Mean
83.31
69.28
9.65
7.90
1.50
1.04

Std. deviation
47.36
38.73
6.09
5.29
0.66
0.69

Std. error of mean
16.74
13.70
2.15
1.87
0.22
0.23

Table A.2 Centrifuge speeds (2000 G and 3200 G) paired sample differences
Phage
Mean
Std. Std. error 95% C.I of diff.
Speed
group
diff.
dev.
mean
Lower
Upper
Somatic 2 -3.2*
14.03
12.31
4.35
3.74
24.32
F-RNA 2 -3.2*
1.75
1.74
0.61
0.293
3.209
GB-124 2 -3.2*
0.46
0.77
0.26
-0.135 1.064
* = 2000 G–3200 G; ** statistically significant (p<0.05)

T

df

3.22
2.84
1.78

7
7
8

Sig.
(two-tailed)
0.015**
0.025**
0.112

Table A.3 Bacteriophage recovery from mussel flesh filtered and unfiltered samples
Phage group
Somatics
F-RNA
GB-124

Filtered/unfiltered
Filtered
Unfiltered
Filtered
Unfiltered
Filtered
Unfiltered

N
10
10
9
9
9
9

Mean
74.38
63.38
8.30
7.25
1.22
1.04

Std. deviation
49.81
46.75
6.31
6.55
0.94
0.56

Std. error of mean
15.75
14.78
1.99
2.07
0.31
0.18

Table A.4 Mussel flesh filtered and unfiltered paired sample differences
Phage
Mean
F-U*
group
diff.
Somatic F-U*
10.99
F-RNA F-U*
1.05
GB-124 F-U*
0.18
* = filteredunfiltered

Std.
dev.
19.52
2.11
0.71

Std. error
mean
6.17
0.66
0.23

95% C.I of diff.
Lower
Upper
-2.97
24.96
-0.46
2.56
-0.36
0.73

T

df

1.78
1.57
0.78

9
8
8

Sig.
(two-tailed)
0.10
0.15
0.13

Table A.5 Bacteriophage recovery from mussel gland filtered and unfiltered samples
Phage group
Somatics
F-RNA
GB-124

Filtered/unfiltered
filtered
unfiltered
filtered
unfiltered
filtered
unfiltered

N
10
10
9
9
9
9

Mean
207
205.37
24.33
25.30
2.85
2.02

Std. deviation
118.92
134.33
17.10
19.65
2.04
1.74

Std. error of mean
37.60
42.47
5.70
6.55
0.68
0.58

Table A.6 Mussel gland filtered and unfiltered paired sample differences
Phage
Mean
F-U*
group
diff.
Somatic F-U*
1.65
F-RNA F-U*
-0.96
GB-124 F-U*
0.83
* = filteredunfiltered

Std.
dev.
37.82
8.76
1.51

Std. error
mean
11.96
2.92
0.50

95% C.I of diff.
Lower
Upper
-25.4
28.71
-7.70
5.77
-0.32
1.99
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T

df

0.14
-.52
1.65

9
8
8

Sig.
(two-tailed)
0.89
0.75
0.136

Table A.7 Median and mean levels of indicator organisms detected using membrane
filtration and spread plating, with respect to sample matrices
Indicator

Sample matrix

Faecal
coliforms

Mussel flesh
Mussel gland

Intestinal
enterococci

Mussel flesh
Mussel gland

Analysis method
Membrane filtration
Spread plate
Membrane filtration
Spread plate
Membrane filtration
Spread plate
Membrane filtration
Spread plate
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N
31
31
28
28
29
29
28
28

Median
1.67
1.33
3.67
2.83
3.00
3.00
8.08
6.50

Mean
7.67
7.63
9.47
8.06
7.20
6.49
15.45
18.14

Appendix 3 Additional data from field-based research
Table A.8 Overall median values for faecal indicators with respect to sample matrix
Faecal indicators
E. coli (MPN)
Faecal coliforms (CFU)
Intestinal enterococci (CFU)
Somatic coliphages (PFU)
F-RNA phages (PFU)
GB-124 phages (PFU)

Overlying waters
(100ml)
122
50
717
17
50

Sample matrices
Mussel flesh
(100g)
745
900
1400
11,250
550
183

Mussel gland
(100g)
4200
9000
68300
2400
400

Table A.9 Number and percentage of samples from each matrix in which faecal indicators
were undetected during field based research
(N=42)
N
Faecal coliforms overlying waters
0
Faecal coliforms mussel flesh
2
Faecal coliforms mussel gland
0
Intestinal enterococci overlying waters
2
Intestinal enterococci mussel flesh
3
Intestinal enterococci mussel gland
2
Somatic coliphages overlying waters
1
Somatic coliphages mussel flesh
0
Somatic coliphages mussel gland
0
F-RNA phages overlying waters
13
F-RNA phages mussel flesh
5
F-RNA phages mussel gland
3
GB-124 phages overlying waters
23
GB-124 phages mussel flesh
18
GB-124 phages mussel gland
18
Mean (%) undetected samples per matrix
Overlying waters
7.8
Mussel flesh
5.6
Mussel gland
4.6

%
0
4.8
0
4.8
7.1
4.8
2.4
0
0
31
11.9
9.1
54.8
42.9
42.9
18.5
13.3
10.9

Figure A.1 Average sunshine hours at Eastbourne between 1971 and 2000 (UK
Meteorological Office, (Anon., (2013))
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Figure A.2 Median rainfall level (mm) at Barcombe gauge during the week prior to each
sampling event (differences between seasons were statistically significant, except between pairs sharing a
letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

Figure A.3 Median river flow (m3/s) at Barcombe gauge during the week prior to each
sampling event (levels were significantly different between seasons, except between pairs sharing a letter
(Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))
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Figure A.4 River Ouse water salinity levels (ppt) at Piddinghoe in relation to time of the
year at Piddinghoe (levels were significantly different between seasons except between pairs sharing a
letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

Figure A.5 River Ouse water turbidity levels (NTU) in relation to time of the year at
Piddinghoe (levels were significantly different between seasons except between pairs sharing a letter
(Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))
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Figure A.6 River Ouse water temperature (ºC), in relation to time of the year at
Piddinghoe (levels were significantly different among seasons except between pairs sharing a letter
(ANOVA/Tukey HSD post-hoc test))

Figure A.7 River Ouse water pH levels, in relation to time of the year at Piddinghoe (levels
were significantly different among seasons except between pairs sharing a letter (ANOVA/Tukey HSD posthoc test))
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Figure A.8 Levels of dissolved oxygen (mg/L), in relation to time of the year at River
Ouse (Piddinghoe) (levels were significantly different among seasons except between pairs sharing a
letter (ANOVA/Tukey HSD post-hoc test))

Figure A.9 Levels of faecal coliforms (CFU/100 ml) in mussel overlying water in relation
to time of the year (levels were significantly different between seasons except between pairs sharing a
letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))
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Figure A.10 Levels of faecal coliforms (CFU/1g) in mussel digestive gland in relation to
time of the year (levels were significantly different between seasons except between pairs sharing a letter
(Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

Figure A.11 Levels of intestinal enterococci (CFU/100 ml) in mussel overlying water in
relation to time of the year (levels were significantly different between seasons except between pairs
sharing a letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))
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Figure A.12 Levels of intestinal enterococci (CFU/1g) in mussel digestive gland in
relation to time of the year (levels were significantly different between seasons except between pairs
sharing a letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

Figure A. 13 Levels of somatic coliphages (PFU/100 ml) in mussel overlying water in
relation to time of the year (levels were significantly different between seasons except between pairs
sharing a letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))
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Figure A.14 Levels of somatic coliphages (PFU/1g) in mussel digestive gland in relation
to time of the year (levels were significantly different between seasons except between pairs sharing a
letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

Figure A.15 Levels of F-RNA phages (PFU/ 100 ml) in mussel overlying water in relation
to time of the year (levels were significantly different between seasons except between pairs sharing a
letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))
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Figure A.16 Levels of F-RNA phages (PFU/1g) in mussel digestive gland in relation to
time of the year (levels were significantly different between seasons except between pairs sharing a letter
(Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

Figure A.17 Levels of GB-124 phages (PFU/100 ml) in mussel overlying in relation to
time of the year (levels were significantly different between seasons except between pairs sharing a letter
(Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))
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Figure A.18 Levels of GB-124 phages (PFU/1g) in mussel digestive gland in relation to
time of the year (levels were significantly different between seasons except between pairs sharing a letter
(Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))

Figure A.19 Levels of Norovirus genogroup I (genocopies/1g) in mussel digestive gland in
relation to time of the year (levels were significantly different between seasons except between pairs
sharing a letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))
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Figure A.20 Levels of Norovirus genogroup II (genocopies/1g) in mussel digestive gland
in relation to time of the year (levels were significantly different between seasons except between pairs
sharing a letter (Kruskal-Wallis ANOVA/Mann-Whitney U post-hoc test))
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Table A.10 Correlation matrix between tide height and faecal indicators in overlying waters at the River Ouse (Piddinghoe)

Table A.11 Faecal indicator data from the tidal event
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Appendix 4 Selected graphs from microcosm experiments (GB-124 phages taken up by
mussels)
Uptake experiment "Aquarium 1"
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Figure A.21 Aquarium uptake experiment 1
Uptake experiment "Tank 1.1"
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Figure A.22 Tank uptake experiment 1.1
Uptake experiment "Tank 1.2"
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Figure A.23 Tank uptake experiment 1.2
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Uptake experiment "Tank 1.3"
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Figure A.24 Tank uptake experiment 1.3
Uptake experiment "Tank 2"
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Figure A.25 Tank uptake experiment 2
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Appendix 5 Minitab outputs for the selected regression analyses
Regression Analysis: NOROVIRUS versus Enterococci mussel gland
The regression equation is
NOROVIRUS = - 187 + 41.5 Enterococci mussel gland
Predictor
Constant
Enterococci mussel gland
S = 4575.95

Coef
-187
41.477

R-Sq = 78.8%

SE Coef
1183
4.588

T
-0.16
9.04

P
0.876
0.000

R-Sq(adj) = 77.8%

Analysis of Variance
Source
Regression
Residual Error
Total

DF
1
22
23

SS
1711417232
460665914
2172083147

MS
1711417232
20939360

F
81.73

P
0.000

Unusual Observations
Obs
14
21

Enterococci
mussel gland
240
976

NOROVIRUS
373
40457

Fit
9768
40295

SE Fit
1007
3867

Residual
-9395
162

St Resid
-2.10R*
0.07 X

R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.

*= Omitted unusual observation ‘14’ and carried out the
following regression analysis
Regression Analysis: NOROVIRUS versus enterococci mussel gland
The regression equation is
NOROVIRUS = 96 + 42.3 Enterococci mussel gland
Predictor
Constant
Enterococci mussel gland
S = 4185.66

Coef
96
42.290

R-Sq = 82.8%

SE Coef
1089
4.211

T
0.09
10.04

P
0.930
0.000

R-Sq(adj) = 81.9%

Analysis of Variance
Source
Regression
Residual Error
Total

DF
1
21
22

SS
1766639741
367914180
2134553921

MS
1766639741
17519723

F
100.84

P
0.000

Unusual Observations
Obs
18
19
20

Enterococci
mussel gland
240
108
976

NOROVIRUS
1360
12865
40457

Fit
10246
4663
41371

SE Fit
944
894
3568

Residual
-8886
8202
-914

St Resid
-2.18R
2.01R
-0.42 X

R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
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Regression Analysis: NOROVIRUS versus somatic coliphages overlying waters
The regression equation is
NOROVIRUS = - 614 + 3.94 somow
Predictor
Constant
somow

Coef
-614
3.9425

S = 5732.63

SE Coef
1573
0.5937

T
-0.39
6.64

R-Sq = 66.7%

P
0.700
0.000

R-Sq(adj) = 65.2%

Analysis of Variance
Source
Regression
Residual Error
Total

DF
1
22
23

SS
1449095790
722987357
2172083147

MS
1449095790
32863062

F
44.09

P
0.000

Unusual Observations
Obs
21
23

somow
4367
8033

NOROVIRUS
40457
22623

Fit
16603
31056

SE Fit
1935
3897

Residual
23854
-8433

St Resid
4.42R *
-2.01RX *

R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.

*= Omitted unusual observations ’21 and 23’ and carried out
the following regression analysis
Regression Analysis: NOROVIRUS versus somatic coliphages overlying waters
The regression equation is
NOROVIRUS = - 835 + 3.59 Somatic phages overlying waters
Predictor
Constant
Somatic phages overlying waters
S = 1825.92

R-Sq = 89.4%

Coef
-835.1
3.5921

SE Coef
542.6
0.2761

T
-1.54
13.01

P
0.139
0.000

R-Sq(adj) = 88.9%

Analysis of Variance
Source
Regression
Residual Error
Total

DF
1
20
21

SS
564146680
66679545
630826225

MS
564146680
3333977

F
169.21

P
0.000

Unusual Observations

Obs
20
21

Somatic
phages
overlying
waters
2133
4600

NOROVIRUS
12865
17363

Fit
6827
15689

SE Fit
443
973

Residual
6038
1674

St Resid
3.41R *
1.08 X

R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.

*= Omitted unusual observation ‘20’ and carried out the
following regression analysis
Regression Analysis: NOROVIRUS versus Somatic phages overlying waters
The regression equation is
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NOROVIRUS = - 973 + 3.48 Somatic phages overlying waters
Predictor
Constant
Somatic phages overlying waters
S = 1212.69

R-Sq = 94.9%

Coef
-973.3
3.4800

SE Coef
361.4
0.1847

T
-2.69
18.84

P
0.014
0.000

R-Sq(adj) = 94.7%

Analysis of Variance
Source
Regression
Residual Error
Total

DF
1
19
20

SS
522069256
27941659
550010914

MS
522069256
1470614

F
355.00

P
0.000

Unusual Observations

Obs
1
3
20

Somatic
phages
overlying
waters
3900
2233
4600

NOROVIRUS
10378
9336
17363

Fit
12599
6798
15035

SE Fit
543
313
659

Residual
-2221
2538
2328

St Resid
-2.05R
2.17R
2.29RX

R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.

Regression Analysis: NOROVIRUS versus Turbidity
The regression equation is
NOROVIRUS = - 823 + 93.6 Turbidity
Predictor
Constant
Turbidity

Coef
-822.7
93.585

S = 2363.16

SE Coef
611.3
4.885

R-Sq = 94.3%

T
-1.35
19.16

P
0.192
0.000

R-Sq(adj) = 94.1%

Analysis of Variance
Source
Regression
Residual Error
Total

DF
1
22
23

SS
2049223695
122859451
2172083147

MS
2049223695
5584521

F
366.95

P
0.000

Unusual Observations
Obs
2
19
21

Turbidity
167
87
417

NOROVIRUS
9768
1360
40457

Fit
14806
7291
38202

SE Fit
653
485
1730

Residual
-5038
-5931
2255

St Resid
-2.22R
-2.56R
1.40 X

R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
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Appendix 6 All Minitab regression analysis outputs for faecal indicators and Norovirus
Regression Analysis: NOROVIRUS versus FCOW
The regression equation is
NOROVIRUS = 3791 + 5.02 FCOW
Predictor
Coef SE Coef
T
P
Constant
3791
1346 2.82 0.010
FCOW
5.0158
0.8606 5.83 0.000
S = 6229.45
R-Sq = 60.7%
R-Sq(adj) = 58.9%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1 1318350416 1318350416 33.97 0.000
Residual Error 22
853732731
38806033
Total
23 2172083147
Unusual Observations
Obs FCOW NOROVIRUS
Fit SE Fit Residual St Resid
21 7500
40457 41409
6145
-952
-0.93 X
22
218
17363
4884
1297
12479
2.05R
23
550
22623
6549
1272
16074
2.64R
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
Regression Analysis: NOROVIRUS versus FCMF
The regression equation is
NOROVIRUS = 2583 + 1.90 FCMF
Predictor
Coef SE Coef
T
P
Constant
2583
1599 1.62 0.120
FCMF
1.9014
0.3870 4.91 0.000
S = 6860.92
R-Sq = 52.3%
R-Sq(adj) = 50.2%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1 1136493238 1136493238 24.14 0.000
Residual Error 22 1035589909
47072269
Total
23 2172083147
Unusual Observations
Obs
FCMF NOROVIRUS
Fit SE Fit Residual St Resid
21 17800
40457 36428
6276
4029
1.45 X
23
600
22623
3724
1500
18899
2.82R
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
Regression Analysis: NOROVIRUS versus FCMG
The regression equation is
NOROVIRUS = 2527 + 40.5 FCMG
Predictor
Coef SE Coef
T
P
Constant
2527
2056 1.23 0.232
FCMG
40.46
12.58 3.22 0.004
S = 8194.49
R-Sq = 32.0%
R-Sq(adj) = 28.9%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1
694789381 694789381 10.35 0.004
Residual Error 22 1477293765
67149717
Total
23 2172083147
Unusual Observations
Obs FCMG NOROVIRUS
Fit SE Fit Residual St Resid
1
424
10378 19680
4463
-9302
-1.35 X
21
536
40457 24212
5793
16245
2.80RX
23
36
22623
3983
1830
18640
2.33R
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
Regression Analysis: NOROVIRUS versus IEOW
The regression equation is
NOROVIRUS = 2902 + 22.8 IEOW
Predictor
Coef SE Coef
T
P
Constant
2902
1395 2.08 0.049
IEOW
22.825
3.881 5.88 0.000
S = 6194.96
R-Sq = 61.1%
R-Sq(adj) = 59.4%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1 1327778129 1327778129 34.60 0.000
Residual Error 22
844305018
38377501
Total
23 2172083147
Unusual Observations
Obs IEOW NOROVIRUS
Fit SE Fit Residual St Resid
21 1650
40457 40564
5949
-107
-0.06 X
23
295
22623
9635
1381
12988
2.15R
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
Regression Analysis: NOROVIRUS versus IEMF
The regression equation is
NOROVIRUS = 1496 + 1.50 IEMF
Predictor
Coef SE Coef
T
P
Constant
1496
1407 1.06 0.299
IEMF
1.5037
0.2321 6.48 0.000
S = 5826.57
R-Sq = 65.6%
R-Sq(adj) = 64.1%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1 1425208172 1425208172 41.98 0.000
Residual Error 22
746874975
33948863
Total
23 2172083147
Unusual Observations
Obs
IEMF NOROVIRUS
Fit SE Fit Residual St Resid
10
7600
499 12924
1561
-12425
-2.21R
21 25400
40457 39689
5278
768
0.31 X
23
6000
22623 10518
1351
12105
2.14R
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
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Regression Analysis: NOROVIRUS versus IEMG
The regression equation is
NOROVIRUS = - 181 + 41.5 IEMG
Predictor
Coef SE Coef
T
P
Constant
-181
1182 -0.15 0.880
IEMG
41.462
4.587
9.04 0.000
S = 4576.43
R-Sq = 78.8%
R-Sq(adj) = 77.8%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1 1711321799 1711321799 81.71 0.000
Residual Error 22
460761348
20943698
Total
23 2172083147
Unusual Observations
Obs IEMG NOROVIRUS
Fit SE Fit Residual St Resid
14
240
373
9770
1007
-9397
-2.10R
21
976
40457 40286
3867
171
0.07 X
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
Regression Analysis: NOROVIRUS versus SOMOW
The regression equation is
NOROVIRUS = - 609 + 3.94 SOMOW
Predictor
Coef SE Coef
T
P
Constant
-609
1573 -0.39 0.702
SOMOW
3.9411
0.5936
6.64 0.000
S = 5733.10
R-Sq = 66.7%
R-Sq(adj) = 65.2%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1 1448978135 1448978135 44.08 0.000
Residual Error 22
723105012
32868410
Total
23 2172083147
Unusual Observations
Obs SOMOW NOROVIRUS
Fit SE Fit Residual St Resid
21
4367
40457 16602
1935
23855
4.42R
23
8033
22623 31050
3897
-8427
-2.00RX
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
Regression Analysis: NOROVIRUS versus SOMMF
The regression equation is
NOROVIRUS = - 302 + 0.496 SOMMF
Predictor
Coef SE Coef
T
P
Constant
-302
2320 -0.13 0.898
SOMMF
0.4956
0.1275
3.89 0.001
S = 7650.14
R-Sq = 40.7%
R-Sq(adj) = 38.0%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1
884542073 884542073 15.11 0.001
Residual Error 22 1287541074
58524594
Total
23 2172083147
Unusual Observations
Obs SOMMF NOROVIRUS
Fit SE Fit Residual St Resid
1 50400
10378 24677
4961
-14299
-2.46RX
21 34000
40457 16549
3048
23908
3.41R
23 15400
22623
7330
1581
15293
2.04R
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
Regression Analysis: NOROVIRUS versus SOMMG
The regression equation is
NOROVIRUS = 778 + 6.01 SOMMG
Predictor
Coef SE Coef
T
P
Constant
778
2555 0.30 0.763
SOMMG
6.005
2.033 2.95 0.007
S = 8407.63
R-Sq = 28.4%
R-Sq(adj) = 25.1%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1
616941427 616941427 8.73 0.007
Residual Error 22 1555141719
70688260
Total
23 2172083147
Unusual Observations
Obs SOMMG NOROVIRUS
Fit SE Fit Residual St Resid
16
2732
127 17184
4043
-17057
-2.31R
21
1670
40457 10807
2281
29650
3.66R
22
2860
17363 17953
4280
-590
-0.08 X
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
Regression Analysis: NOROVIRUS versus FRNAOW
The regression equation is
NOROVIRUS = 1925 + 42.7 FRNAOW
Predictor
Coef SE Coef
T
P
Constant
1925
1702 1.13 0.270
FRNAOW
42.694
8.963 4.76 0.000
S = 6971.40
R-Sq = 50.8%
R-Sq(adj) = 48.5%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1 1102872757 1102872757 22.69 0.000
Residual Error 22 1069210390
48600472
Total
23 2172083147
Unusual Observations
Obs FRNAOW NOROVIRUS
Fit SE Fit Residual St Resid
21
400
40457 19002
3009
21455
3.41R
23
600
22623 27541
4667
-4918
-0.95 X
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
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Regression Analysis: NOROVIRUS versus FRNAMF
The regression equation is
NOROVIRUS = 858 + 6.72 FRNAMF
Predictor
Coef SE Coef
T
P
Constant
858
2030 0.42 0.677
FRNAMF
6.716
1.633 4.11 0.000
S = 7470.38
R-Sq = 43.5%
R-Sq(adj) = 40.9%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1
944339675 944339675 16.92 0.000
Residual Error 22 1227743472
55806521
Total
23 2172083147
Unusual Observations
Obs FRNAMF NOROVIRUS
Fit SE Fit Residual St Resid
21
1800
40457 12946
2209
27511
3.86R
23
4000
22623 27720
5409
-5097
-0.99 X
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
Regression Analysis: NOROVIRUS versus FRNAMG
The regression equation is
NOROVIRUS = 2846 + 58.1 FRNAMG
Predictor
Coef SE Coef
T
P
Constant
2846
2101 1.35 0.189
FRNAMG
58.09
19.86 2.93 0.008
S = 8431.02
R-Sq = 28.0%
R-Sq(adj) = 24.7%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1
608276880 608276880 8.56 0.008
Residual Error 22 1563806267
71082103
Total
23 2172083147
Unusual Observations
Obs FRNAMG NOROVIRUS
Fit SE Fit Residual St Resid
1
306
10378 20622
5167
-10244
-1.54 X
21
66
40457
6680
1724
33777
4.09R
23
312
22623 20970
5279
1653
0.25 X
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
Regression Analysis: NOROVIRUS versus GB124OW
The regression equation is
NOROVIRUS = 4549 + 4.08 GB124OW
Predictor
Coef SE Coef
T
P
Constant
4549
1326 3.43 0.002
GB124OW
4.0846
0.7153 5.71 0.000
S = 6306.69
R-Sq = 59.7%
R-Sq(adj) = 57.9%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1 1297046729 1297046729 32.61 0.000
Residual Error 22
875036417
39774383
Total
23 2172083147
Unusual Observations
Obs GB124OW NOROVIRUS
Fit SE Fit Residual St Resid
21
9067
40457 41584
6299
-1127
-3.74RX
23
333
22623
5909
1290
16714
2.71R
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
Regression Analysis: NOROVIRUS versus GB124MF
The regression equation is
NOROVIRUS = 4721 + 0.426 GB124MF
Predictor
Coef SE Coef
T
P
Constant
4721
1353 3.49 0.002
GB124MF
0.42608 0.07774 5.48 0.000
S = 6460.56
R-Sq = 57.7%
R-Sq(adj) = 55.8%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1 1253829143 1253829143 30.04 0.000
Residual Error 22
918254003
41738818
Total
23 2172083147
Unusual Observations
Obs GB124MF NOROVIRUS
Fit SE Fit Residual St Resid
21
85200
40457 41023
6459
-566
-3.60RX
23
1800
22623
5488
1329
17135
2.71R
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.

Regression Analysis: NOROVIRUS versus GB124MG
The regression equation is
NOROVIRUS = 4675 + 17.3 GB124MG
Predictor
Coef SE Coef
T
P
Constant
4675
1339 3.49 0.002
GB124MG
17.341
3.103 5.59 0.000
S = 6387.61
R-Sq = 58.7%
R-Sq(adj) = 56.8%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1 1274448545 1274448545 31.24 0.000
Residual Error 22
897634602
40801573
Total
23 2172083147
Unusual Observations
Obs GB124MG NOROVIRUS
Fit SE Fit Residual St Resid
21
2112
40457 41298
6384
-841
-4.02RX
23
58
22623
5681
1310
16942
2.71R
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
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Regression Analysis: NOROVIRUS versus Ecoli
The regression equation is
NOROVIRUS = 1649 + 2.45 Ecoli
Predictor
Coef SE Coef
T
P
Constant
1649
1344 1.23 0.233
Ecoli
2.4461
0.3596 6.80 0.000
S = 5640.33
R-Sq = 67.8%
R-Sq(adj) = 66.3%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1 1472189370 1472189370 46.28 0.000
Residual Error 22
699893777
31813353
Total
23 2172083147
Unusual Observations
Obs Ecoli NOROVIRUS
Fit SE Fit Residual St Resid
21 16000
40457 40787
5189
-330
-0.15 X
23
3500
22623 10211
1282
12412
2.26R
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
Regression Analysis: NOROVIRUS versus Turbidity
The regression equation is
NOROVIRUS = - 823 + 93.6 Turbidity
Predictor
Coef SE Coef
T
P
Constant
-822.7
611.3 -1.35 0.192
Turbidity 93.585
4.885 19.16 0.000
S = 2363.16
R-Sq = 94.3%
R-Sq(adj) = 94.1%
Analysis of Variance
Source
DF
SS
MS
F
P
Regression
1 2049223695 2049223695 366.95 0.000
Residual Error 22
122859451
5584521
Total
23 2172083147
Unusual Observations
Obs Turbidity NOROVIRUS
Fit SE Fit Residual St Resid
2
167
9768 14806
653
-5038
-2.22R
19
87
1360
7291
485
-5931
-2.56R
21
417
40457 38202
1730
2255
1.40 X
R denotes an observation with a large standardized residual.
X denotes an observation whose X value gives it large leverage.
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Appendix 7 Real time PCR amplification plots displaying some examples of Norovirus
levels in mussels during sampling events

Figure A.26 Norovirus genogroup I real time PCR amplification plot

Figure A.27 Norovirus genogroup II real time PCR amplification plot
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Appendix 8 Mean levels of faecal indicators and Norovirus during the whole field-based research (pilot + main studies)
Date
24.11.09
03.02.10
17.02.10
10.03.10
21.04.10
17.05.10
26.05.10
07.06.10
01.07.10
14.09.10
01.10.10
13.10.10
10.11.10
25.11.10
09.12.10
20.12.10
26.01.11
10.02.11
24.02.11
10.03.11
22.03.11
07.04.11
26.04.11
12.05.11
26.05.11
09.06.11
28.06.11
18.07.11
26.07.11
04.08.11
18.08.11
12.09.11
28.09.11
13.10.11
31.10.11
16.11.11
28.11.11
08.12.11
05.01.12
26.01.12
10.02.12
23.02.12

FCOW
6000
4200
4322
1360
670
120
357
17
33
64
106
577
23767
417
1207
97
1677
1170
1183
315
153
88
10
14
27
25
27
347
35
64
87
395
410
92
240
159
231
86
7500
218
550
87

FCMF FCMG IEOW IEMF IEMG SOMPHOW SOMPHMF SOMPHMG FRNAPHOW FRNAPHMF FRNAPHMG GB124PHOW GB124PHMF GB124PHMG E. coli NoroGI NoroGII Norovirus
3600
1830 5100
9800
11700
25500 595
1875 15900 763
2700
16500
630
4200
17400
798
19500 553
537 21500 859
1900
16200
1032
0
0
0
18000 728
273 12000 623
2000
19800
330
0
0
6
22200 360
800 1800
18
200
20000
12
0
0
0
2100
42
60
1200
22
150
18000
36
100
300
0
1600
32
0
1000
25
250
750
24
0
0
6
300
6
0
0
0
50
1350
24
0
300
0
100
24
9
200
10
400
3150
204
0
300
0
400
16
40
400
16
267
4000
180
0
0
0
0
0
0
1400
44
116 16200 232
200
2400
60
400
900
24
0
0
0
1400
36
132 1800 148
7533
10100
606
200
1200
42
100
600
12
21800 1068 9967 18800 288
37067
17900
900
3000
6000
180
0
300
6
14600 292
85
2600 240
4200
25200
1560
500
1500
60
0
0
42
3800
48
570 8600 344
4533
43900
1320
1300
1800
252
0
900
36
2200
52
37
6800 332
1800
25200
1140
200
2700
186
0
0
18
8600
380
481 12400 588
2633
21900
1140
200
3600
174
67
300
6
5400
2200
52
220 5800
92
4133
22900
1140
300
3900
90
133
700
24
1100
6600
424
176 6600 228
3900
50400
2520
300
2700
306
100
800
30
5400
2463
7914
10378
1000
60
71
2000 256
3233
12000
1032
0
1200
192
167
400
22
1700
1232
8536
9768
600
28
18
1200
96
2233
22200
912
0
300
66
100
500
14
1100
919
8417
9336
400
12
12
400
40
1467
6600
660
300
0
18
0
0
0
430
369
2808
3177
0
12
8
400
12
433
1800
30
0
300
0
0
0
0
500
0
54
54
600
80
26
0
0
67
1400
78
100
300
6
0
0
0
500
44
389
433
1000
12
1
400
4
267
3100
60
0
0
0
133
100
2
500
30
146
176
1200
52
14
400
4
667
3400
204
0
600
24
0
0
0
220
70
483
533
1400
24
20
1400
84
0
1800
144
0
0
18
0
0
0
310
55
299
353
4600
196
368 7600 156
600
25800
1348
0
700
52
0
300
6
3500
101
398
499
400
16
11
200
8
267
600
78
0
0
6
0
0
0
500
6
129
135
200
36
42
600
60
233
900
392
0
700
4
0
0
0
500
24
186
210
800
20
29
0
8
300
4400
266
0
100
2
0
0
0
160
132
252
383
2600
296
109 3800 240
633
13100
636
133
1000
14
67
800
14
2400
159
214
373
1400
44
124 1400
60
633
7600
306
0
200
6
33
0
0
2000
262
349
611
200
36
35
400
44
767
12400
2732
33
400
6
100
100
2
110
0
127
127
1400
84
115 4200 204
1067
10500
888
33
300
42
133
700
18
700
616
2016
2632
0
32
45
1000
52
1933
14800
706
0
900
24
0
500
10
500
722
4412
5134
400
44
215 4400 240
333
6100
348
67
500
24
0
0
0
790
125
1236
1360
600
44
68
1800 108
2133
23500
1736
100
1200
68
100
700
6
1100
2573
10293
12865
17800 536
1650 25400 976
4367
34000
1670
400
1800
66
9067
85200
2112
16000 2369
38088
40457
2800
116
140 3800 340
4600
27000
2860
100
700
90
267
700
34
2200
1816
15547
17363
600
36
295 6000 392
8033
15400
1410
600
4000
312
333
1800
58
3500
1213
21411
22623
1200
40
55
4400 180
4333
24300
1332
333
1800
110
100
267
18
1700
921
12981
13903
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Appendix 9 Mean levels of physico-chemical, meteorological and hydrographical parameters during the whole field-based research (pilot + main studies)
Date
DO mg/L
24.11.09
03.02.10
17.02.10
10.03.10
21.04.10
17.05.10
26.05.10
07.06.10
01.07.10
14.09.10
01.10.10
7.73
13.10.10
9.3
10.11.10
9
25.11.10
8.66
09.12.10
12.77
20.12.10
13.34
26.01.11
10.64
10.02.11
10.66
24.02.11
11.07
10.03.11
12.06
22.03.11
12.6
07.04.11
12.8
26.04.11
13.45
12.05.11
12.8
26.05.11
11.11
09.06.11
12.5
28.06.11
11.3
18.07.11
7.64
26.07.11
12.6
04.08.11
7.54
18.08.11
9.3
12.09.11
8.9
28.09.11
8.43
13.10.11
8.28
31.10.11
9.47
16.11.11
9.84
28.11.11
9.4
08.12.11
9.48
05.01.12
10.88
26.01.12
9.81
10.02.12
11.5
23.02.12
9.56

Temp C

12
10.3
9
15.3
3.5
4.5
8.1
8.8
8.4
7.6
8.7
12.6
14.5
15.3
15.9
15.8
18.8
16.2
18.5
18.9
18.1
17
16.4
15.4
13.9
10.9
10.1
8.7
7.7
7.5
2.9
6.6

pH

9
9
8.6
9
8.6
8.2
8.1
8.4
8
8
8.2
8.7
8.7
8.7
8.6
8.5
8.4
8.1
8.6
8.1
8.3
8.1
8.1
8.2
8.1
8.3
8.1
8.4
8.6
8.5
8.6
8.3

Salinity Turb.NTU Flow1Day Flow2Days Flow3Days Flow4Days Flow7days Rain1Day Rain2Days Rain3Days Rain4Days

1
5
30
2.68
2.68
2.12
1.6
6.02
3.6
11.3
11.9
11.63
10.96
12.53
11.8
10.08
11.69
10.64
11.34
12.49
11.87
11.7
13.18
16.7
17.6
1.64
6.12
4.1
6.37

169
179
146
167
122
20.7
6.2
11
17.5
9.5
6.5
11.7
2
5.9
6
23.5
12.6
11.2
13.9
57.7
86.7
109
417
197
203
181

5.94
6.39
4.52
2.67
1.88
1.16
1.41
1.12
0.85
2.05
1.01
22.3
2.34
3.66
2.72
5.86
7.4
6.81
3.13
2.49
1.81
1.19
0.91
1.12
0.9
1.23
1.27
0.92
1.58
0.95
0.99
0.84
0.86
0.74
0.86
0.87
0.89
8.11
2.57
1.71
1.74

5.76
5.57
4.67
2.77
1.75
1.22
1.44
1.13
0.86
1.81
1.03
14.64
2.45
4.12
2.93
5.88
5.22
6.15
3.17
2.57
1.88
1.27
0.83
1.12
0.94
1.13
1.34
0.93
1.22
1.14
1.07
0.83
0.87
0.75
0.81
0.89
0.91
18.71
2.51
1.7
1.71

5.86
5.14
4.8
2.82
1.69
1.23
1.37
1.11
0.87
1.47
1.08
10.26
2.56
4.85
3.11
5.98
4.56
5.91
3.19
2.67
1.88
1.36
0.9
1.11
1.06
1.09
1.25
0.92
1.11
1.04
1.01
0.84
0.87
0.78
0.79
0.91
0.97
19.74
2.25
1.73
1.71

5.86
4.92
4.98
2.89
1.68
1.26
1.33
1.1
0.88
1.34
1.16
8.07
2.74
6.69
3.37
6.2
4.32
5.97
3.21
2.92
1.91
1.36
1.03
1.1
1.25
1.07
1.12
0.9
1.05
0.95
0.96
0.83
0.89
0.84
0.77
0.91
1.05
18.88
2.06
1.85
1.74

5.86
4.84
5.88
3.05
1.73
1.33
1.29
1.08
0.96
1.23
1.86
5.15
4.52
10.87
3.13
7.64
4
6.45
3.42
2.82
2.1
1.36
1.21
1.1
1.17
1.07
1.01
0.89
1
0.99
1.1
0.85
0.87
0.96
0.81
0.92
1.82
12.67
1.88
1.76
1.9

2
1.2
0
0
0
1.8
3.2
0
1.2
33
0
0.4
0
0
3.2
0.4
21.4
0
0
0
0
0
0
2
2.6
0
6.6
0
11.8
0
0
0
0
0.4
0
5.2
6.8
0.4
1
0.6
0
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1.8
1.1
0
0
0.8
0.9
1.6
0
0.8
17
0
15.4
0.1
0
1.6
0.9
11.6
1.6
0
0
0
0
0
2.7
1.6
0
5.7
0
10
0
1.8
0.1
0
1.7
0
5.2
3.5
0.5
1.7
0.6
0.5

1.4
1.47
0
0
0.53
0.6
1.07
0
0.6
14.93
0
13.47
0.07
0
2.4
0.8
7.73
1.53
0
0
0.07
0
0
1.8
1.2
0
7.2
0
6.67
2.2
3.67
0.13
0
1.27
0
2.8
2.67
5.33
2.73
0.6
0.5

1.4
1.5
0
0
0.4
0.45
0.8
0
0.65
11.3
0
10.1
0.1
0
1.8
0.65
5.8
1.25
0
0
0.1
0
0
1.35
0.95
0
6.8
0
5
1.65
2.75
0.1
0
1.15
0
2.8
2.67
6.6
2.15
0.4
0.5

Rain7Days
1.4
0.94
0
0
0.26
0.26
0.66
0
1.17
6.63
0.03
6.6
0.09
2.57
1.86
0.37
3.74
1.63
0
1
0.09
0
0.97
0.86
2.46
0
3.89
1.49
2.86
1
1.94
0.09
0.03
3.46
0
1.92
4.5
7
2.15
3.28
1.93

Appendix 10 Correlation matrix for faecal indicators, Norovirus, physico-chemical, hydrographical and meteorological parameters
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